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Summary 

Guiding collagen orientation at the micro-level in engineered 

cardiovascular tissues 

In situ heart valve tissue engineering is a recently proposed method to restore valve 

function by implanting a degradable synthetic scaffold that gradually transforms into 

a living valve by recruiting and stimulating circulating cells to form neo-tissue. A 

major challenge is to guide the production of a structurally organized, load-bearing 

extracellular matrix (ECM) in the neo-tissue in vivo. In this thesis we investigate the 

influence of applied mechanical strain and contact guidance on the production of an 

organized ECM in vitro, using cell-seeded three-dimensional model tissues. Both 

human myofibroblasts, the current gold standard for tissue engineering (TE), and 

circulating cell-derived populations were used as cell source. Structural matrix 

organization and remodeling were studied at the micro-level, where cells and ECM 

interact.  

We developed a scaffold-free tissue model consisting of myofibroblast-seeded and 

biaxially constrained square fibrin gels. Collagen (re)organization in response to 

strain-induced tissue remodeling was monitored using confocal laser-scanning 

microscopy and live imaging probes. Two different conditions were studied: (A) 

remodeling from static equi-biaxial strain to static uniaxial strain; and (B) remodeling 

of a biaxially constrained tissue under uniaxial cyclic straining before and after a 

change in strain direction. Under static conditions cells oriented collagen parallel to 

the direction of strain, whereas under cyclic conditions the orientation in the 

constrained tissue was perpendicular to the direction of strain. It was hypothesized 

that due to the biaxial constraints the uniaxially, cyclically strained cells can exert 

forces in two directions and strain shield themselves. A subsequent change in the 

direction of strain resulted in a rapid (<3 days) reorientation of collagen at the tissue 

surface. Reorientation was significantly slower in deeper tissue layers, where tissue 

remodeling was hypothesized to be dominated by contact guidance provided by the 

endogenous matrix. These findings emphasize the relevance of achieving a functional 

collagen organization right from the start of tissue culture.  

Since contact guidance of the endogenous matrix seemed to have a substantial 

effect, this signaled that contact guidance could be a major cue in guiding collagen 

orientation. To use this effect of contact guidance, an electrospun micro-fiber 

scaffold was introduced to guide collagen production and organization under static 

and cyclic strain, again in biaxially constrained tissue constructs. Both in isotropic and 

anisotropic scaffolds, myofibroblasts and collagen align along the fibers of the 

scaffold, independently of the direction of the applied strain. This implies that 
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contact guidance dominates collagen organization in these 3D constructs in the 

presence of a scaffold, even in the case of cyclically applied strain, and emphasizes 

the need for scaffold designs that mimic native fiber architecture to produce tissues 

with a native load-bearing fiber architecture. 

During tissue development in the body in situ, scaffold degradation will occur. The 

effects of scaffold degradation on collagen orientation were studied in statically 

cultured cell-seeded scaffolds. The scaffolds were uniaxially constrained, while 

scaffold fiber direction was perpendicular to constraint direction, resulting in an 

anisotropic collagen orientation in the neo-tissue after 2 weeks of culturing. 

Different degrees of scaffold degradation were tested after 2 days of lipase-

treatment and 1 additional culture week. At low degrees of degradation (12% and 

27%), collagen orientation in neo-tissues was maintained after 1 week. However, at 

high degrees of scaffold degradation (79%), the collagen orientation in neo-tissues 

remodeled to align in the direction of the constraint within 1 week. Again, this 

confirms we need a load-bearing collagen orientation right from the start of tissue 

development, or, tissue development should be long enough to create a stable, 

mature collagen architecture at the time of scaffold degradation.  

For in situ cardiovascular TE, a circulating cell source is required that can be 

stimulated to form neo-tissue. Adult peripheral blood contains a population of 

circulating cells with endothelial colony forming capacity, high proliferative potential, 

and in vivo vasculogenic potential: Endothelial Colony Forming Cells (ECFCs), a potent 

cell source for in situ TE. ECFCs were studied in the scaffold-free fibrin-based tissue 

model under static and cyclic strain. ECFCs produced collagen and elastin, but did not 

form an organized matrix. Treating ECFCs with Transforming Growth Factor β1 

(TGFβ1), before exposing them to strain, led to improved and more homogeneous 

matrix production, although matrix organization was still inferior to that produced in 

myofibroblast-seeded control tissues. These findings suggest that, apart from 

stimulation with biochemical cues, such as TGFβ1, additional cues are required to 

obtain proper neo-tissue development when aiming at ECFCs as a cell source for in 

situ TE. Perhaps when using the contact guidance of a scaffold, ECFCs can be used to 

create a load-bearing anistropic collagen orientation. With these and similar insights 

in the interplay between mechanical, topological and biochemical cues for in situ 

tissue formation, the design of scaffolds that provide appropriate combinations of 

stimuli to achieve near-native ECM structure relevant for mechanical functioning of 

the heart valve can be improved.  
  



 

 

 

1 
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1.1 Introduction 

Heart valve dysfunction can lead to serious cardiac malfunctioning, and often 

requires a heart valve replacement, especially when the aortic valve is affected. 

Current available heart valve replacements are either mechanical or bioprosthetic 

valves. Drawbacks of these replacements are that they require either a lifelong 

intake of anticoagulants, in the case of mechanical valves, or they have a limited 

durability, in the case of bioprosthetic valves. More importantly, these valves are not 

able to grow and remodel with the human body. Heart valve tissue engineering (TE) 

is a promising approach to overcome the limitations of current heart valve 

replacements, as it enables growth and remodeling of the valve in the human body 

and thus circumvent all of the mentioned drawbacks. One of the demands of tissue 

engineered valves is the mechanical functionality, as they should be able to 

withstand hemodynamic loading upon implantation and throughout life. Therefore, 

research on heart valve TE zooms in on the extracellular matrix (ECM) structure and 

load-bearing properties of heart valves. Within the ECM, collagen is singled out as 

the main load-bearing constituent. Next to collagen content, the orientation of 

collagen fibers in particular dominate tissue strength, where collagen orientation 

refers to the arrangement or alignment of collagen fibrils. If we can control collagen 

orientation, we will be able to guide the load-bearing properties of tissue engineered 

heart valves. 

In this thesis we seek to understand the mechanisms underlying collagen orientation, 

specifically for in situ TE. As TE is currently highly dependent on scaffold material, 

this takes a pivotal role in guiding the collagen orientation process by physically 

guiding the collagen fibers. Also tissue strain and strain direction guide the collagen 

orientation. We seek to unravel and discriminate these processes in the presence 

and absence of scaffolds.  

1.2 The human heart valves  

The human heart regulates blood flow throughout the body for transport of oxygen 

and nutrients to the tissue and metabolic waste back from the tissue. Unidirectional 

blood flow within the heart is regulated by four heart valves (Figure 1.1): the 

tricuspid valve, the mitral valve, the pulmonary valve and the aortic valve. The 

tricuspid and mitral valve (the atrioventricular valves) prevent the blood from 

flowing back from the ventricles to the atria during systole. The pulmonary and 

aortic valve (the semilunar valves) prevent blood from flowing back from the 

pulmonary and aortic arteries during diastole. The valves open and close 

approximately 100,000 times a day and 3.7 billion times in a lifetime, resisting a 

maximal pressure difference of 80 mmHg (~11 kPa) for the aortic valve, with every 
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heart beat. The cyclic loads on the valves require durability, flexibility and strength of 

the tissue, as well as a high remodeling capacity to cope with changes in loading 

conditions, for example due to growth. 

 

1.2.1 The semilunar heart valves 

The semilunar valves consist of three thin half-moon shaped leaflets, fixed to a 

fibrous thickening of the arterial wall or root, called the annulus. When blood flow 

reverses, the leaflets will snap together and prevent retrograde blood flow. The 

mechanical functioning of the semilunar heart valves depends on the load-bearing 

properties of the thin leaflets. The leaflet tissue consists of two types of cells, 

valvular interstitial cells (VICs) and valvular endothelial cells (VECs) in an ECM. The 

VECs form an endothelial layer lining the heart valve leaflet surface, providing a 

protective, non-thrombogenic layer. VICs are the most abundant cell type and these 

cells can be present in two forms: quiescent fibroblast-like and activated 

myofibroblasts. The latter can synthesize and remodel the ECM [102]. In heart valves 

the ECM is composed of proteoglycans and fibrillar proteins, mainly elastin and 

collagen. Proteoglycans are negatively charged and attract water, thereby protecting 

tissue against compression. The collagen fibers provide tensile strength to the tissue. 

Elastin fibers provide resilience to the tissue.  

In cross-section, the heart valve leaflets consist of three layers; the ventricularis, the 

spongiosa and the fibrosa, each of which has a specific composition and organization 

Figure 1.1: A schematic of the human heart and its four heart valves (adapted from 

www.bostonscientific.com). A side and top view show the distinct differences in morphology 

for the tri-leaflet semilunar and atrioventricular valves. 
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of the ECM, reflecting their functionality. The fibrosa layer is located at the aortic 

side of the leaflet and provides the main mechanical strength to the tissue. This 

strength originates from a thick layer of circumferentially aligned collagen fibers. This 

specific collagen orientation is closely related to the anisotropic biomechanical 

behavior of the tissue, as it is stronger, and also loaded more while in circulation, in 

circumferential than in radial direction [152]. The spongiosa layer consists mainly of 

proteoglycans, resisting compressive forces to the leaflet, and some radially oriented 

collagen. The ventricularis, at the ventricular side, consists of a network of elastin 

fibers, to restore the recoil of the leaflet. 

1.3 Heart valve replacements  

The heart valves can be affected by many different causes, ranging from congenital 

malformation to calcification of the leaflets, fibrotic thickening (e.g., due to 

rheumatic fever or calcification) or ECM damage leading to a loss of mechanical 

integrity of the leaflets (e.g., myxomatous disease, infective endocarditis). These 

conditions can all lead to insufficiency of the valves. At that time surgical repair or 

heart valve replacement is needed to avoid serious cardiac, pulmonary, or systemic 

malfunctioning. Approximately 290,000 heart valve replacements are performed 

annually worldwide, especially for the aortic valve [134].  

Current available heart valve replacements are either mechanical or bioprosthetic 

valves. Mechanical valves are fabricated of carbon, and therefore very strong and 

durable. These valves can last a life-time, but are prone to thrombus formation and 

will require lifelong anticoagulation medication, with a resulting increased risk of 

internal bleeding. Bioprosthetic valves can be of human (homograft) or animal 

(xenograft) origin. Homografts are human heart valves, obtained from donors 

(allograft) or from the patient itself (autograft) via the Ross procedure, and are 

closest to natural valves. Xenograft valves usually originate from porcine or bovine 

material. The main advantage of these valves is that there is no need for 

anticoagulation therapy. However, human valves are limited due to lack of donors 

and have high costs. Both human and animal valves have a limited durability and lack 

growth and remodeling. At valvular failure, due to structural degeneration, or when 

size is not adequate anymore, reoperation is required. Therefore these valves are 

less suitable for young patients. 

1.4 In vitro heart valve tissue engineering  

Heart valve TE aims to develop living autologous heart valves, with sufficient 

strength to withstand the physiological repetitive and substantial mechanical stress, 

and with the ability to grow and remodel to function a lifetime in vivo. The classic 
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paradigm for tissue engineering heart valves (TEHVs) involves the in vitro creation of 

valves by seeding autologous cells on a biodegradable scaffold and culture in a 

bioreactor. When using autologous cells no immune response is to be expected. Cells, 

myofibroblasts are used (in our lab [108] and by others [90, 140]) to resemble 

activated VICs, are harvested from a patient and expanded in culture. When a 

sufficient amount of cells is obtained, cells seeded on a pre-shaped biodegradable 

scaffold of synthetic or natural origin, are cultured under conditions that favor matrix 

production. Biochemical and mechanical conditioning can be performed to provide a 

mechanically functional TEHV [66]. TEHVs, matrix and cells are studied, which 

comprise different length scales (Figure 1.2).  

1.4.1 Myofibroblasts; mechano-sensitive cell type for in vitro TE 

Myofibroblasts are often used for in vitro TE due of their resemblance to VICs, and 

thereby their capacity to produce a strong collagen network with distinct fiber 

orientations [108], which is critical when producing a mechanically functional 

substitute. Myofibroblasts have a dynamic and reversible phenotype, switching 

between a synthetic and contractile phenotype. This synthetic phenotype possesses 

a delicate balance in synthesis and degradation of the ECM during normal 

homeostasis [102].  

In their synthetic phenotype, myofibroblasts have an increased ability to synthesize 

matrix components but also to degrade the ECM by upregulating the production and 

activation of matrix metalloproteinases (MMPs) [8, 116, 117]. Contractile 

myofibroblasts can apply contractile forces to their surroundings by use of their 

cytoskeleton (CSK). The CSK consists of three kinds of filaments: actin microfilaments, 

microtubules and intermediate filaments. The actin micro- and intermediate 

filaments serve as the tension elements of the CSK and the microtubules serve as 

struts [73]. 

These structures in the CSK enable the cell to handle applied forces and to have an 

intrinsic stiffness [73, 102]. The CSK is physically linked to the ECM by a complex of 

cytoplasmic proteins called focal adhesions (FAs) [62] (Figure 1.3). The connection 

between FAs and proteins of the ECM generally involves integrins. Integrins serve as 

a sensor for the cell and can determine the mechanical state of the ECM by virtue of 

the physical link [63]. As a response the cell can apply traction forces to its 

surroundings [62].  
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Integrins are membrane-spanning heterodimeric receptors consisting of different 

combinations of α and β components, each having specific functions. Myofibroblasts 

are known to interact with collagen fibers through β1 integrins, mostly α1β1 and α2β1 

[7, 32, 33, 115], which are believed to be responsible for regulating ECM remodeling. 

Indeed, blocking the α1β1 integrin stops cell and matrix (re)organization [115]. When 

collagen binds the  α1β1 integrin on the myofibroblast, collagen formation is down 

regulated; however, when it binds the α2β1 integrin, collagenase is up-regulated and 

contraction forces increase [32]. Integrins thus transmit information in a bi-

directional manner between ECM and cells, mediating tissue organization and matrix 

remodeling [23, 43, 62, 63, 70, 73, 91, 170].  

 

Figure 1.2: Cells, matrix and a tissue engineered heart valve with corresponding length scales.  

Figure 1.3: A schematic drawing of the connection between the cytoskeleton of a cell and the 

extracellular matrix (adapted from [57]).  
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1.4.2 Scaffolds for in vitro TE 

To culture a TEHV in vitro by use of myofibroblasts, a pre-shaped biodegradable 

scaffold of synthetic or natural origin is needed to seed the cells on. This is not only 

necessary to obtain the heart valve shape, but may also influence collagen 

organization. Most commonly used are fast degrading synthetic scaffolds, such as 

PGA-P4HB [107] and PLLA/PLGA [92] scaffolds, or natural scaffolds from fibrin gels 

[132] and ECM-derived bioscaffolds [116, 124, 146]. Ideally the scaffold material is 

degraded and replaced by the newly synthesized ECM during the in vitro culture 

period, resulting in an implantable and fully autologous TEHV.  

1.4.3 Mechanical conditioning 

Newly synthesized ECM is disorganized and lacks strength. To overcome this, several 

strategies can be adapted, either via structural guidance, i.e., use of topology of 

scaffolds, or mechanical in nature. In this thesis we focus on mechanical stimulation 

as well as the contact guidance of a scaffold. It has been shown that straining 

regimes effect tissue formation [13]; for example, an intermittent strain regime 

accelerates the development of tissue properties in engineered heart valve tissues 

[137].  Over time, due to conditioning, as compared to static culture, alignment of 

cells and collagen increases, resulting in a tissue with a higher tensile strength [107, 

137]. Also, collagen matures more with intermittent straining and contains a higher 

density of crosslinks [137].   

1.4.4 Collagen 

When using the appropriate cell type, scaffold and conditioning, a strong collagen 

matrix will develop [75, 108, 137, 159]. Collagens are the major fibrillar and load-

bearing components of most connective tissues. Collagen possesses a hierarchical 

structure (Figure 1.4), ranging from fibers down to a triple-helix structure. The 

collagen fibers are composed of fibril bundles (10 to 500 nm), which in turn consist of 

hundreds of microfibrils. Microfibrils are assemblies of five collagen triple helices. 

The triple helices are formed by three α-chains, each containing about 1000 amino 

acids. Variations in the amino acid contents of the α-chains in the triple helices result 

in structural components with slightly different properties. The type of collagen 

depends on the composition of these α-chains. Collagen type I and III are the most 

abundant types in heart valves, and thus are the main focus of this thesis. These 

collagens are classified as fibrous collagens, along with collagen types II, V, and XI 

[136]. 
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The collagen composition and organization changes continuously due to synthesis, 

degradation and remodeling. As mentioned, the collagen organization can be 

influenced by mechanical conditioning. Various researchers have shown that cyclic 

straining enhances collagen production [10, 13, 81, 136, 144, 150], collagen cross-

link formation [13, 136], and a resulting specific collagen orientation in tissues [10, 

79, 144].  

 

1.4.5 Drawbacks of current in vitro TE 

In vitro TE, as described above, has been demonstrated as a promising procedure for 

creating living heart valves [66, 155]. There are, however, also limitations in the 

current methods. The ECM producing myofibroblasts are also contractile in nature. 

As a result, implanted TEHVs display retraction of the leaflets due to the contractile 

forces of the cells [37, 50]. This causes the heart valve to not fully close during 

diastole, and functionality is lost. Other drawbacks of the in vitro production of 

TEHVs are that the procedure is expensive, prone to infection, and time consuming.  

 

 

 

 

Figure 1.4: The hierarchical structure of collagen from a fiber down to a triple helix structure 

(www.winona.edu). 
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1.5 In situ heart valve tissue engineering  

To overcome the drawbacks of in vitro TE, research has been guided to skip in vitro 

culturing of heart valves. In situ TE has been proposed as an innovative method to 

obtain off-the-shelf available heart valve substitutes. In this approach, heart valve 

function is restored by implantation of a valve scaffold that will recruit cells mainly 

from the circulation and induce tissue formation over time in vivo. No in vitro culture 

period is required, resulting in a quick and on-demand available method. The main 

components for in situ heart valve TE, and therefore the focus of this thesis are 1) a 

scaffold, and 2) circulating cells and the eventually produced collagen matrix. 

1.5.1 Scaffolds for in situ TE 

The scaffold used for in situ TE is different than that used for in vitro TE, as the 

physical demands are different. The in situ scaffold needs to be able to withstand the 

loads normally applied to the heart valve in circulation immediately upon 

implantation. The scaffold also needs to maintain this functionality until cells have 

adhered to the scaffold and have produced enough strong, functional matrix to 

result in a functional tissue. Degradation of this material should therefore be slow. 

Also the scaffold needs to have a specific structure, and should have the ability to 

incorporate bio-active molecules [146]. In this thesis, electrospun scaffolds are 

studied. Electrospinning of scaffolds enables control over the architecture of the 

scaffold by adjusting: fiber thickness, void space, and orientation of the scaffold 

fibers.  

Thick fibers promote cell alignment and phenotypic expression, leading to deposition 

of healthy matrix, whereas smaller fibers seem to encourage better cell replication 

and signaling and induce more matrix formation [34, 94]. Fiber diameter is also used 

by cells to discriminate between a healthy matrix (microfibers) and a diseased or 

injured matrix (nanofibers) [34]. The void size between the fibers is critical as this 

should be large enough for cells to penetrate the scaffold, but not so large as to 

discourage rapid ECM production between the fibers. When the voids are too large, 

cells align along single fibers instead of bridging the pores. The critical void size is 

between 12 μm and 23.4 μm, corresponding to a cell diameter of approximately 15 

μm [94]. Next to fiber diameter and void spaces, also the fiber direction is important 

in creating a suitable scaffold. Anisotropy of the scaffold (the alignment of fibers in 

one single direction) can be used to create anisotropy in developing tissue, as it has 

been shown that cells align along the scaffold microfibers (contact guidance) in static 

culture [61, 100], and more collagen formation occurs on aligned fibers [89]. These 

properties of the scaffold may therefore be used to stimulate cells to produce an 

appropriate collagen matrix.  
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1.5.2 Circulating cells 

As described previously, native heart valves mainly contain two cell types: VECs, that 

provide the non-thrombogenic lining of the valve, and VICs, that produce and 

remodel the ECM. Creating a TEHV by using in situ TE means that cells should adhere 

to the implanted scaffold from the circulation. A cell type that is of specific interest 

for this process is the endothelial colony forming cell (ECFC), a circulating cell with 

endothelial colony forming capacity [168], and the ability to transform into a matrix 

forming cell type, as was seen in in vitro cultured ovine heart valves [31, 138, 139].  

ECFCs are a population of circulating cells that occur in the adult peripheral blood. 

Because of their endothelial forming capacity, they can provide an endothelial layer 

on the TEHV. ECFCs also have a high proliferative potential, so they can become 

numerous to populate the heart valve, and they are able to transdifferentiate into a 

tissue producing cell type [31, 138]. ECFCs have therefore been proposed as a potent 

cell source for in situ TEHVs [36, 99, 139]. The phenotypical change of the ECFCs 

during transdifferentiation is a process called endothelial-to-mesenchymal-transition 

(EndoMT), and this process is mediated by mechanical stimuli, such as cyclic strain 

and shear stress [9, 130] as well as biochemical cues like vascular endothelial growth 

factors and transforming growth factor β1 [6, 42]. For sheep ECFCs, it has been 

shown that EndoMT upregulates tissue formation in pre-seeded in vitro cultured 

heart valves [31, 138, 139]. However, little is known about the response of human 

ECFCs to mechanical cues that naturally occur under in vivo hemodynamic loading 

conditions. Although collagen production by myofibroblasts has been extensively 

studied, matrix production, and in particular matrix organization, by progenitor cell 

sources as ECFCs, relevant for in situ TE applications, has received little attention. 

One of the main challenges for in situ TE is triggering an autologous circulating cell 

source to produce an organized collagen matrix. 

1.6 Collagen production and orientation in situ 

In a TE construct, the arrangement or alignment pattern of collagen fibrils rather 

than the mere presence of collagen controls the tissue’s mechanical functionality 

[141]. Cells are the key players in controlling collagen organization, as they are 

responsible for collagen production, alignment and remodeling and ultimately 

provide the mechanical functionality of the tissue.  

In order to guide and control collagen orientation, we need to know how cells create 

and organize their matrix environment. Collagen orientation can be obtained via two 

mechanisms, actively (by cells) and passively. Short-term passive remodeling of an 

existing collagen orientation occurs when you stretch a tissue in one direction, 

resulting in a deformation induced anisotropy of the collagen, reversible upon 



General introduction | 11 

 

 
 

unloading [69]. Passive remodeling cannot be controlled as it is a physiological 

property of the collagen.   

The more interesting and controllable collagen remodeling is active remodeling, 

which requires cells. As already discussed,  in this thesis we focus mainly on one cell 

type, myofibroblasts. However, we recognize that circulating cells, relevant for in situ 

TE, ultimately should be controlled accordingly. These cells should have a certain 

degree of mechano-sensitivity, for we assume that mechano-sensitive cells respond 

to their environment in similar fashion as myofibroblasts do, for example by 

producing an organized collagen matrix. For controlling collagen orientation, the 

focus is on 1) strain and 2) contact guidance; strain is one of the major mechanical 

cues in the heart valve tissue and contact guidance is one of the most important 

effects of topological cues provided by scaffold fibers. 

1.6.1 Strain 

Due to the connection of cells to the surrounding matrix by integrins, they sense 

strain in their environment. When strain is applied to a matrix, most cells therefore 

respond to this strain, by elongating [79] and aligning in the direction parallel to the 

axis of highest strain [116]. Cyclic strain results in a faster alignment compared to 

statically applied strain [116]. The effect of strain is also dependent on the matrix it is 

applied to, for example because matrix stiffness influences cell organization, 

morphology and migration [92]. Myofibroblasts have been shown to migrate 

towards the stiffer regions of substrates [22, 52, 114, 148]. The cells also create a 

stiffer substrate by applying traction forces to the substrate [62, 115, 125]. As a 

result of an increased matrix stiffness or higher mechanical stress, myofibroblasts 

will produce more collagen [91]. Myofibroblasts aim to maintain stress homeostasis 

within a tissue; they compact tissues that are unloaded, to regain a loaded state [54], 

thereby also aligning themselves along the axis of the cellular self-generated strain 

[53]. This compaction of the tissue is not seen without cells [53]. 

Following the cells, collagen will align with their main direction, parallel to the axis of 

highest strain. This can occur due to two main active remodeling processes; 1) 

oriented collagen production and degradation by cells; and 2) cell traction on the 

collagen (reorientation) (Figure 1.5 - http://youtu.be/atalSlZSuf8). Cell orientation 

determines the alignment of cell-produced collagen [76, 171]. Myofibroblasts [8, 

116], but also ECFCs [60], produce MMPs that degrade collagen. Collagen fibers that 

are oriented in the direction of strain are protected more against degradation by 

MMPs than fibers in the perpendicular direction [116], again leading to a cell and 

collagen alignment parallel to the direction of highest strain. Besides production and 

degradation in an oriented fashion, cells can actively influence collagen organization 
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by applying traction forces to collagen fibers, using cell-matrix interactions [33, 115]. 

This enables cells to align collagen, again along the axis of highest strain [53, 76]. 

Although many studies, for example [14, 56, 79, 81, 82, 116, 141], have been 

performed on oriented collagen production and degradation and collagen 

reorientation, the precise underlying mechanism and mutual relationships between 

the different phenomena are still elusive. Most studies focus either on one 

phenomenon at a time or on the final net outcome of collagen remodeling. These 

studies show that time is an important aspect in studying changes in collagen 

organization. The synthesis and degradation of collagen [82, 116, 122, 127] is a 

slower process compared to the reorientation of collagen by the cell traction [91, 

111], further complicating studying both processes simultaneously. 

1.6.2 Contact guidance 

Myofibroblasts respond to the microstructure and organization of a matrix 

presented to them. Cells align along the fibers of a gel, and produce collagen in the 

same orientation [51, 55, 112, 132], and cells align along the fibers of scaffolds [94, 

119, 178].  

This contact guidance is also studied on monolayers in culture on smooth surfaces; 

cells orient perpendicular to the direction of applied strain, while seeded on 

microgrooved surfaces. With microgrooves, cells orient in the direction of the 

microgrooves, independent of the strain direction. The width of the microgrooves 

however is crucial. Grooves small enough for cells to span two or more grooves, and 

grooves wide enough for cells to turn orientation, result in cells that align in 

response to strain [88, 169, 170, 182].  
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Figure 1.5: Schematic drawings (courtesy of Anthal Smits) of collagen production and cell 

(red) and collagen (green) orientation. Strain direction is indicated with arrows. Cells are first 

oriented randomly and start producing short collagen fibers (A). Collagen fibers mature and 

cells sense and respond to strain in their environment, orienting in the direction of highest 

strain. Due to physical links of cells to the surrounding collagen, they are able to apply 

traction to reorient the collagen (B). More and more mature collagen fibers are produced by 

cells in the direction of their main axis and collagen degradation is protected in the direction 

of highest strain (C), creating an organized tissue. 
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1.7 Rationale and outline of this thesis 

Collagen orientation and content determines overall tissue strength. Cells synthesize 

this collagen matrix with a distinct orientation, influenced by strain and contact 

guidance. To develop and maintain a functional tissue engineered heart valve in situ, 

it is important to gain an understanding of processes guiding collagen orientation. 

Since these processes are complex, we create tissue models to unravel the balance 

between cells, scaffold and tissue. This thesis focuses on the development of the 

orientation of the collagen matrix formed by cells. The aims were: 

-To study collagen formation and orientation by myofibroblasts under influence of 

strain in a scaffold-free environment.  

-To determine whether strain or contact guidance dominates collagen orientation 

when culturing cells on a scaffold, while applying cyclic strain.  

-To evaluate if scaffold degradation, after using the scaffold for creating a distinct 

collagen orientation, will induce collagen (re)orientation. 

-To study if circulating cells can produce a functional collagen orientation. 

First, an in vitro model system was developed, for studying collagen orientation non-

destructively throughout time, in a scaffold-free environment. Collagen orientation 

was studied with different types of strain and constraints (Chapter 2). This model 

system was adapted to incorporate a scaffold, and the influence of strain and contact 

guidance on collagen orientation was studied (Chapter 3). The model system of 

Chapter 3 was used to study if a distinct collagen orientation will be remodeled into 

a new orientation upon scaffold degradation (Chapter 4). And finally, a circulating 

cell source was used to study collagen formation and orientation, again in a scaffold-

free environment (Chapter 5). The most important findings are discussed in Chapter 

6, followed by their implications for future research.  
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Baaijens and C.V.C. Bouten (2013). Strain-induced collagen organization at the micro-

level in fibrin-based engineered tissue constructs. Annals of Biomedical Engineering, 

41(4): 763-774.  
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2.1  Introduction 

Cardiovascular tissues have a prominent load-bearing function. In particular, the 

content and organization of collagen fibers in the extracellular matrix (ECM) 

contribute to the load-bearing properties and dominate overall tissue strength [13, 

64, 165]. In case of changes in mechanical demand, collagen content and 

organization can be adapted to meet the new requirements - a process referred to as 

collagen remodeling. This intrinsic remodeling capacity can be mimicked in vitro to 

optimize collagen architecture, and hence the load-bearing properties, of engineered 

cardiovascular tissues.   

For in vitro cardiovascular tissue engineering, cells are seeded on pre-shaped 

biodegradable scaffolds of synthetic or natural origin, and cultured under conditions 

that favor cell proliferation and matrix production. Traditionally, tissue engineers 

have focused on improving scaffold properties, such as scaffold structure and 

degradation rate, to optimize matrix architecture [146, 182]. Alternatively, they have 

turned to use mechanical conditioning of the construct – typically consisting of 

(cyclic) straining regimens – to enhance tissue organization and mechanical 

properties *8, 75, 116, 137+. Although this has resulted in engineered tissues with 

improved collagen architecture and load-bearing properties, control over tissue 

remodeling during cyclic straining of samples with complex geometries has not yet 

been achieved. This is mainly due to our limited understanding of mechanically-

induced collagen remodeling at the micro scale.  

The sensors and effectors of collagen remodeling are the cells [69, 73]. Cells are 

known to respond to mechanical cues by changing collagen synthesis [102, 116] and 

degradation [8, 116, 117], although this may change with age and gender [151]. As 

synthesis and degradation have shown to be direction dependent [116, 171], both 

the composition and organization of the matrix can be modified by use of scaffolds 

or mechanical conditioning. Next to this, cells can actively influence collagen 

organization by applying traction forces to collagen fibers through cell-matrix 

interactions [33, 115]. 

The precise underlying mechanisms and mutual relationships between these 

phenomena are complex. For instance, cyclic strain applied to cells on 2D substrates 

[78] or in constrained 3D substrates [39] results in cellular orientation perpendicular 

to the applied strain (strain avoidance), while static loading gives opposite results  

[69, 141]. Since cells deposit collagen in the direction of their main axis [69, 116] 

collagen organization may be manipulated in this way. On the other hand, prominent 

topological features due to exogenous scaffolds or internal tissue structures will also 

influence cell directionality and hence collagen organization, a process referred to as 

contact guidance [72, 116, 119]. Here we aim to dissect different aspects of strain-
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induced collagen (re)organization in fibrin-based engineered tissues that can be 

statically or cyclically loaded in one or two directions and can mimic (equi)biaxial and 

uniaxial loading conditions.  

 

Collagen remodeling in fibrin- or collagen-based tissue engineered (TE) constructs 

has been studied by for example Sander et al., [140] Hu et al. [69] and Lee et al. [90]. 

These studies used cell-seeded collagen gels in a cruciform or square shape that 

could be stretched in two opposite directions, resulting in biaxial loading conditions. 

Static biaxial loading resulted in collagen orientation parallel to the direction of the 

highest stretch. When the dominant stretch direction was changed, collagen 

alignment followed and again oriented parallel to the highest stretch direction. 

These studies were later repeated in fibrin gel [141], confirming the results for 

endogenously produced collagen.   

Although these models gave information about the final net outcome of collagen 

remodeling, they were only used to study static loading. In addition, they did not 

provide insight into the remodeling processes with time. As remodeling may change 

between early and late stages of tissue formation, real-time or time-lapse monitoring 

of collagen orientation, in particular at the cell-matrix level, is of utmost relevance 

for a complete understanding of collagen remodeling and the ultimate manipulation 

of collagen organization to create engineered tissues with preferred structure and 

mechanical properties.   

 

Currently available techniques do not allow for the study and visualization of strain-

induced collagen (re)organization in living TE constructs with time. Therefore, we 

combined our in vitro fibrin-based engineered tissue model with imaging modalities 

using nondestructive probes to monitor cells as well as collagen synthesis.  

The tissue model starts from a human myofibroblast-populated fibrin gel that is 

constrained on four sides. Multiple tissues are seeded on a flexible membrane in six-

well plates, allowing for sterile culture, easy medium changes and strain application 

in higher-throughput, with the use of a commercially available Flexcell system. 

Release of constraints, as well as a rectangular loading post, allow us to change from 

biaxial to uniaxial conditions or to change the loading direction under static or cyclic 

straining to induce remodeling. Cell and collagen organization in the constructs is 

visualized in 3D with confocal microscopy, while collagen orientation is quantified 

using image analysis. An internal reference system allows us to relocate cells and 

collagen structures for time-lapse analysis. The application of the model is 

demonstrated for two examples of strain-induced collagen remodeling with time: A) 

remodeling from a static equi-biaxial loading condition to static uniaxial loading; and 
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 B) remodeling of a biaxially constrained tissue under uniaxial cyclic straining before 

and after a change in strain direction (see Figure 2.1). 

 

 

2.2 Materials and methods 

2.2.1  Engineered tissue model 

Vascular-derived cells were harvested from the human vena saphena magna, 

acquired from a donor in accordance to Dutch guidelines for secondary use material. 

Figure 2.1: Experimental timeline of static straining protocol (protocol A, n=5) and cyclic straining 

protocol (protocol B, n=3). Bioflex plates with 4 rectangular Velcro strips glued to the flexible 

membrane are used. Velcro strips form a cross shape, leaving a square space of 3 by 3 mm for 

the myofibroblast-populated fibrin gel. Protocol A: Remodeling is induced by cutting the tissue 

from its constraints in one direction. Protocol B: Remodeling is induced on day 12 by turning the 

strain direction 900. For both protocols, the circled days indicate the days on which CLSM images 

were taken. εACA: ε-Amino Caproic Acid. The insert shows a schematic cross-section of the 

Flexcell system. When vacuum is applied to this system the flexible membrane underneath the 

tissue constructs is stretched over a rectangular post resulting in a uniaxial tissue strain. The post 

is indicated in the tissue pictures by a dotted line. The scale bar in the tissue pictures indicates 3 

mm. 
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Myofibroblasts were isolated from the human vena saphena magna following 

established protocols [143]. Human myofibroblasts were used since they are known 

for their enhanced extra cellular matrix (ECM) production and ability to remodel the 

ECM and our established use in engineering cardiovascular tissues [108]. Culture 

medium consisted of advanced Dulbecco’s modified Eagle’s medium (a-DMEM; 

Gibco, Carlsbad, CA), supplemented with 10% fetal bovine serum (FBS; Greiner Bio-

One, Monroe, NC), 1% GlutaMax (Gibco, Carlsbad, CA) and 1% penicillin 

streptomyocin (PenStrep; Lomza, Belgium). Cells of passage 7 were used for 

engineering the model system.   

Fibrin was used as a temporary matrix to create myofibroblast-populated gels. In 

brief, bovine fibrinogen (Sigma, St. Louis, MO) and bovine thrombin (Sigma) were 

combined to produce final construct concentrations of 10 mg/ml fibrinogen, 10 

IU/ml thrombin and 15x106 cells/ml, based on methods used for TE heart valves 

[108]. A single gel consists of 100 μl fibrin gel. When creating the fibrin gel, 4 μl of 

blue fluorescent polysterene microspheres (Invitrogen, Carlsbad, CA, 3.6*106
 

beads/ml) with a diameter of 10 μm were added to this gel, to be used as internal 

reference markers in image analysis. Suspensions were incubated for 30 min at 37oC 

in a humidified 95/5% air/CO2 incubator to allow gelation before culture medium 

was added. Culture medium consisted of a-DMEM supplemented with 10% FBS, 1% 

GlutaMax, 1% PenStrep and 0.25 mg/ml l-Ascorbic Acid 2-phosphate (Sigma). For the 

first seven days of culture, 1 mg/ml ε-Amino Caproic Acid (Sigma-Aldrich, St Louis, 

MO) was added to stop the fibrin from degrading [3]. Medium was replaced three 

times a week. Gels were cultured up to 21 days. Control samples were cultured 

without microspheres and showed similar tissue formation. 

Four rectangular Velcro strips of 10 by 3 mm were attached to flexible membranes of 

six-well untreated Bioflex culture plates (Flexcell Int, McKeesport, PA) by using 

Silastic MDX4-4210 (Dow Corning, Midland, MI). The Velcro strips were placed to 

form a cross shape and leaving a square space of 3 by 3 mm, resulting in a tissue area 

of 3 by 3 mm that can be visualized. These Bioflex plates can be placed on the 

Flexcell FX-40001 (Flexcell Int, McKeesport, PA). Fibrin gels were seeded onto the 

Bioflex plates and into the Velcro strips for attachment in a cross-shape (Figure 2.1). 

The gel was not attached and did not adhere to the flexible membrane.  The Flexcell 

system applies a strain on to the Bioflex plates by applying a vacuum onto the 

membrane and thereby pulling the membrane over a post (Figure 2.1). A rectangular 

post was used, which resulted in a uniaxial strain. By changing the position of the 

rectangular post, the direction of the uniaxial strain could be changed.  

For an extended version of these Materials and Methods, see Appendix A. 
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2.2.2 Straining protocols 

2.2.2.1 Static strain protocol 

Static cultured constructs were cultured for 12 days before changing boundary 

conditions. Cell and collagen organization were imaged with confocal microscopy. 

The constructs were released from two of the four constraints by cutting the tissue 

near the Velcro strips, resulting in uniaxial tissue constrainment, to induce 

remodeling. Collagen organization was then followed for 9 days (Figure 2.1, protocol 

A, n=5), at a 1 day interval, except for day 17 and 18.  

2.2.2.2 Cyclic strain protocol 

Cyclically strained constructs were first cultured statically for 5 days to achieve initial 

mechanical integrity before application of strain. Next, these constructs were 

strained cyclically for 7 days, using a previously established intermittent strain 

protocol [137] with uniaxial direction (Figure 2.1, protocol B). The cyclic straining 

protocol consisted of an intermittent strain of a sine wave with 1 Hz, straining from 0% 

to 5% strain, for periods of 3 hours, alternated with 3 hours resting periods. Cell and 

collagen organization were imaged with a confocal laser scanning microscope (CLSM) 

during these resting periods. The direction of uniaxial strain was turned 900 after 7 

days of straining (on day 12 of culture). Cell and collagen organization and 

remodeling were followed for 3 days (Figure 2.1, protocol B, n=3).  

Tissue strains were validated on day 15 by use of digital image correlation (DIC) for 

one tissue [17]. In short, a random dot pattern was sprayed onto a construct. During 

one cycle of the straining protocol, images were recorded at a frame rate of 60 

frames per second using a high speed camera. The images were analyzed using 

Aramis DIC software (Gom GmbH., Germany) to calculate the engineering strains 

over x and y direction.  

2.2.3  Tissue analysis 

2.2.3.1 Histology 

Tissue constructs were sacrificed for histology on day 21 for protocol A and on day 

15 for protocol B. Tissue constructs were washed in phosphate-buffered saline (PBS) 

and fixed while still attached to the Velcro with 4% paraformaldehyde for 1 hour. 

After fixation, samples were embedded in Tissue-Tek (Sakura, the Netherlands), 

snap-frozen using ice-cold 2-methyl-butane (Sigma-Aldrich) and sectioned into 10 

μm slices over the cross-sectional area of the tissue. Slices were stained with Masson 

Trichrome to evaluate end-stage tissue morphology, by visualizing collagen, cells, 

fibrin and cell nuclei with light microscopy.  
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2.2.3.2 Visualization of cell and collagen organization 

At days 12-16 and 19-21 of protocol A and days 12-15 of protocol B, the 6-wells 

plates with tissues were removed from the incubator and from the Flexcell setup 

during rest periods (protocol B) and transported to a two-photon CLSM to analyze 

tissue organization at room temperature for a maximum of 1 hour. To study the 

effect of scanning at room temperature, control samples were cultured that were 

only scanned at the end stage of protocol A. These samples showed similar tissue 

formation as samples that were scanned at room temperature. To visualize the 

organization of cells and collagen fibers at the micro-level in the engineered 

constructs, two-photon confocal microscopy was performed as described previously 

[16]. Samples were labeled with Cell Tracker Orange (CTO; Invitrogen Molecular 

Probes) and CNA35-OG488 (CNA) [83], to fluorescently stain cell cytoplasm and 

collagen. CNA is known to bind specifically to collagen, and not to fibrin [83]. CTO 

and CNA are excitable at respectively 466 nm and at 520 nm. Microspheres are 

excitable at 760 nm and are used to create a random pattern in the tissue. These 

patterns were used to relocate predefined locations for time-lapse imaging (Figure 

2.2). Z-stacks were taken from the surface of the tissue to a depth of 100 μm with a 4 

μm interval. The scanned area spanned an area of 250 x 250 μm, located in the 

center of the tissue. Images were made using an inverted Zeiss Axiovert 200 

microscope (Carl Zeiss, Oberkochen, Germany) coupled to an LSM 510 Meta (Carl 

Zeiss) laser scanning microscope.  

2.2.3.3 Quantifying collagen fiber orientation 

To quantify the collagen fiber orientation in time, the images of the collagen were 

analyzed using a fiber orientation algorithm, based on the work of Frangi et al. [41]. 

This algorithm was implemented in Mathematica for the experiments described in 

this paper. In brief, to determine collagen fiber locations in the image, in each pixel 

of the image the Hessian matrix was calculated. This Hessian matrix describes the 

local structure of the image, and the eigenvalues and eigenvectors of the Hessian 

matrix can be used to fit ellipses to the local structure in the image. The largest 

eigenvector gives the principal direction of the ellipse, and thus the orientation of 

the collagen fiber (Figure 2.3, C-D). In areas where the eigenvalues are similar, the 

local image data can be modeled by a circle and there is no preferential direction. 

The number and direction of the collagen fibers were converted for each image into 

a fiber fraction per angle, resulting in a histogram ranging from 00 to 1800 with a 2 

degree interval (Figure 2.3, E-F).  
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Figure 2.2: Typical examples of the use of bead patterns, here applied for protocol A and at a 

depth of 60 μm. Cells are shown in red, collagen in green, beads in blue, overlap collagen and 

cells in yellow. Figure B shows the construct in Figure A, but 3 days later. Figure D shows the 

construct of Figure C, but 2 days later. The bead patterns were used to relocate predefined 

locations in the 3D constructs for time-lapse imaging. Scale bar indicates 50 μm.  

 

Figure 2.3: Typical outcomes of the fiber orientation algorithm for aligned fiber orientations 

(top panes) and for random fiber orientations (bottom panes). A and B show the collagen 

image as taken with confocal microscopy. C and D show the image in gray values, with yellow 

arrows indicating the calculated direction of the collagen fibers. This direction is derived from 

the eigenvector of the Hessian matrix with the largest eigenvalue for each pixel location in the 

image. E and F show corresponding histograms of the number of vectors in a specific 

orientation. This is then used to calculate a fiber fraction per angle. As expected, histogram E 

shows a large peak in the direction of the collagen fiber alignment, whereas histogram F shows 

no preferential alignment, a random distribution, of collagen fibers. 
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2.3 Results 

2.3.1 Model system evaluation 

Masson Trichrome staining (MTS) showed good tissue formation after 21 days 

(protocol A) and 15 days (protocol B) and matrix formation was homogeneous 

throughout the depth of the constructs (Figure 2.4). MTS stains collagen, cells, fibrin 

and cell nuclei. A fibrin construct was sacrificed after one day to test for fibrin 

staining. Fibrin was clearly present in this construct.  

Validation of tissue strains resulting from the applied cyclic strain with protocol B at 

day 15 is shown in Figure 2.5. Applied strains and strains sensed at the tissue level 

may changes with time, since the mechanical properties of the tissue also changes 

with time. The construct was cyclically strained between 0% and 5% strain. Figure 2.5 

shows that the applied strain field is not homogeneous; the center of the construct is 

strained more than the edges, but strains are uniaxial. Strains in x direction (direction 

of applied uniaxial strain) are 5% on average, and strains in y direction show a 

compression of 6.5%. 

2.3.2 Static remodeling 

Remodeling was induced by removing constraints in one direction after 12 days of 

culturing. Cell and collagen images over time are depicted in Figure 2.6, which shows 

representative images of one construct (from a total of n=5, at a depth of 60 μm, 

since this is representative for the entire thickness of the sample) and histograms 

with an average of all samples. At day 0, collagen orientation is random. Seven days 

after release, however, a distinct orientation of collagen in the direction of the 

remaining constraints can be observed. Quantification of the collagen fiber 

orientation indicated a random orientation until day 3. From day 4 after cutting, the 

histogram shows a peak arising at 900, corresponding with the direction of the 

constrainment. It is concluded that remodeling under these static conditions occurs 

gradually and it takes 4 days to achieve an aligned collagen orientation. 
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Figure 2.4: Masson Trichrome staining of the cross-sectional area of representative tissue 

engineered constructs at one day of culture (A), at the end stage of protocol A (B) and at the 

end stage of protocol B (C). Collagen is shown in blue, cells and fibrin in red, and nuclei in 

black. Staining shows good tissue formation and homogenous matrix throughout the depth of 

the construct.  

Figure 2.5:  Tissue strain fields as analyzed with Aramis of recorded images at 5% strain, at 

day 15 of protocol B. The white squares indicate the analyzed area. The construct is cyclically 

strained at 1 Hz and with a magnitude of 5% strain. The top picture shows the strain in x 

direction (εx); the bottom picture shows the strain in y direction (εy). The applied strain field in 

this condition is uniaxial, with positive εx and negative εy. The center of the construct is 

strained more than the edges, but on average the strain is 5% in the horizontal direction. The 

analyzed tissue area is 3 by 3 mm.  
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2.3.3 Cyclic remodeling 

Tissues were cultured statically, with biaxial constraints, for 5 days and then cyclically 

strained uniaxially for 7 days. This resulted in a distinct collagen orientation 

throughout the depth of the tissue: collagen aligns perpendicular to the strain 

direction, as can be seen in Figure 2.7, which shows representative images for one 

construct (from a total of n=3) and histograms with an average of the samples. On 

day 12 of culture, at all depths of the tissue the collagen orientation histograms show 

a peak at 1000, which is almost perpendicular to the direction of the applied cyclic 

strain (00). The orientation of the collagen at the surface also has a peak near 1000, 

but with a lower peak. After 12 days of culture the orientation of the applied uniaxial 

strain was changed perpendicular to the original strain direction to induce 

remodeling. This resulted in a remodeling of the surface layer already after 1 day 

(Figure 2.7), resulting in a more isotropic collagen architecture.  In the core of the 

construct, collagen was still aligned in the orientation it had before changing the 

direction of applied strain (Figure 2.7).  

Figure 2.6: Static remodeling of a TE construct (Protocol A). CLSM images were scanned at 

the center of the square tissues (cells are shown in red, collagen in green, beads in blue, 

overlap collagen and cells in yellow) and collagen organization with time was quantified with 

histograms. Depicted histograms show the average collagen orientation of the samples at the 

indicated days (red dots) with standard deviation (blue bars). All images are scanned at 

approximately the same depth of 60 μm. Images are 250 x 250 μm. Four days after inducing 

remodeling, the collagen orientation has changed completely from random to parallel to the 

direction of the uniaxial constraint (900).  
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2.4 Discussion 

We have developed a model system that allows for time-lapse, nondestructive 

visualization and studying of mechanisms underlying collagen remodeling in a 3D 

environment without a synthetic scaffold, at the micro-level. Its use was 

demonstrated for two examples of strain-induced collagen remodeling with time: A) 

remodeling from a static equi-biaxial loading condition to static uniaxial loading; and 

B) remodeling of a biaxially constrained tissue under uniaxial cyclic straining before 

and after a change in strain direction. To validate the model system, human 

myofibroblasts of a single donor were used. The model system showed good tissue 

formation, and matrix formation was homogeneous throughout the depth of the 

constructs. Strains applied to the tissues were not homogeneous, but resulted in a 

uniaxial strain over the tissue. Applied strains and strains sensed at the tissue level 

may change with time, since the mechanical properties of the tissue also changes 

with time. It is also suggested by Rhiel et al. [129] that the ECM might be 

disintegrated by stretch, altering the strain the cells will sense. Hence, applied strains, 

development of the ECM and changing tissue properties with time result in unknown 

applied strains to the cells. In addition, these strains may change with depth of the 

tissue. Although we did not measure this, we assume similar tissue strains in deep 

tissue layers. The section of the tissue that we investigate is connected to the Velcro 

strips along both edges. The Velcro strips are firmly attached to the silicone 

membrane. It is therefore reasonable to assume that the displacements along the 

edges of the square section of the tissue are uniform across the thickness of this 

tissue. Precise quantification of the cell strains require sophisticated real-time 

analysis of cell deformations in three-dimensions.  

 

Remodeling with protocol A resulted in a change from a random collagen orientation 

to clearly aligned collagen. The first 3 images show 2 points with a much higher fiber 

Figure 2.7: Remodeling of a biaxially constrained and cyclically loaded TE construct before and 

after a change in strain direction (Protocol B). CLSM images were scanned at the center of the 

tissue (cells are shown in red, collagen in green, beads in blue, overlap collagen and cells in 

yellow) and collagen organization with time and with depth of the tissue was quantified with 

histograms. A stack of scans was taken from the surface of the construct to a depth of 60 μm. 

Depicted histograms correspond to the CLSM scans for the indicated days and depths in the 

pictures of the scheme and show the average collagen orientation in the scans (red dots) with 

standard deviation (blue bars). Images are 250 x 250 μm. Collagen orientation is almost 

perpendicular (1000) to the direction of the strain (00) before remodeling is induced. The 

constructs respond to the change in strain direction in a depth-dependent manner; the surface 

layers remodel in 2 days to be aligned at 200; the core of the tissue remains oriented at 1000 in 

this time span. 
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fraction than all other fiber fractions for these time points. Due to the large standard 

deviations, we consider these points as outliers. The change in collagen architecture 

to an aligned matrix was first detected after 4 days. Protocol B resulted in a light 

alignment at 20° within 1 day, albeit only in the surface layer. Obviously, remodeling 

is a faster process in the surface layer of the cyclically strained constructs as 

compared to the statically cultured constructs, where this process is more gradual. 

Only one strain regime was studied here. We used this specific intermittent cyclic 

protocol since previous studies in our lab have shown that this results in faster 

collagen formation and alignment as compared to static culture [137]. However, this 

also results in enhanced and faster tissue compaction and traction at the Velcro 

strips that then tore from the Velcro at an early stage. However, because of the 

speed of tissue formation, tissue maturation in protocol B was not reduced at the 

earlier harvest time point (15 day) as compared to the later time point (21 day) in 

protocol A. Due to the intermittent cyclic protocol, resting periods prevent cells from 

possible adaptation to mechanical conditioning, and thus preventing possible 

unwanted long-term decline in strain effects [129]. It was shown that with increasing 

strain magnitude between 2% and 16%, collagen density increases exponentially [10]. 

So with a higher strain magnitude than used in Protocol B, it is possible that due to 

more collagen formation, collagen remodeling occurs at an even faster rate.  

 

After remodeling with protocol A, tissues show a collagen orientation parallel to the 

direction of static strain, whereas cyclic straining results in an orientation 

perpendicular to the direction of strain (strain avoidance). Previous studies have 

shown that cells and collagen align parallel to the direction of cyclic strain, with [116] 

or without [45] scaffold, but contradictory to our model system, these studies use a 

uniaxial constrainment in the direction of the applied cyclic strain. In different setups 

cells have been shown to orient perpendicular to applied cyclic strain, depending on 

constraints applied [11]. It is hypothesized that due to the biaxial constraints in our 

model system, the cells are able to exert forces in two directions and thus are able to 

respond to and actively avoid strain.  

 

A depth-dependent response was observed in the cyclically strained constructs, only 

after the change of the cyclic strain direction. We hypothesize that this is due to the 

dense collagen structure in the well-developed core of the tissue engineered 

construct, compared to the surface of the tissue (Figure 2.7). In the tissue core, cells 

are elongated and interspersed between aligned, packed collagen fibers that provide 

contact guidance to the cells. It might be due to this contact guidance that cells are 

unable to change orientation and no remodeling occurs. Further investigation is 

needed to study if the deep tissue layers will remodel when cyclically strained for a 
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longer time period or that they are too dense to change orientation. This is an 

important process to elucidate, since it has major implications for TE. If the cells and 

collagen in these deeper, denser layers of the tissue are unable to change their 

orientation, it is necessary to get the collagen deposited in the right architecture 

from the start of the culture. This can be done by applying the right straining 

protocols or to provide the cells with contact guidance, by an exogenous scaffold 

with the right organization, from the start of the culture. Since cells deposit collagen 

in the direction of their main axis and can apply traction forces to their surroundings, 

they will align according to the contact guidance and produce a matrix with similar 

organization.   

 

How the cells remodel their collagen matrix, is not yet answered. This can be through 

1) collagen degradation and resynthesis or 2) collagen (re)orientation via traction 

forces. Further studies should elucidate this and the presented model system 

provides the tools needed for these studies. Since the model system allows for easy 

addition and removal of medium, it can be used to, for example, add MMPs or block 

integrins by using additives to the medium to further elucidate mechanisms 

underlying collagen remodelling.  

In future studies the model system can also be used to vary other effects by including 

scaffolds or exogenous fibers to study the influence of contact guidance or to add 

different cell sources. Taken together, this model system is a versatile system that 

can be used to study mechanisms of collagen remodelling and dissect between 

different aspects of collagen remodelling to provide detailed insight into collagen 

remodelling at the micro-structural level.  
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3.1  Introduction 

Collagen fiber orientation has a significant impact on the biomechanical function of 

cardiovascular tissues. Achieving near native collagen orientation is therefore one of 

the objectives in functional cardiovascular tissue engineering. Two mechanisms that 

are known to influence cell and collagen orientation are (cyclic) strain and contact 

guidance by using a fibrous scaffold [146, 182]. These mechanisms have been 

extensively studied in 2D. Cells seeded onto smooth substrates having sufficient 

stiffness orient perpendicular to the direction of applied cyclic strain, a process 

referred to as strain avoidance. When seeded on micro-grooved surfaces, cells orient 

in the direction of the micro-grooves, independent of the cyclic strain direction. 

However, when cells can span two or more smaller grooves, or when the grooves are 

wide enough for the cells to reorient in, the strain avoidance response by the cells is 

recovered [88, 93, 169, 170, 182].  

In three-dimensional reconstituted gels the orientation response of the cells to the 

applied cyclic strain depends on the constraints that have been applied as well as on 

the collagen density.  If the gel is constrained uniaxially, the cells orient in the 

direction of the constraint, both during static and cyclic loading of the construct. 

Strain avoidance is only observed if both the collagen density is sufficiently low to 

allow migration of the cells, and the construct is constrained in both directions [38]. 

The combined impact of contact guidance via a fibrous scaffold and cyclic straining 

has not been investigated systemically yet.  

 

It has been suggested that cell orientation contributes to collagen orientation [153], 

since oriented cells have been shown to deposit collagen in the direction of their 

main axis [15, 163]. So, when orienting cells by use of strain and/or contact guidance, 

collagen orientation may be controlled as well, in order to create an anisotropic, 

load-bearing matrix. 

Electrospinning offers excellent opportunities to create scaffolds that can guide cell 

and thus collagen orientation in neo-tissues. The electrospinning technique enables 

control of architecture of the scaffold by adjusting fiber thickness, void space, and 

orientation of the scaffold fibers. Lowery et al. [94] used poly(ε-caprolactone) (PCL) 

electrospun micro-fiber scaffolds, showing that these micro-fibers and micro-sized 

void spaces promote cell infiltration and cell alignment along the scaffold fibers. The 

superiority of micro-fibers compared to nano-fibers in aligning cells along the fibers 

was observed for human rotator cuff fibroblasts [34]. In this study cells were shown 

to span across nano-fibers and align along micro-fibers. The void space between the 

fibers is critical as this should be large enough for cells to penetrate the scaffold, but 

not so large as to discourage rapid ECM production between the fibers [94]. In 
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addition to fiber diameter and void spaces, fiber direction can thus be used to 

manipulate tissue organization through contact guidance. It has been shown that 

cells seeded in 3D fibrous scaffolds under static conditions align along the scaffold 

fibers [94, 119, 178]. Alignment of electrospun fibers in preferred directions can thus 

be used to create defined tissue architectures during tissue development [61, 100]. 

In addition, cells have been shown to synthesize more collagen when attached to an 

anisotropic fiber network [89, 159]. The anisotropy of the scaffold can therefore be 

used to stimulate cells to produce an appropriate collagen matrix.  

 

Recently, Subramony et al. [154] applied static and cyclic strain to 3D cell-seeded 

electrospun constructs. The scaffolds contained nano-scale fibers and were attached 

uniaxially, with uniaxial strain applied in the same direction as the constraints. 

Scaffold fibers were either randomly oriented (isotropic distribution) or oriented 

mainly in one direction (anisotropic distribution). Under static strain cells oriented 

along the nano-fibers, whereas under cyclic strain cells oriented parallel to the 

direction of applied strain, for both the isotropic and anisotropic scaffold fibers, due 

to the ability of the cells to span across the nano-fibers. Collagen orientation 

however, was not determined in this study.  

Here we study the combined application to cell-seeded micro-fiber constructs in a 

biaxially constrained configuration, to investigate if contact guidance or cyclic strain 

is dominant in guiding collagen orientation. To this end, human myofibroblasts were 

cultured in 3D electrospun micro-fiber scaffolds, that were (cyclically) strained using 

an in vitro 3D engineered model system. We hypothesize that, in the presence of a 

micro-fiber scaffold, contact guidance dominates over cyclic strain in guiding 

collagen orientation, in contrast to the study of Subramony et al. [154], which 

showed that cells in an isotropic nano-fiber scaffold still aligned in response to 

applied cyclic strain.  

For this experiment anisotropic and isotropic scaffolds were used, with either static 

or cyclic strain applied. All constructs were evaluated for cell, collagen and scaffold 

orientation and collagen content after a 2 week culture period.  

3.2  Materials and methods 

3.2.1  Experimental design 

To study the combined influence of micro-fiber contact guidance and (cyclic) strain 

on collagen orientation, five experimental conditions were studied, referred to as 1) 

isotropic static, 2) anisotropic static, 3) isotropic cyclic, 4) anisotropic cyclic parallel 

and 5) anisotropic cyclic perpendicular, where parallel (par) means that strain 

direction was applied parallel to the main scaffold fiber direction and perpendicular 
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(perp) reflect the strain direction perpendicular to the main scaffold fiber direction. 

The nomenclature ‘isotropic’ and ‘anisotropic’ refers to the scaffold fiber orientation 

and ‘static’ or ‘cyclic’ refers to the type of strain applied (see below). If cells display a 

strain avoidance response to applied cyclic strain, despite the scaffold fiber 

orientation, this should be observed in the scaffold strained parallel to the scaffold 

fiber orientation. Two repeated experiments were performed. A schematic overview 

is shown in Figure 3.1.  

3.2.2 Scaffolds 

PCL-bisurea [177], a thermoplastic elastomer that does not degrade during in vitro 

culture, was electrospun into isotropic and anisotropic scaffolds. Electrospinning was 

performed in a climate-controlled electrospinnning cabinet (IME, Technology, 

Eindhoven, NL). Isotropic scaffolds were spun with a rotational speed of 100 rpm, 

and anisotropic scaffolds were spun at 2500 rpm. Scaffolds were attached, at the 

sides only, to flexible membranes of six-well untreated Bioflex culture plates (Flexcell 

Int, McKeesport, PA) by using Silastic MDX4-4210 (Dow Corning, Midland, MI). The 

scaffolds were either square-shaped, 7 mm x 7 mm, for static culturing, or 

rectangular-shaped, 7 mm x 35 mm, for cyclic culturing (Figure 3.2). Thicknesses of 

120 μm and 135 μm were used for the isotropic and anisotropic scaffold, respectively. 

The rectangular scaffolds were glued at the sides and in the middle (indicated in 

Figure 3.2), to create a square-shaped attachment, similar to the static case. The 

Figure 3.1: A schematic overview of the experimental design. Isoptropic and anisotropic 

scaffolds were used, cultured either statically or cyclically strained. Scale bare indicates 50 

μm. 
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rectangular shape however was needed to reinforce the flexible membrane for strain 

application, otherwise only the membrane around the stiffer scaffold with tissue 

would be strained. 

3.2.3  Engineered tissue constructs 

Vascular-derived cells were harvested from the human vena saphena magna, 

acquired from a donor in accordance with Dutch guidelines for secondary use 

material. Myofibroblasts were isolated from the human vena saphena (HVS) magna 

following established protocols [143]. Human myofibroblasts were used because of 

their enhanced ECM production and ability to remodel the ECM, and our established 

use in engineering cardiovascular constructs [108]. Culture medium consisted of 

advanced Dulbecco’s modified Eagle’s medium (a-DMEM; Gibco, Carlsbad, CA), 

supplemented with 10% fetal bovine serum (FBS; Greiner Bio-One, Monroe, NC), 1% 

GlutaMax (Gibco, Carlsbad, CA) and 1% penicillin streptomyocin (PenStrep; Lomza, 

Belgium). Cells of passage 7 were used for culturing the constructs. Constructs used 

for visualization and determining collagen content were 5x5 mm.  

Fibrin was used to seed myofibroblasts into the scaffolds, to prevent cells to fall 

through the scaffold. In brief, bovine fibrinogen (Sigma, St. Louis, MO) and bovine 

thrombin (Sigma) were combined to produce final construct concentrations of 10 

mg/ml fibrinogen, 10 IU/ml thrombin and 15x106 cells/ml, based on our methods for 

cardiovascular tissue engineering (TE) [108]. Suspensions were incubated for 30 min 

at 37oC in a humidified 95/5% air/CO2 incubator to allow gelation before culture 

Figure 3.2: Constructs were cultured either statically (square-shaped) or cyclically 

(rectangular-shaped) strained. The rectangle indicated with a dotted black line, is the contour 

of the entire scaffold. The full black square indicates the square part used for analysis. Cyclic 

strain was applied, for the anisotropic scaffolds, either in direction parallel or perpendicular 

to fiber orientation. Arrows indicate directions of applied cyclic strain. Scale bar indicates 1 

cm. 
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medium was added. Culture medium consisted of a-DMEM supplemented with 10% 

FBS, 1% GlutaMax, 1% PenStrep and 0.25 mg/ml l-Ascorbic Acid 2-phosphate (Sigma). 

Medium was replaced three times a week. Constructs were cultured for 2 weeks.  

3.2.4  Strain 

The Bioflex plates were placed on a Flexcell FX-40001 system (Flexcell Int, 

McKeesport, PA) that applied strain to the Bioflex plates by applying a vacuum to the 

membranes, and pulling the membrane over a loading post, as was used in previous 

studies [24], to apply uniaxial cyclic strain.  

Cyclic strain was applied starting 30 minutes after seeding the cells into the scaffold, 

to ensure fibrin gelation and strain application before any matrix was synthesized. 

This way, cells will sense strain immediately, before any matrix has been formed. The 

cyclic strain protocol consisted of a 1 Hz sine wave of 10% continuous strain. In order 

to estimate gross strains applied to the constructs, one bare scaffold and one cell-

seeded scaffold after 1 week of culturing were analyzed, using digital image 

correlation (DIC) [17, 24]. In short, a random dot pattern was sprayed onto a 

construct with spray paint. During one second of the straining protocol images were 

recorded at a frame rate of 60 frames per second using a high speed camera. The 

images were analyzed using Aramis DIC software (Gom GmbH., Germany) to 

calculate the displacements, which were converted to Green-Lagrange strains. 

Analyzed images showed that the average maximum parallel strain applied was 8% 

for both samples, and perpendicular to the strain direction the bare scaffold showed 

-2.5% and the construct -4% strain. So when applying a strain protocol of 10% the 

scaffolds were strained for 8%.  

3.2.5  Scaffold and tissue analysis 

3.2.5.1 Collagen orientation 

During the culture protocol, at 1 and 2 weeks constructs were removed from the 

incubator and from the Flexcell setup (while still attached to the membranes of the 

six wells plates) and transported to a Confocal Laser Scanning Microscope (Carl Zeiss, 

Oberkochen, Germany) to analyze tissue orientation at room temperature for a 

maximum of 1 hour. To visualize the collagen orientation, confocal microscopy was 

performed as described previously [16]. Samples were labeled with Cell Tracker 

Orange (CTO; Invitrogen Molecular Probes) and CNA35-OG488 (CNA) [83], to 

fluorescently stain cell cytoplasm and collagen, respectively. CNA is known to bind 

specifically to collagen, and not to fibrin [83]. CTO and CNA are excitable  

respectively at 466 nm and 520 nm. Scans were made from the bottom layer of the 

tissue until 40 μm into the constructs with a 4 μm interval, through the transparent 
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membrane of the Bioflex culture plates, with the constructs still attached. Scaffolds 

were seeded from the top and visualized from the bottom, showing good cell 

infiltration. The scanned area spanned 250 x 250 μm, located at the center of the 

tissue. For the first experiment 3 samples were used, for the second experiment 2 

samples were used, resulting in n=5 per experimental group.  

To quantify the collagen fiber orientation after 2 weeks of culture, the images of the 

collagen (3 images per sample, resulting in 15 images per experimental group) were 

analyzed at a depth of 40 μm into the scaffold. Because results in repeated 

experiments were consistent, results for both experiments were combined for 

quantification.  

This was performed by using a fiber orientation algorithm, based on the work by 

Frangi et al. [41]. The algorithm was implemented in Mathematica (Wolfram, UK) 

and was used and validated in previous studies [24]. In brief, to determine collagen 

fiber locations in the image, in each pixel of the image the Hessian matrix was 

calculated. This Hessian matrix describes the local structure of the image, and 

thereby determines if the local structure represents a collagen fiber or background. 

The eigenvalues and eigenvectors of the Hessian matrix can be used to fit ellipses to 

the local structure in the image, here referring to collagen fibers. The largest 

eigenvector gives the principal direction of the ellipse, and thus the orientation of 

the collagen fiber. In areas where the eigenvalues are similar, the local image data 

can be modeled by a circle and there is no preferential direction. The number and 

direction of the collagen fibers were converted for each image into a fiber fraction 

per angle, resulting in a histogram ranging from 00 to 1800 with a 2 degree interval. 

From these histograms, g(θ), an order parameter  

  ∫ ( )         

was calculated to characterize the dispersion in collagen orientation [68]. Values for 

S of 0, 1 or -1 indicate that the collagen fibers are uniformly distributed in all 

directions, uniformly oriented at 0/1800 (parallel to cyclic strain direction), or 

uniformly oriented at 900 (perpendicular to cyclic strain direction), respectively.  

3.2.5.2 Scanning electron microscopy of scaffolds 

Anisotropic and isotropic scaffolds were imaged by scanning electron microscopy 

(SEM, FEI, Netherlands) before and after the culture protocol of two weeks. After 

culture and prior to scaffold imaging, the tissue was removed, by incubating in Clorox 

for 10 minutes [87]. After Clorox treatment, samples were washed with water and 

dried at 65oC for 16 hours. Overlay measurements in ImageJ (MBF BioScience, VT, 

USA) were used to obtain the average fiber diameter from SEM images on the bare 
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scaffold. Scaffold fiber orientation was determined using the same algorithm and 

calculation of order parameter S as described for collagen orientation.  

3.2.5.3 Cell orientation 

After 2 weeks of culture, tissue constructs (one per experimental group) were fixed 

in 10% formalin for 1 hour and permeabilized for 30 minutes in 0.5 Triton-X in PBS. 

Tissues were incubated with Phalloidin Atto 390 (1:100, P5282, Sigma) and DAPI (100 

ng/ml, Fluka) for 30 minutes at room temperature for visualizing f-actin and cell 

nuclei, respectively. Images were taken with a multiphoton microscope (Zeiss LSM 

510 META NLO, Darmstadt, Germany) in Two-Photon-LSM mode. The excitation 

source was a Coherent Chameleon Ultra Ti/Sapphire laser, tuned and mode-locked at 

760 nm. Tissues were visualized through the transparent membrane, while still 

attached. Scans were made from the bottom surface of the tissue to a depth of 40 

μm with a 4 μm interval, at the center of the tissue construct. F-actin fiber 

orientation was determined using the same algorithm and calculation of order 

parameter S as described for collagen orientation. 

3.2.5.4 Collagen content 

To quantify collagen formation after completing the culture protocol of two weeks, 

the amount of hydroxyproline was measured. Due to the small dimensions of the 

samples, three (first experiment) or two (second experiment) constructs per group 

were combined as one sample for the assay, resulting in one value per experimental 

group for the first and second experiment (n=2). Lyophilized tissue samples were 

digested in papain solution (100 mM phosphate buffer, 5 mM L-cysteine, 5 mM 

ethylenediaminetetraacetic acid (EDTA), and 125-140 μg papain per ml) at 600C for 

16 hours. Hydroxyproline content was measured using the Chloramin-T assay [71] 

and a trans-4-hydroxyproline (Sigma) reference. Hydroxyproline content was 

converted to collagen by assuming that a triple helix consists of 300 hydroxyproline 

residues. Collagen content was calculated per amount of dry weight tissue and 

scaffold, for n=2, so no statistical analyses were performed on these data. Collagen 

content data are presented as mean of the two independent experiments and their 

standard deviation.  
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3.3  Results 

3.3.1  PCL-bisurea scaffolds allow for cell penetration and tissue formation 

Scaffolds were analyzed by SEM before and after culture (Figure 3.3), showing 

isotropic and anisotropic scaffold fibers, with an average fiber thickness of 5.2 μm 

and 4.6 μm respectively. Quantification of the scaffold fiber orientation (Table 3.1) 

confirmed the (an)isotropy of the scaffold fibers, resulting in S values of 0.19±0.06 

and 0.82±0.10 for the isotropic and anisotropic scaffolds, respectively, before the 

experiment. After 2 weeks of culture, scaffolds were still isotropic (S=0.15±0.07 and 

0.22±0.02 for static and cyclic, respectively) and anisotropic (S=0.79, 0.69, -0.62 for 

static, cyclic parallel and cyclic perpendicular, respectively).  

The fiber thickness and resulting void space allowed a good cell infiltration, 

evidenced by the fact that cells were seeded on top of the scaffold and could be 

observed from the bottom, in the scaffold. As can be seen in confocal images (Figure 

3.4), cells could attach to one or two scaffold fibers and void spaces were larger than 

the size of a cell, giving space to migrate through the scaffold. Culturing cells in the 

scaffolds and applying cyclic strain for 2 weeks did not influence scaffold integrity. 

Electrospun fibers were not degraded and fibers were not disrupted and showed no 

changes in interconnections (Figure 3.3). Due to cell attachment to the scaffold fibers 

(Figure 3.4), it was assumed that the scaffold fiber strain was transferred to the cells. 

 
Table 3.1: Average S values and collagen content ± standard deviation, after 2 weeks of culture. For the S 

values, n reflects the number of images used for the analyses. 

Group S scaffold 
fibers 
before exp 
n=4 

S scaffold 
fibers after 
exp 
n=4 

S collagen  
n=15 

S f-actin 
n=4 

Collagen content / 
mg tissue+scaffold 
(μg)  
For 2 experiments 

Iso static 0.19±0.06 0.15±0.07 -0.02±0.18 0.02±0.15 41.3±8.0 

Aniso static 0.82±0.10 0.77±0.09 0.74±0.04 0.65±0.06 61.8±10.1 

Iso cyclic 0.19±0.06 0.22±0.02 0.25±0.17 -0.24±0.08 93.15±6.6 

Aniso cyclic 
par 

0.82±0.10 0.72±0.04 0.92±0.04 0.63±0.05 123.3±40.7 

Aniso cyclic 
perp 

-0.82±0.10 -0.64±0.03 -0.81±0.11 -0.72±0.08 102.9±34.6 
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Figure 3.3: SEM images of isotropic and anisotropic scaffolds, before and after 2 weeks of 

culturing with cells. Scale bars indicate 100 μm. Arrows indicate cyclic strain direction. No 

degradation or disruption of scaffold fibers can be observed after 2 weeks of culture. 

Figure 3.4: Representative confocal images showing cells and scaffold fibers on an 

isotropic (A) and an anisotropic (B) scaffold. White arrows indicate where cells (white 

contours) are attached to more than one scaffold fiber. White circle shows void spaces 

that leave enough room for cells to migrate through or reorient. 
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3.3.2 Contact guidance dominates cell and collagen orientation in cyclically 

strained constructs  

For both the isotropic and anisotropic scaffolds, cells adhered to either one or two 

scaffold fibers (Figure 3.5). Specifically in isotropic scaffolds, where more 

interconnections existed with fibers oriented perpendicular to each other, cells 

tended to adhere to these interconnecting fibers (Figure 3.4A). Obviously, in the 

anisotropic scaffolds, these interconnections were not frequently present in this 

form, but still cells adhered to more than one scaffold fiber (Figure 3.4B).  

After two weeks of culturing with cyclic strain, cells appear to be more rounded 

compared to elongated cells in static culture (Figure 3.5). To see if this observation 

was due to the staining method, or an actual difference of cell structure between 

experimental conditions, f-actin and nuclei of the cells were visualized, after two 

weeks of culturing. Images show that cell nuclei and cell cytoskeleton under both 

static and immediate and constant cyclic strain show a comparable and proper f-

actin network (Figure 3.6). The f-actin fiber orientation was quantified and showed 

that cells aligned along the scaffold fibers (Table 3.1), with S values for f-actin fiber 

orientation similar to values found for the scaffold fibers. So, irrespective of strain 

applied, cell orientation is dominated by the scaffold fiber orientation.  

 

Although not statistically tested, total collagen content produced by the cells per 

scaffold was measured showing more collagen formation with cyclic strain compared 

to static strain (Table 3.1). Similar to the cells, collagen fibers mainly aligned along 

the scaffold fibers, irrespective of static or cyclic strain and cyclic strain direction 

applied, after one and two weeks of culture (Figure 3.4). Besides collagen fibers 

along the scaffold fibers, short collagen fibers were seen in between the scaffold 

fibers (Figure 3.5). These collagen fibers, however, do not form larger collagen 

bundles, as is the case in between the cells along the scaffold fibers, and do not show 

any preferential orientation.  

Collagen fiber orientation was quantified after 2 weeks of culture, and an S value was 

calculated for every experimental group (Table 3.1). For isotropic scaffolds basically 

no preferential alignment of the collagen was observed, with an order parameter S 

of -0.02±0.18 and 0.25±0.17, for static and cyclic culture respectively, similar to S 

values of the scaffold fibers and the f-actin fibers of the cells. For anisotropic 

scaffolds, S values were also comparable to those of the scaffold fibers and the f-

actin fibers, with an S of 0.74±0.04 (static), 0.92±0.04 (cyclic parallel) and -0.81±0.11 

(cyclic perpendicular), showing that collagen fibers, as did the cells, aligned along the 

direction of the scaffold fibers, irrespective of the applied strain direction with 

respect to the principal fiber orientation.  
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Figure 3.5: Representative confocal images after 1 and 2 weeks of culture, for the different 

experimental groups and the two experiments. Cells are shown in red, collagen in green and 

scaffold fibers in red or black and overlay of collagen and cells in yellow. For all groups, cells 

adhere to the scaffold fibers and start producing collagen after 1 week and deposited collagen is 

in the direction of the scaffold fibers, irrespective of the strain applied. Scale bar indicates 50 μm. 
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3.4  Discussion 

The cells and collagen in myofibroblast-seeded isotropic and anisotropic scaffolds 

aligned along the micro-fibers of the scaffold, independently of static or cyclic 

applied strain. This implies that contact guidance dominates strain-responsiveness in 

these constructs and collagen orientation is dictated by the scaffold micro-fiber 

orientation, which has implications for scaffold designs; scaffold micro-fiber 

orientation dictates collagen orientation and can be used to create load bearing 

engineered tissues, as long as the scaffold fibers are present.  

 

In experiments with mesenchymal stem cells on silk fibroin scaffolds to engineer 

tendons and ligaments, it was seen that aligned versus random scaffolds show better 

cell elongation and more collagen content [159]. These effects were amplified when 

uniaxial mechanical stimulation was provided. In this study, no differences in cell 

elongation were found, cells on isotropic and anisotropic scaffold fibers displayed 

similar elongation and f-actin development. Also, no differences in collagen content 

were found related to the scaffold fiber orientation. Collagen content is similar to 

previous studies performed in our lab, using HVS cells cultured on PGA scaffold. After 

4 weeks these constructs gave 128.32±9.7 μg collagen per mg tissue [106], where in 

this study constructs contain 84±40 μg collagen per mg tissue and scaffold. Human 

aortic heart valve leaflets contain approximately 350 μg collagen per mg tissue [166]. 

Nevertheless these constructs showed good amounts of collagen formation, 

Figure 3.6: Representative confocal images made after 2 weeks of culture, for the different 

experimental groups (n=1). Nuclei and actin are shown in white. Actin fibers and nuclei 

orient in the direction of the scaffold fibers, irrespective of the strain applied. Scale bar 

indicates 50 μm. 
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especially since they have been cultured for only 2 weeks. Thin scaffolds were used 

to ensure good cell infiltration, good nutrient supply and fast responses such as 

collagen formation.  

In a previous study we demonstrated that uniaxial cyclic straining of biaxially 

constrained tissue constructs without a scaffold resulted in a strain avoidance 

response. Cells and collagen aligned perpendicular to the cyclic strain direction [24]. 

Cell orientation in collagen gels perpendicular to the cyclic strain direction is only 

achieved if the collagen gel is constrained in the direction perpendicular to the cyclic 

strain direction. If the gel is allowed to compact in the direction perpendicular to the 

cyclic strain direction, cells orient in the direction of cyclic strain [38]. Therefore, to 

provide the cells with the possibility to show strain avoidance, we used biaxially 

constrained scaffolds, and applied strain parallel and perpendicular to the direction 

of the anisotropic scaffold fiber alignment. As can be seen in confocal images, the 

collagen was mainly aligned in the direction of the scaffold fibers (Figure 3.4, Table 

3.1). Some collagen was formed in between the fibers, although this collagen was 

not formed in large bundles, short fibers could be observed, oriented randomly in 

between the longer collagen bundles aligned along the scaffold fibers (Figure 3.4). 

This was reflected in order parameter S, which was not a perfect 0, 1 or -1, but 0.74 

(anisotropic static), 0.92 (anisotropic parallel cyclic) and -0.81 (anisotropic 

perpendicular cyclic), confirming that the main orientation of the collagen was for 

example in the parallel direction, but some collagen existed that was oriented in a 

different direction, embedded in the matrix in between the scaffold fibers. Also the 

scaffold fibers were not aligned perfectly in a single direction. 

In our scaffolds, fibers were of the order of micrometers in diameter. Subramony et 

al. [154] did similar experiments for nano-fibers, where cells cultured on isotropic 

scaffolds were able to orient in a different orientation than the nano-fibers; cells 

aligned in the direction of applied cyclic strain, spanning across the nano-fibers. The 

micrometer diameter of the scaffold fibers in our study were comparable to cell size, 

cells adhered and elongated over a single or two scaffold fibers, not spanning over 

the scaffold fibers like with nano-fiber scaffolds. Due to the interconnections, length 

and crosslinking of the scaffold fibers, cells will not be able to reorient these fibers. 

Therefore, cells will apply traction in the direction of the scaffold fibers, as it is the 

direction of highest strain presented to them, and produce collagen accordingly. 

It remains to be elucidated, however, if and how collagen orientation is maintained 

under long-term in vivo conditions and during and after scaffold degradation. When 

the scaffold degrades, cells have produced a collagen matrix and will then attach to 

the collagen matrix they created. The question then rises if this produced matrix will 

provide enough contact guidance to remain oriented as it is, or if this matrix will 

reorient according to the strain applied. Based on previous results [24], where cells 
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in a dense, aligned collagen matrix did not remodel this matrix orientation, we 

hypothesize that when a dense collagen matrix is formed, this collagen matrix will 

provide similar contact guidance as the scaffold. 
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4.1 Introduction 

With cardiovascular tissue engineering (TE) we aim to develop living, load-bearing 

tissue replacements. Scaffolds are used for either culturing engineered tissues in 

vitro [66, 105] or for in situ TE, where cell-free scaffolds provide the initial 

mechanical properties and are assumed to be populated with cells from adjacent 

tissue and/or the bloodstream, as was seen in functionalized scaffolds used as 

vascular grafts [133]. While these scaffolds degrade over time, neo-tissue is formed 

by the cells and will take over the mechanical properties of the scaffold, eventually 

resulting in a living, load-bearing substitute. Consequently, the scaffold serves as a 

template for the neo-tissue that will be created. Ideally, this template directs the 

cells to synthesize a matrix that is identical to native tissue, in terms of matrix density 

and anisotropy, to obtain a load-bearing tissue that can sustain the imposed forces 

and retain mechanical functionality to last a lifetime.  

Electrospinning may be used to manufacture functional fibrous scaffolds, with 

adjustable fiber thickness, void space and fiber directionality. Fiber thickness can be 

optimized to enhance collagen production by the cells. Thick fibers were shown to 

promote cell alignment, whereas smaller fibers seem to enhance cell replication and 

signaling that enhances matrix formation [34, 94]. Void space should be sufficiently 

large to ensure cell ingrowth and migration [94], and at the same time stimulate the 

production of extracellular matrix (ECM) in between the fibers by the cells. Finally, 

alignment of the scaffold fibers stimulates the cells to increase collagen synthesis [89, 

159]. In addition, scaffold directionality provides a tool to create a preferred tissue 

anisotropy. Via a process called contact guidance, cells adopt the orientation of the 

structure they adhere to, which has been extensively studied in 2D.  

Cells align to topological features created on flat surfaces, depending on feature size 

and spacing. Even when cells are exposed to cyclic straining, which on smooth 

surfaces of materials with sufficient stiffness normally results in an alignment 

perpendicular to the cyclic strain direction [18, 20, 80, 93, 113, 160], the contact 

guidance cues dominate. Hence, independent of the direction of imposed cyclic 

stretch, fibroblasts seeded onto flexible substrates remain aligned to topological 

features like microgrooves [93, 158, 170, 172, 173] or a patterned fibronectin coating 

[4]. This phenomenon is also applicable to 3D constructs. Infiltrating cells attach to 

scaffold fibers and adopt a similar directionality [94, 119, 178]. Subsequently, the 

acquired cellular orientation results in neo-matrix formation with corresponding 

alignment. As such, topological features provided by scaffolds in 3D determine the 

directionality not only of cells but also of the synthesized collagen [15, 116, 163, 178]. 

Therefore, a preferred orientation of the collagen network, the mean load-bearing 

structure of the ECM, can be obtained by tailoring initial scaffold anisotropy, which is 

of importance to create load-bearing tissues with in situ TE. We previously studied 
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the orientation of de novo formed collagen in response to contact guidance provided 

by elastomeric micro-fiber polycaprolactone bisurea (PCL-U4U) [176] scaffolds with 

isotropic and  anisotropic fiber orientations, subjected to cyclic strain. This study 

demonstrated that contact guidance dominates over strain-avoidance in the 

deposition of collagen fibers, independent of the direction of imposed cyclic strain. 

For TE applications the scaffold degrades with time (in vivo), and consequently the 

contact guidance cues towards cells gradually disappear, while local mechanical cues 

that influence cell and collagen remodeling remain present. It is therefore relevant to 

study the influence of scaffold degradation and eventual collagen (re)orientation 

upon degradation as this may affect tissue mechanical functioning.  

Uniaxially constrained tissues adopt an alignment of cells and collagen along the 

constraint direction [45, 53, 91, 118, 175], even if cyclic strains are applied. In 

statically biaxial constrained tissues of reconstituted collagen gels, the orientation of 

collagen and cells shifts towards the major strain direction [69, 90]. In this case, cell 

traction is a major moderator of the remodeling process by altering matrix 

anisotropy via alignment of individual collagen fibers [40, 47, 86, 103, 142]. In 

addition, cyclic stretch in the absence of scaffold-induced contact guidance can 

induce cellular strain-avoidance in neo-tissues. Cyclically stretched fibroblasts 

embedded in 3D fibrin gels, applied on top of a flexible substrate, were shown to 

orient perpendicular to the direction of principle stretch [11]. Recently, it was shown 

that cells in a biaxially constrained reconstituted collagen gel also prefer to orient 

away from cyclic stretch, unless the cells are limited in this ability due to a physical 

restriction by the surrounding collagen. Upon perturbation of the dense collagen 

network, cellular orientation shifted to the non-stretched direction [38]. The direct 

relationship between cellular ability to reorient and matrix density has also been 

established by others [2], indicating that reorientation of cells only takes place in 

loose tissue structures.  

Hence, the key question remains whether collagen orientation is maintained during 

and after scaffold degradation, i.e., when cell and collagen orientation are no longer 

dominated by contact guidance by the scaffold. Dependent on the applied strain to 

the tissue, cellular traction forces may change after scaffold degradation, potentially 

leading to collagen reorientation. Alternatively, the collagen network may have 

attained sufficient integrity to limit the cells’ ability to remodel the matrix in 

response to the applied strain. Based on previous results [24, 38], we hypothesize 

that in neo-tissues, the collagen matrix is not dense enough to provide contact 

guidance in a way that maintains cellular orientation, and consequently collagen 

orientation. As a first step we aimed at evaluating the orientation of the collagen 

network in uniaxial constrained micro-fiber scaffold strips, with scaffold fiber 
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orientation perpendicular to static constraint direction, before and after different 

degrees of scaffold degradation. 

4.2  Materials & Methods 

Rectangular micro-fiber PCL-U4U scaffolds, seeded with cells, were cultured while 

constrained uniaxially. Static culture was performed for two weeks, before adding 

three different concentrations of lipase to induce different degrees of degradation of 

the scaffold. After lipase removal, constructs were cultured for one additional week 

to evaluate collagen (re)orientation, while control constructs were cultured without 

lipase. All constructs were evaluated for scaffold content as well as collagen 

orientation and content. Two independent experiments were performed. Results 

were consistent and therefore combined.  

4.2.1 Scaffolds 

PCL-U4U [177] was electrospun into scaffolds in a climate-controlled electrospinning 

cabinet (IME Technology, Eindhoven, NL). 20% (wt) PCL-U4U was dissolved in 

Chloroform (CHCl3) and spun at a rotational speed of 2500 rpm to create an aligned 

scaffold. Scaffolds (4x25x0.125mm) were placed in untreated Bioflex circular foam 

culture plates (Flexcell Int, McKeesport, PA).  

4.2.2 Tissue constructs 

Vascular-derived cells were harvested from the human vena saphena magna, 

acquired from a donor in accordance with Dutch guidelines for secondary use 

material, following established protocols [143]. Passage 6 HVSCs were cultured in 

culture medium, which consisted of advanced Dulbecco’s modified Eagle’s medium 

(a-DMEM; Gibco, Carlsbad, CA), supplemented with 10% fetal bovine serum (FBS; 

Greiner Bio-One, Monroe, NC), 1% GlutaMax (Gibco, Carlsbad, CA) and 1% penicillin / 

streptomyocin (PenStrep; Lomza, Belgium).  

Fibrin was used as a carrier to seed the HVSCs into the scaffolds, as described 

previously [108]. In brief, a suspension of bovine fibrinogen (10 mg/ml, Sigma, Breda, 

the Netherlands), bovine thrombin (10 IU/ml, Sigma) and HVSCs (15x106 cells/ml), 

was applied to the scaffold and foam ring of the Bioflex plate (Figure 4.1). Hereby, a 

uniaxial attachment of the scaffold to the foam ring was created via the cell-

populated fibrin suspension, by incubating for 30 min at 37oC in a humidified 5% CO2 

incubator. Subsequently, culture medium, supplemented with 0.25 mg/ml l-Ascorbic 

Acid 2-phosphate (Sigma), was added, which was replaced three times a week. For 

the first five days of culture, 1 mg/ml ε-Amino Caproic Acid (Sigma-Aldrich, St Louis, 
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MO) was added to the medium to prevent the fibrin from degrading [3] and 

constructs were subsequently cultured for 2 weeks. 

Lipases catalyze the hydrolysis of esters, which are present in PCL, but not in collagen, 

as indicated below. Lipase therefore degrades the scaffold, as shown by others [44, 

48, 58, 85], but not collagen. To study the degree of degradation of bare scaffolds, a 

lipase concentration of 100 U/ml was used. At this concentration no significant 

weight reduction of the scaffolds was observed anymore after 40 hours (see below 

for observations between 40-56 hrs). Therefore a degradation time of scaffolds 

cultured with cells of 48 hours was used. After 2 weeks of culture, scaffold 

degradation was stimulated by adding lipase from Thermomyces lanuginosus (Sigma) 

to the culture medium for 2 days. To evaluate the influence of the degree of scaffold 

degradation on collagen remodeling, 3 lipase concentrations were used (100, 500 

and 1000 U/ml), and no lipase was added to the control group. Subsequently, 

constructs were cultured for one additional week. 

 

Figure 4.1: Scaffolds, seeded with fibrin and cells, attached with fibrin to the foam rings of six-

well untreated Bioflex tissue train circular foam culture plates (Flexcell Int.), after 2 weeks of 

culture, after 2 weeks plus 2 days of lipase-treatment, and after 3 weeks of culture (including 1 

week of additional culture after lipase-treatment). 
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4.2.3 Analysis 

4.2.3.1 Metabolic activity 

To evaluate the influence of lipase on cellular metabolic activity, cells were cultured 

in monolayers in a 24 wells plate until 90% confluency was reached. Lipase was 

added for 2 days, and cells were kept in culture for an additional week, consistent 

with the culture of scaffold constructs. Metabolic activity was measured directly 

after adding lipase, and one week after lipase-treatment. Metabolic activity was 

measured using the 2,3-bis(2-Methoxy-4-nitro-5-sulfophenyl)-2H-tetrazolium-5-

carboxyanilide inner salt (XTT) based in vitro toxicology assay kit (Sigma). Per well 

250 μl XTT/phenazine methosulfate (PMS) solution (250 μg/ml) was added to a-

DMEM. After incubation for 75 minutes, metabolic activity was measured by 

spectrophotometric analysis of the absorbance at 450 nm.  

4.2.3.2 Cell distribution 

After completing the culture protocol, tissues were washed in PBS, fixed with 10% 

formalin for 1 hour, embedded in Tissue-Tek (Sakura, the Netherlands) and frozen in 

2-methyl-butane (Sigma-Aldrich) in dry ice. Tissues were sectioned into 50 μm slices 

over the cross-sectional area of the tissue and slices were stained with DAPI (100 

ng/ml), to study cell distribution. 

4.2.3.3 Scaffold degradation  

Scaffolds were imaged by scanning electron microscopy (SEM, FEI, Netherlands). 

After culture, tissue was removed from the scaffold via incubation with Clorox for 10 

minutes [87]. Subsequently, scaffolds were washed with purified water and dried 

overnight at 65oC.  

Mass loss, as a measure for scaffold degradation, from each construct was 

determined by deriving the difference in mass between the start of the experiment 

and after treatments using an electronic balance (XS105 dual range analytical 

balance, Mettler Toledo, Switzerland). This was measured for tissues that were 

treated for the hydroxyproline assay (see below), where tissues were digested by 

papain, which does not affect the scaffold. 

4.2.3.4 Imaging cell and matrix structures 

Prior to (n=30), and 1 week after lipase-treatment (control n=7, 100 U/ml lipase n=9, 

500 U n=6, 1000 U n=7), tissues were scanned, using a multiphoton microscope 

(Zeiss LSM 510 META NLO, Darmstadt, Germany), as described previously [16]. 

Tissues were labeled with Cell Tracker Orange (CTO; Invitrogen Molecular Probes) 
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and CNA35-OG488 (CNA) [83], to fluorescently stain cell cytoplasm and collagen, 

respectively. CNA is known to bind specifically to collagen, and not to fibrin [83]. CTO 

and CNA were excited at 543 nm and 488 nm and emitted at 500-550 nm and >560 

nm, respectively. Z-stacks were made from the bottom tissue surface up to 40 μm 

deep into the constructs with a 4 μm interval. Scans were made through the 

transparent membrane of the Bioflex culture plates, with the constructs still 

attached, at 3 different locations in the center of the sample.  

After completing the culture protocol, tissues for each lipase concentration were 

fixed in 10% formalin for 1 hour and permeabilized for 30 minutes in 0.5 Triton-X in 

phosphate-buffered saline (PBS). Tissues were incubated with Phalloidin Atto 390 

(1:100, P5282, Sigma) and DAPI (100 ng/ml, Fluka) for 30 minutes at room 

temperature for visualizing F-actin and cell nuclei, respectively. Images were taken 

with a multiphoton microscope (Zeiss LSM 510 META NLO, Darmstadt, Germany) in 

Two-Photon-LSM mode. The excitation source was a Coherent Chameleon Ultra 

Ti/Sapphire laser, tuned and mode-locked at 760 nm. Scans were made from the 

bottom surface of the tissue up to 40 μm deep into the constructs, at three different 

locations in the center of the tissue.  

4.2.3.5 Quantification of collagen orientation 

Collagen fiber orientation was quantified using a fiber orientation algorithm, based 

on the work by Frangi et al. [41]. The algorithm was implemented in Mathematica 

(Wolfram, UK), as used in a previous study [24]. In brief, the local structure of the 

image (Hessian matrix) was used to distinguish between a collagen fiber and 

background. Eigenvalues and eigenvectors were fitted to ellipses in the collagen 

fibers, providing information about the direction of the collagen fiber. The number 

and direction of the collagen fibers were converted for each image into a fiber 

fraction per angle, resulting in a histogram ranging from 00 to 1800 (defined as θ) 

with a 2-degree interval. From these histograms, g(θ), an order parameter  

  ∫ ( )         

was calculated to characterize the dispersion in collagen orientation [68]. Values for 

S of 0, 1 or -1 indicate that the collagen fibers were isotropically distributed, 

anisotropically oriented at 0 or 1800 (perpendicular to constraints), or anisotropically 

oriented at 900 (parallel to constraints), respectively.  

4.2.3.6 Collagen content 

To quantify collagen content after three weeks, the amount of hydroxyproline was 

measured. Lyophilized tissue samples were digested in papain solution (100 mM 

phosphate buffer, 5 mM L-cysteine, 5 mM ethylenediaminetetraacetic acid (EDTA), 
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and 125-140 μg papain per ml, all from Sigma) at 600C for 16 hours. Hydroxyproline 

content was measured using the Chloramin-T assay [71] and a trans-4-

hydroxyproline (Sigma) reference. Hydroxyproline content was converted to collagen 

by assuming that a triple helix consists of 300 hydroxyproline residues. 

Hydroxyproline content, as a measure of collagen content, was calculated per 

amount of dry weight tissue.  

4.2.3.7 Statistical analysis 

Statgraphics (Manugistics, INc. Rockville, MD, USA) was used for statistical analysis. 

One-way analysis of variance (ANOVA) was performed for all the groups, followed by 

a least significant difference corrected post-hoc t-test. All data are presented as 

mean with standard deviation. Statistical significance was assumed for p<0.05.  

4.3 Results 

4.3.1 Metabolic activity 

Metabolic activity of cell monolayers was measured directly after addition of lipase, 

and one week after lipase-treatment. Compared to untreated controls, metabolic 

activity was not affected directly after treatment with 100 U/ml lipase, but 

significantly reduced with 500 and 1000 U/ml lipase (Figure 4.2). However, cells 

recovered from the treatment, since one week after the start of the treatment, 

metabolic activity of all groups, including untreated controls, was similar (Figure 4.2).  

4.3.2 Tissue morphology and cell distribution 

To evaluate tissue morphology, photographs were taken of the tissue constructs 

after 2 weeks of culture, 2 days after lipase-treatment and at the end of the culture 

protocol (Figure 4.1). With 100 and 500 U/ml lipase, similar to control tissues, 

constructs maintained their original geometry. However, when treated with 1000 

U/ml lipase, compaction in width of the tissue was observed. A nuclei staining of the 

cross-sectional area of the tissues showed cell infiltration over the entire thickness of 

the construct. In addition, a homogeneous cell distribution was observed throughout 

the construct thickness, independent of the degree of scaffold degradation (Figure 

4.3).  
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4.3.3 Scaffold degradation 

Scaffold degradation, assessed by measuring the weight of the construct at indicated 

time points, increased with lipase concentration. The remaining weight, as compared 

to control, dropped from 88.5% weight for 100 U/ml to 73.2% with 500 U/ml to 21.0% 

with 1000 U/ml (Figure 4.4). Only for the 1000 U/ml lipase-treatment, tissue 

constructs were compacted (Figure 4.1). SEM images of the scaffold fibers of control 

samples showed no differences in fiber morphology before and after culture (Figure 

4.5). When incubated with 100 U/ml lipase, occasional fiber rupture was observed. 

At 500 and 1000 U/ml lipase-treatment, scaffold fibers showed signs of degradation, 

apparent from holes, and fiber rupture was frequently observed. Since at 1000 U/ml 

lipase only 21% of the scaffold remained, images were taken of the leftover scaffold 

pieces.  

To study the mechanism of lipase-induced scaffold degradation, cell-free scaffolds 

were incubated with lipase for 56 hours and SEM images were taken at various time 

points (Figure 4.6). Already after 8 hours, scaffolds showed signs of degradation, 

apparent from holes in the  scaffold fibers. From 24 to 56 hours, fiber diameter and 

occasional fiber rupture was observed (Figure 4.6). The transient decrease in fiber 

diameter and increase in amount of ruptured fibers, from 8 hours to 24 hours and 

after, revealed that fiber degradation was time dependent, eventually resulting in 

complete degradation of all scaffold fibers. No weight loss was observed between 40 

and 56 hours (Figure 4.7). 

Figure 4.2: Metabolic activity directly and one week after lipase-treatment. Directly after 

treatment with 500 and 1000 U/ml lipase metabolic activity was significantly decreased. Cell 

metabolism was recovered after one week, similar to control cells. Error bars indicate 

standard deviation. N=6. *, # and + (with p<0.05) indicate significant differences between 

groups with similar symbols. 
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Figure 4.3: Representative fluorescent images of constructs after 3 weeks of culture, stained 

for cell nuclei (DAPI) over the cross-sectional area of the tissue. Control samples (A) and 100 

U/ml (B), 500 U/ml (C) and 1000 U/ml (D) lipase-treated constructs showed good cell 

infiltration over the entire thickness of the construct. 

Figure 4.4: Scaffold weight after tissue culture and scaffold degradation, as a percentage of 

the control scaffold weight. N=8. * and # (with p<0.05) indicate significant differences, where 

* indicates differences between groups with similar symbols, and # indicates that this group is 

significantly different from all other groups. 
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4.3.4 Cell structure 

F-actin of the cells was visualized to verify that cells retained their contractile 

properties and mechanosensitivity, independent of scaffold degradation. No 

differences in the morphology of the stress fiber network were observed between 

groups (Figure 4.8). Constructs were detached from the well-plates for this analysis, 

therefore orientation should not be compared with confocal images (Figure 4.9).  

4.3.5 Collagen orientation and content 

Confocal images of the constructs showed that collagen and cells aligned along the 

scaffold fibers, independent of the constraint direction (Figure 4.9). This was also 

visible in the obtained histogram (Figure 4.10), with S = 0.56±0.16. Lipase-treatment 

of 100 U/ml did not alter the collagen and cell orientation compared to control, 

apparent from the confocal images (Figure 4.9) and the corresponding histograms 

(Figure 4.10), showing for control S = 0.49±0.21 and for 100 U/ml lipase S = 0.45±0.20. 

However, at 500 and 1000 U/ml lipase-treatment, collagen orientation was affected. 

With 500 U/ml lipase, the scaffold showed partial and heterogeneous degradation, 

associated with a reorientation of the collagen in the direction of the constraint. 

However, at sites where the scaffold was not degraded, collagen still aligned along 

the scaffold fibers (Figure 4.9). This was reflected by the two peaks in the histogram 

(Figure 4.10), resulting in an S of -0.29±0.51. The smaller peak at 0/1800 represented 

the collagen aligned along the scaffold fibers, where the larger peak at 900 

represented alignment to the constraint direction. This feature was even more 

pronounced at 1000 U/ml lipase, representative for the highest degree of scaffold 

degradation. Here, the majority of the scaffold was degraded (Figure 4.4) and 

collagen had reoriented towards the constraint direction (Figure 4.9), which is 

apparent from the clear peak at 900 with an S of -0.83 ±0.14 (Figure 4.10). Collagen 

content was similar between all groups, showing that the degree of degradation did 

not affect the final collagen density, implicating that the speed of collagen synthesis 

in the tissue was unaffected (Figure 4.11). As such, collagen content did not influence 

strain-induced remodeling after scaffold degradation.  
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Figure 4.5: Morphology of the scaffold fibers was analyzed by SEM before and after 

culture. The control culture showed no signs of degradation or disruption of the scaffold, 

similar to scaffolds before culture. When incubated with 100 U/ml, occasional fiber 

rupture was observed. With 500 and 1000 U/ml lipase the scaffold clearly showed 

degradation, indicated by fiber thinning and rupture. 
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Figure 4.6: SEM images of scaffold morphology, upon degradation over time with 100 

U/ml lipase. After 8 hours of treatment, holes could be detected in the scaffold fibers. 

From 24 hours onwards, fiber thinning and rupture were observed due to degradation. 

Furthermore, fusion of individual fibers was observed. 
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 4.4 Discussion 

In this study we have used contact guidance to create an initially aligned collagen 

architecture in tissue engineered constructs that were constrained perpendicular to 

the preferred fiber alignment of the electrospun scaffold, and questioned if this 

alignment could be maintained after (partial) degradation of the scaffold. In view of 

the (uniaxial) constraint, cellular traction forces may change in orientation and 

magnitude after scaffold degradation, thereby potentially causing a change in 

collagen orientation as well. Alternatively, the formed collagen network may provide 

sufficient structural integrity to limit or delay the cells’ ability to remodel the matrix 

as a consequence of the degrading scaffold. We hypothesized that in neo-tissues, the 

collagen matrix would not be dense or mature enough to provide contact guidance 

in a way that maintains cellular orientation, and therefore collagen (re)orientation. 

 

During two weeks of static culture, cells and de novo synthesized collagen fibers in 

seeded micro-fiber scaffolds aligned along the fibers of the scaffold, independent of 

the static constraint direction. Upon degradation of the scaffold fibers, cell and 

collagen reorientation towards the constrained direction was observed. Hence, 

scaffold fiber orientation dominated the orientation of the formed collagen network 

prior to degradation. After scaffold degradation, the collagen network formed during 

2 weeks in culture, did not provide sufficient integrity to maintain this directionality 

upon application of static strain. Upon degradation of the scaffold fibers, collagen  

Figure 4.7: Remaining weight percentage after degradation by 100 U/ml lipase, of PCL-U4U 

scaffold without cells. N=4. * indicates significant differences (with p<0.05). 
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Figure 4.8: Representative confocal scans of constructs after completing the culture 

protocol, stained for F-actin and nuclei. All groups showed well-established F-actin 

networks. Scale bars indicate 50 μm. 

Figure 4.9: Representative confocal scans of constructs after 2 weeks of culturing and for 

all groups after an additional week of culture after lipase-treatment, stained for cell 

cytoplasm (Cell Tracker Orange, red) and collagen (CNA35, green). After 2 weeks of 

culture, cells and collagen aligned along the scaffold fibers. This orientation was 

maintained for control and 100 U/ml lipase constructs. Upon scaffold degradation at 500 

and 1000 U/ml lipase, collagen orientation changed towards the constraint direction. 

Scale bars indicate 50 μm. 
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reorientation towards the constraint direction was observed. We suggest that 

removing contact guidance cues from the scaffold in these neo-tissues, results in cell-

traction-induced tissue remodeling towards the direction of greatest resistance, i.e., 

the static constraint direction.  

The change in collagen orientation with degradation of the scaffold was observed in 

an earlier study [119], where smooth muscle cells were cultured on PGA scaffolds. 

Cells and collagen aligned along the PGA scaffold during the first 4 weeks of culture, 

after which the collagen alignment became more disperse in the following 4 weeks 

of culture. The authors related this phenomenon to degradation of the PGA scaffold, 

but this was not extensively studied. These changes in collagen orientation highlight 

the importance of the presence of scaffold integrity during tissue formation.  

 

Scaffold degradation behavior affects new tissue formation, and the degradation of 

the material therefore becomes an important factor when considering scaffold 

materials for TE, as has been reviewed by Dong et al. [29]. They examined the 

degradation of polyesters, such as polylactic acid (PLA), polyglycolic acid (PGA), 

poly(lactic-co-glycolic) acid (PLGA) and polycaprolactone (PCL). These polyesters 

degraded into products that can be metabolized in the human body, which makes 

them suitable for TE, through surface erosion [29, 49]. PCL fibers, as used in the 

current study (with bisurea), degraded more slowly than the other polyesters 

mentioned. Due to this surface erosion, thinner fibers will degrade faster than the 

thicker micro-fibers used in this study. PCL nanofiber meshes degraded within 6 

months in vitro, whereas in vivo the scaffolds degraded within 90 days. In this study 

lipase-treatment was used to mimic in vivo enzymatic scaffold degradation. This 

affects the esters of the PCL, which are protected by the bisurea in our PCL-U4U 

material, as was also observed for PCL with multiblock copolymers of poly(p-

dioxanone) [85]. It was shown that collagen formation and metabolic activity was not 

affected by the 48 hour lipase-treatment. When comparing scaffold degradation in 

the presence (88.50±23.71% weight remaining) or absence (71.39±1.8% weight 

remaining) of cells, the decrease in scaffold weight was not significantly different. 

This was confirmed by another study on the cellular effect on the degradation 

behavior of scaffolds [30]. They studied PGA, PLGA and poly (L-lactide-co-ε-

caprolactone) (P(LLA-CL)) nano-fiber meshes in vitro. The P(LLA-CL) facilitated cell 

growth for the longest time period, up to 3 months. With PGA meshes, cell culture 

significantly increased the degradation rate, but this effect was not seen for the 

other two polymers, which are more comparable to the PCL-bisurea used in this 

study. Also, the rate of degradation by the lipase-treatment in this study was much 

higher than cellular degradation would have been, since the fastest degrading PGA  
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Figure 4.11: Collagen content (μg) per mg tissue, for different lipase concentrations, 

after 3 weeks of culture. No significant differences were found. 

Figure 4.10: Histograms of collagen orientation after 2 weeks of culture (n=30) and for all 

groups after an additional week of culture after lipase-treatment. After 2 weeks of 

culture collagen oriented along the scaffold fibers, perpendicular to the constraint 

direction at 1800. After lipase-treatment and an additional culture week, control groups 

(n=7) and 100 U/ml (n=9) showed unaltered collagen orientation. With 500 U/ml (n=6) 

the collagen partly reoriented in the constraint direction and with 1000 U/ml lipase 

(n=7), collagen had reoriented towards the constrain direction (at 900). Data represents 

averages (dot) with standard deviations (error bar). 
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mesh was degraded in vitro within 3 weeks [30], whereas our control scaffolds 

showed no sign of degradation during the 3 weeks in vitro culture. The lipase 

concentration used in this study (100, 500 and 1000 U/ml) were much higher than 

found in healthy adult serum (30-190 U/l) [96]. A study was performed using a lipase 

concentration in this range; 110 U/l. When culturing rat bone marrow stromal cells 

on starch PCL meshes, lipase enhanced osteoblastic differentiation of the cells and 

promoted matrix mineralization. This concentration of lipase did not influence the 

structural integrity of the meshes after 16 days [96]. Therefore a higher lipase 

concentration was needed, since in this study we aimed to degrade the scaffold.  

 

In summary, we have shown that scaffold degradation was associated with fast 

remodeling of the collagen network towards the tissue constraint in neo-tissues. The 

degree of scaffold degradation highly affected cellular orientation, but did not affect 

cellular distribution, metabolic activity and collagen content. At a low degree of 

scaffold degradation, the cell-ECM directionality was to a large extent maintained, 

while at a high degree of scaffold degradation, the initial orientation was lost and 

remodeled towards the constraint direction. This implies that slow scaffold 

degradation after implantation with TE may allow for tissue maturation, which in 

time will take over the mechanical properties of the scaffold and provide sufficient 

integrity to maintain ECM organization with a desired anisotropy. The degradation 

speed of the scaffold, in relation to the speed of matrix formation, is therefore an 

important design parameter for creating a suitable scaffold for TE, to create load-

bearing structures. The orientation of the scaffold fibers should provide a template 

for collagen orientation, which would also be dictated by strains applied to the tissue, 

preventing the ability of any reorientation of cells and collagen.  
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5.1 Introduction 

Cardiovascular diseases are a growing concern worldwide [131]. Surgical 

replacement of vascular structures such as heart valves and blood vessels is a 

commonly used therapy. While current cardiovascular replacements are effective [67, 

128], they often rely on autologous tissues in the case of vascular replacement 

therapy or have significant shortcomings, including lack of remodeling and growth 

potential and the need for lifelong anticoagulation therapy in the case of mechanical 

replacements for heart valves. These concerns apply to pediatric patients in 

particular, necessitating reoperations throughout life as they outgrow their 

prostheses [135]. Tissue engineering (TE) has been proposed as a potential 

alternative to overcome these limitations. An important aim of functional TE is to 

create cardiovascular tissue substitutes that can remain mechanically functional and 

endure ongoing straining while in circulation. A tissue engineered cardiovascular 

construct can be produced in vitro by seeding human-derived autologous cells [149, 

165] onto a biodegradable polymeric scaffold [109], followed by the application of 

biochemical and mechanical stimuli in bioreactors [161]. The final product is a living 

tissue [62], able to integrate, grow, and remodel within the patient upon scaffold 

degradation [109]. Human vena saphena cells (HVSCs) are often used for this 

approach because of their capacity to produce a strong extracellular matrix (ECM) 

network with distinct collagen fiber orientations [108], which is particularly critical 

when a mechanically functional substitute for the frequently affected load-bearing 

cardiovascular tissues is needed.  

The production of in vitro tissue engineered constructs, while promising, is time 

consuming and has limited scalability. In situ tissue engineering has been proposed 

as an innovative approach to obtain off-the-shelf available cardiovascular substitutes. 

Both valvular and blood vessel function could be restored by the implantation of a 

mechanically functional but degradable scaffold that gradually transforms into a 

living tissue at the site of implantation by recruiting and stimulating circulating cells 

to form neo-tissue [27, 133]. For both in vitro and in situ cardiovascular tissue 

engineering approaches, major challenges are the selection of an appropriate cell 

source and to provide the right stimuli to guide the formation of an organized ECM 

to achieve and maintain tissue integrity and mechanical functioning.  

Adult peripheral blood contains a rare population of circulating cells with endothelial 

colony forming capacity [168], high proliferative potential, and in vivo vasculogenic 

potential: Endothelial Colony Forming Cells (ECFCs). ECFCs have been proposed as a 

potential cell source for in situ cardiovascular TE [36, 99, 139] because they express 

haematopoietic markers as well as endothelial markers [110]. ECFCs can be isolated 

from adult peripheral blood, though their presence in umbilical cord blood is 15-fold 

higher [74], and they are a useful tool for in vitro experiments. In addition, in the 
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context of in vitro TE, the high proliferative potential, ability to constitute an 

endothelial monolayer and easily accessible source make these cells an interesting 

potential alternative to HVSCs, which have to be harvested invasively. 

 

Laminar shear stress on ECFCs in 2D has been shown to differentiate ECFCs towards 

the endothelial phenotype, as assessed by the anti-thrombogenic potential of ECFCs 

[180, 181] and by the achievement of mature endothelial cell markers [179] with an 

arterial-like phenotype [121]. Moreover, ECFCs can change their differentiation 

pathway towards a mesenchymal phenotype, undergoing Endothelial-to-

Mesenchymal-transition (EndoMT). This same process occurs during embryonic 

valvulogenesis and is of great interest for matrix production for TE.  

A major stimulus that is present in cardiovascular tissues is cyclic strain. With in situ 

TE, for example, right after implantation of the scaffold, cells recruited to the 

scaffold in vivo will be under immediate and continuous cyclic strain, while producing 

the ECM that eventually should take over mechanical functionality from the scaffold. 

In adults, cyclic strain has been shown to induce EndoMT in valvular endothelial cells 

[9, 46, 104]. This process is characterized by a down-regulation of Tyrosine kinase 

with immunoglobulin-like domains (TIE2) [101] and an up-regulation of alpha smooth 

muscle actin (αSMA) [84]. An easily accessible circulating cell source capable of 

differentiating into endothelial cells as well as an ECM-producing cell type, such as 

ECFCs, would be of great potential for cardiovascular TE. However, little is known 

about the response of human ECFCs to mechanical strain with regard to their ability 

to create an oriented collagen matrix for load-bearing cardiovascular regeneration 

and TE.   

Sheep ECFCs have been shown to respond to TGFβ1 with αSMA upregulation and 

tissue formation in pre-seeded in vitro cultured heart valves [31, 138, 139]. There is 

evidence of colony forming cells expressing both hematopoetic and endothelial 

markers homing to cell-free constructs in vivo in response to chemokines such as 

stromal cell derived factor 1α (SDF1α) [145].  

 

Here we investigated the influence of static and cyclic mechanical strain on the 

production of an organized ECM by human ECFCs, by using a previously developed 

fibrin-based 3D tissue model to simulate neo-tissue formation [24]. As a control, 

HVSCs were used, since the response of HVSCs to mechanical strain has been well 

characterized previously [63, 70, 73, 170]. While native (cardiovascular) cells would 

be a good reference for an end-point comparison, we focused on the matrix 

organization in response to growth factors and mechanical strain.  

ECFC matrix production was assessed in the presence or absence of TGFβ1 and 

endothelial growth factors (eGFs), and in response to static or cyclic strain. We found 
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that ECFCs were able to produce collagen and elastin. To test the hypothesis that 

transdifferentiated ECFCs can respond differently to strain (i.e.: by producing an 

oriented collagen matrix), cells were primed with TGFβ1, in medium without eGFs, 

prior to the application of static or cyclic strain. The ECM composition (collagen I, III, 

IV and elastin) was determined by mRNA expression analysis, flow cytometry, 

colorimetric elastin assay and histology, whereas ECM architecture was monitored 

using confocal laser scanning microscopy (CLSM) combined with live imaging. 

Furthermore, cell phenotype, or a change thereof, was assessed from endothelial 

(Von Willebrand factor (VWF) and TIE2) and mesenchymal (αSMA) markers. 

5.2  Materials and methods 

5.2.1 Cell culture and experimental design 

ECFCs were isolated from human umbilical cord blood as previously described [19]. 

Approval was granted by a local ethics review board for the use of umbilical cord 

blood for stem cell research (01/230K, Medisch Ethisch Toetsings Commissie (METC), 

University Medical Center Utrecht). Written informed consent was given prior to 

collection of material. This consent procedure was approved by the METC. The study 

conforms with the principles outlined in the Declaration of Helsinki [1]. Three donors 

were used for 2D studies; one donor was used for 3D studies, performed in triplo 

(Figure 5.1). Briefly, the mononuclear cell (MNC) fraction was isolated from whole 

blood using Ficoll-paque density gradient centrifugation (400 g. for 30 minutes). 

MNCs were plated on rat-tail collagen type I (BD Biosciences, Bedford, MA) coated 

six-well culture plates (Costar; Corning Incorporated, Corning, NY) in a final 

concentration of 2x107 cells per well in endothelial growth medium (Medium A), 

consisting of endothelial basal medium (EBM-2) (Lonza) supplemented with 10% 

fetal bovine serum (FBS; Greiner Bio-One, Monroe, NC), 1% GlutaMax (Gibco, 

Carlsbad, CA), 1% penicillin streptomyocin (PenStrep; Lonza, Belgium) and Single 

Quots (EGM-2 BulletKit (CC-3162) containing hEGF, Hydrocortisone, GA-1000 

(Gentamicin, Amphotericin-B),  VEGF, hFGF-B, R3-IGF-1, Ascorbic Acid, Heparin), 

hereafter referred to as full medium. Medium was refreshed daily for the first 4 days. 

On day 7 the cells were trypsinized and plated on fresh collagen type I coated wells 

until colonies appeared. ECFC colonies were isolated and passaged at 90% 

confluency. ECFCs were used at passage 7-9. 

ECFCs were expanded in full endothelial growth medium (Figure 5.1). These cells 

were then cultured in 2D in different medium groups, referred to as; 1) full medium 

(as described before), 2) full medium +TGFβ1, 3) bare medium, and 4) bare medium 

+TGFβ1  (Figure 5.1). 5 ng/ml TGFβ1 is used for medium +TGFβ1. Bare medium 

consist of EBM-2, supplemented with 2% FBS for 2D culture and 5% FBS for 3D 
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culture, 1% GlutaMax, 1% PenStrep and from Single Quots only Hydrocortisone, GA-

1000,  Ascorbic Acid and Heparin. 2% FBS was used in bare medium in 2D to slow 

down proliferation and allow transdifferentiation. 5% FBS was used in bare medium 

in 3D fibrin gels to avoid cell starvation. The effects of eGF depletion and TGFβ1 

addition during exposure to static or cyclic strain were analyzed. To study the effect 

of sequential exposure to TGFβ1 and strain, primed ECFCs, defined as those cells 

obtained by 15 days of 2D culture of ECFCs in bare medium +TGFβ1, were 

subsequently cultured in 3D fibrin gels subjected to static or cyclic strain, cultured in 

bare medium +TGFβ1 as well (Figure 5.1). 

Vascular-derived cells, for 2D and 3D culture of control groups, were acquired from 

one donor in accordance to Dutch guidelines for secondary use material. HVSCs were 

isolated from a human vena saphena magna following established protocols [143]. 

Culture medium consisted of advanced Dulbecco’s modified Eagle’s medium (a-

DMEM; Gibco, Carlsbad, CA), supplemented with 10% FBS, 1% GlutaMax and 1% 

PenStrep and was refreshed every three days. The cells were passaged at 100% 

confluency. HVSCs were used at passage 7. 

5.2.2 Tissue culture and strain application  

5.2.2.1 Tissue culture 

To investigate strain-induced matrix formation and organization by the cells a 

previously developed system was used to host and strain 3D tissue constructs [24]. In 

brief, Velcro strips (8x3 mm) were glued to the flexible membranes of untreated 6-

well Bioflex culture plates (Flexcell, McKeesport, PA) by using Silastic MDX4-4210 

(Dow Corning, Midland, MI). For static culture, two Velcro strips per membrane were 

placed in opposite position to leave a rectangular space (4x5 mm) for a cell-

populated fibrin gel of 80 μl (Figure 5.1). For cyclic culture, four rectangular Velcro 

strips were glued per membrane to form a cross shape and leaving a square space 

(5x5 mm) for a cell-populated fibrin gel of 120 μl (Figure 5.1). This procedure was 

chosen because uniaxial static culture induces collagen orientation [24, 174], while 

cyclic straining of biaxially constrained tissues induces strain avoidance with 

concomitant collagen orientation in myofibroblast-seeded tissues [38, 174]. Hence, 

this set-up allows to study the mechano-responsiveness of cells and collagen  
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organization in 3D constructs. The Bioflex plates were placed on a Flexcell FX-40001 

system (Flexcell Int.) located in an incubator for prolonged strain application. The 

fibrin gels were used as temporary matrix to create 3D cell-populated constructs 

with sufficient tissue integrity for strain application [24]. In summary, bovine 

fibrinogen and bovine thrombin were combined to produce final construct 

concentrations of 10 mg/ml fibrinogen, 10 IU/ml thrombin and 15x106 cells/ml, 

based on methods used for TE heart valves [108]. ECFCs, primed ECFCs, and HVSCs 

(for control tissues) were mixed with the fibrin gel forming solution and plated 

immediately between the Velcro strips. The gels did not adhere to the flexible 

membrane (Figure 5.1). The constructs were incubated for 30 min at 37oC in a 

humidified 95/5% air/CO2 incubator to allow gelation before culture medium was 

added. For the first seven days of culture 1 mg/ml ε-Amino Caproic Acid (εACA; 

Sigma-Aldrich, St Louis, MO) was added to prevent fibrin degradation. Medium was 

replaced three times a week, and constructs were cultured up to 19 days in medium 

groups A-D. All medium groups for ECFCs contained EBM-2 with 1% GlutaMax and 1% 

Penstrep.  

5.2.2.2 Straining protocols 

The Flexcell system applies a strain to the Bioflex plates by applying a vacuum to the 

membrane, pulling the membrane over a loading post (Figure 5.1). Rectangular posts 

were used underneath the membranes, resulting in uniaxial strain applied to the 

tissues. Constructs in all experimental groups were first cultured statically for 5 days 

to achieve initial tissue integrity. Static strain constructs were then cultured for 

another 14 days (19 days total) while the tissue was compacted between the Velcro 

constraints. Cyclic constructs were subjected to cyclic strain for the next 14 days (19 

days total), using a previously established intermittent uniaxial straining protocol 

[24]. This protocol consisted of an intermittent strain with a sine wave between 0% 

and 5%, at a frequency of 1 Hz for periods of 3 hours, alternated with 3 hours resting 

periods.  Previous studies with HVSC-seeded constructs indicated that this protocol 

rapidly (< 3 days) results in aligned collagen formation in 3D tissues [24, 137]. 

5.2.3 Tissue analysis 

5.2.3.1 qPCR 

Total RNA was isolated from the tissues (n=3 per group) using Trizol isolation 

according to the manufacturer’s protocol (Trizol, cat#10296-010, Invitrogen, Life 

Technologies Europe BV, Bleiswijk, the Netherlands). Samples were dissolved in 

Trizol and homogenized with a Precellys 24 tissue homogenizer (Precellys, Bertin 

Technologies, Aix-en Provence, France). cDNA was synthesized using iScript 
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according to the manufacturer’s protocol (iScript, Cat#170-8891, Bio-Rad, Hercules, 

California, United States). qPCR was performed using the primers listed in Table 5.1 

and data was analyzed using the delta-delta CT method, normalized to GAPDH 

expression. 

Table 5.1: EndoMT markers and ECM genes and corresponding primer sequences used for qPCR. 

Gene Type Function Forward primer Backward primer 

VWF Endothelial Clotting factor CCGATGCAGCCTTT
TCGGA 

TCTGGAAGTCCCCA
ATAATCGAG 

TIE2 Endothelial Angiopoietin 

receptor 
TCCGCTGGAAGTTA
CTCAAGA 

GAACTCGCCCTTCAC
AGAAATAA 

αSMA Mesenchymal Cell contractility, 

structure 
CAGGGCTGTTTTCC
CATCCAT 

GCCATGTTCTATCGG
GTACTTC 

Elastin Extracellular 

matrix 

Elastic part CGCCCAGTTTGGGT
TAGTTC 

CACCTTGGCAGCGG
ATTTTG 

Collagen 

type I 

Extracellular 

matrix 

Load bearing part GTCGAGGGCCAAG
ACGAAG 

CAGATCACGTCATC
GCACAAC 

Collagen 

type III 

Extracellular 

matrix 

Fibrillar collagen TTGAAGGAGGATG
TTCCCATCT 

ACAGACACATATTTG
GCATGGTT 

Collagen 

type IV 

Extracellular 

matrix 

Basal lamina AGATAAGGGTCCA
ACTGGTGT 

ACCTTTAACGGCACC
TAAAATGA 

 

5.2.3.2 Immunohistochemistry and histology 

Immunohistochemistry was performed on cells cultured in monolayers (cultured 

statically) on coverglasses. Cells were fixed with 10% formalin (Sigma-Aldrich) for 15 

minutes and permeabilized with 0.1% Triton-X-100 (Merck, Germany) in PBS (Sigma-

Aldrich) for 10 minutes. To block non-specific binding, cells were incubated for 1h in 

2% w/v solution of bovine serum albumin (BSA, Roche) in PBS, followed by 2 hours 

incubation with the primary antibody solution in 0.5% BSA. After washing, the cells 

were incubated with the secondary antibody solutions and, subsequently, with DAPI. 

Samples were mounted onto rectangular microscope slides using Mowiol mounting 

medium and analyzed by fluorescent microscopy (Axiovert 200, Carl Zeiss). All used 

antibodies are listed in Table 5.2. Histology was performed on 3D tissue constructs. 

The constructs were first washed in phosphate-buffered saline (PBS), embedded in 

Tissue-Tek (Sakura, the Netherlands) and then frozen in isopentane at -80 0C. 

Transverse cross-sections of 10 µm were cut and stained with Verhoeff van Gieson 

(VvG) for detection of collagen and elastin and visualized by light microscopy.  
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Table 5.2: Antibodies and corresponding secondary antibodies used for immunofluorescence. 

Marker Primary antibody Secondary antibody 

CD31 Mouse anti-human IgG1 

(Dako) 

Alexa fluor 555 goat anti-

mouse IgG1 (Invitrogen) 

 1:200 v/v 1:300 v/v 

Collagen type I Rabbit anti-human IgG 

(Abcam) 

Alexa fluor 555 goat anti-

rabbit IgG(H+L) (Invitrogen) 

 1:300 v/v 1:300 v/v 

Collagen type III Rabbit anti-human IgG 

(Abcam) 

Alexa fluor 555 donkey anti-

rabbit IgG(H+L) (Invitrogen) 

 1:200 v/v 1:300 v/v 

Collagen type IV Mouse anti-human IgG1 

(Abcam) 

 

 1:200 v/v 1:300 v/v 

αSMA Mouse anti-human IgG2a 

(Sigma) 

Alexa Fluor 488 goat anti-

mouse IgG2a (Invitrogen) 

 1:500 v/v 1:300 v/v 

 

5.2.3.3 Live confocal microscopy 

To visualize the organization of cells and collagen fibers in the engineered constructs, 

confocal microscopy was performed as described previously [16]. In short, samples 

were labeled by Cell Tracker Orange (CTO; Invitrogen Molecular Probes) and CNA35-

OG488 (CNA) [83], to fluorescently stain cell cytoplasm and collagen respectively. 

CTO and CNA are excitable at 466 nm and 520 nm. Scans were made using an 

inverted Zeiss Axiovert 200 microscope (Carl Zeiss, Oberkochen, Germany) coupled 

to an LSM 510 Meta (Carl Zeiss) laser scanning microscope.  

5.2.3.4 Flow cytometry 

Cells cultured in 2D with medium A and D were trypsinized and allowed to recover 

for 10 minutes at room temperature in EBM-2 medium with 2% serum. After 

washing with PBS, the cells were fixated, permeabilized and stained with LeukoPerm 

(cat# YSRTBUF09, Gentaur Belgium BV, Kampenhout, Belgium) according to the 

manufacturers protocol. In summary, cells were washed in PBS and stained for the 

extracellular marker CD31, washed and fixated for 15 minutes in fixation buffer. 

Following washing steps in PBS the cells were permeabilized and stained for the 

intracellular marker αSMA for 30 minutes. After final washing steps the cells were 

analyzed on a FACS CANTO II flow cytometer and data was analyzed using FACSDIVA 

software. 
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5.2.3.4 Elastin quantification 

The Fastin Elastin Assay (Biocolor, UK) was used to quantify elastin content in tissue 

samples, in the same samples as qPCR was performed on first. To extract proteins 

from tissue samples in Trizol, protein isolation was performed using 2-propanol 

(Merck) and proteins were washed using guanidine hydrochlorine (0.3 M, Sigma), 

according to manufacturer’s protocol. To extract insoluble α-elastin from tissue 

samples, several extraction steps were used, incubating tissue samples with oxalic 

acid anhydrous (0.25 M, Fluka Chemie, St. Louis, MO) 3 times for 1 hour at 1000C. 

The extract was treated as described in the manufacturer’s protocol, and dye 

intensity was measured at 513 nm. Elastin content was calculated in μg per amount 

of tissue sample, for n=3.  

5.2.3.5 Statistical analysis 

Results are shown as means +/- standard deviation. Statistical analysis was 

performed using GraphPad Prism 5.0 (GraphPad Software, San Diego, California, USA) 

and p-values of <0.05 were considered significant. T-test was used to analyze flow 

cytometry data and one-way ANOVA with post-hoc Tukey analyses were used to 

analyze qPCR and elastin data. 

5.3 Results  

Culturing ECFCs in 3D under static strain resulted in a significant upregulation of gene 

expression levels for collagen I and III relative to ECFCs in 2D (Figure 5.2). In addition, 

histology showed that ECFCs had produced collagen as well as elastin throughout the 

tissue constructs (Figure 5.3A). No clear elastin structures were found in HVSC tissue 

constructs, though the elastin quantification (Figure 5.3B) showed that elastin 

protein was produced in amounts similar to ECFCs. The strained ECFCs showed no 

significant differences in elastin content for the different conditions (Figure 5.3B). 

The expression of collagen I and III in cyclically strained constructs was significantly 

reduced relative to the static controls (Figure 5.2A), indicating an inhibitory effect of 

cyclic strain. These results were consistent for all medium groups, indicating that 

collagen I and III gene expression was predominantly related to the type of strain 

applied, rather than to growth factors in the culture medium. The confocal images 

showed that, contrary to HVSCs, ECFCs deposited collagen in tubular structures, 

except when cultured in the presence of TGFβ1 and the absence of eGFs under static 

strain (Figure 5.4A). Here, collagen was aligned to strain direction, similar to HVSC- 

seeded controls (Figure 5.4C). Tubular structures extended through the construct, as 

shown in a 3D reconstruction of confocal images (Figure 5.5, corresponding to the 2D 

image in Figure 5.4D). 
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Figure 5.2: qPCR of collagen I, III and elastin of ECFCs and primed ECFCs under static 

and cyclic strain in 3D. Expression of ECM genes is shown relative to primed ECFCs 

before seeding into the 3D gels. (A) Cyclic strain significantly decreased expression of 

collagen type I and III in ECFCs for all medium groups. Expression of collagen IV was 

not detected. (B) Cyclic strain significantly upregulated expression of collagen type I 

and III in ECFCs primed with TGFβ1. Elastin expression was reduced in these cells in 

response to cyclic strain. * = p <0.05, ** = p <0.01, N=3. 
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Figure 5.3: Verhoeff van Gieson staining on slices of 3D constructs for elastin and collagen (A) 

and Fastin Elastin quantification of elastin (B). Representative images are shown for the 

staining (A), with elastin in blue-black and collagen in red. On this global scale results for all 

ECFC groups (all medium groups, static or cyclic strain) were similar. (i) ECFCs showed both 

collagen and elastin, (ii) HVSCs showed only collagen. (iii) Native human tissue was used as a 

positive control for collagen and elastin. Scale bar 100 μm.  

Elastin quantification (B) showed significant differences; cyclic full medium +TGFβ1 is higher 

than static bare medium +TGFβ1 and primed static, and HVSC static is higher than static full 

medium +TGFβ1, static bare medium +TGFβ1 and primed static. * indicates p<0.05, N=3. 

Figure 5.4: Confocal images of details (duplo) of ECFC- and HVSC-seeded constructs. 

Constructs were cultured for 19 days in all medium groups and under static or cyclic strain. 

Cells are shown in red, collagen in green. (A) ECFCs formed cell colonies and produced 

tubular collagen structures (indicated by white arrows) independent of medium type or 

strain, except when cultured in bare medium +TGFβ1 under static strain, when a slightly 

more alinged matrix was observed. (B) Primed ECFCs distributed more homogenously 

throughout the tissue and deposited collagen more homogenously throughout the tissue. 

(C) HVSCs showed distinct collagen alignment and strain responsiveness: collagen aligned 

parallel to the uniaxial strain direction in case of static straining and orthogonal to the 

strain direction in the cyclically loaded, biaxially constrained tissues. Scale bar indicates 50 

µm. The difference in tubular structure for ECFCs and more homogeneous collagen 

distribution for primed ECFCs is shown in Supplemental Movies for image (D) and (E). 

 

* 

* 
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We tested whether priming ECFCs by TGFβ1 addition and eGF depletion could 

initiate transdifferentiation into an ECM-expressing cell type that is strain-responsive. 

To confirm endothelial phenotype, ECFCs were analyzed by flow cytometry (Figure 

5.6): ECFCs were positive for endothelial markers CD105, CD31 and KDR, while being 

negative for leukocyte markers CD14 and CD45, indicating a mature endothelial 

phenotype [74]. After two weeks of 2D culture in bare medium +TGFβ1, the mRNA 

levels of endothelial markers (VWF and TIE-2) were downregulated, while the 

expression of αSMA was significantly upregulated compared to full medium (Figure 

5.7A). The expression of the ECM genes collagen I, III and elastin was upregulated 

significantly in bare medium, with or without TGFβ1 (Figure 5.7B). 

Immunohistochemistry showed that, while αSMA stress fibers were present, CD31 

also remained detectable (Figure 5.8). However, in the presence of TGFβ1 the 

localization of the CD31 protein shifted from the cell membrane to a more cytosolic 

distribution (Figure 5.8), indicating a loss of intercellular adhesion. Culturing ECFCs in 

a 3D environment in these culture media under static or cyclic strain resulted in no 

reduction of endothelial markers or increase in αSMA for any medium condition 

(Figure 5.9). 

 

 

  

Figure 5.5: A 3D reconstruction of tubular structures formed by ECFCs in 3D fibrin gels. ECFCs in 

this image were cultured with full medium +TGFβ1 with static strain, but is representative for all 

ECFC groups that where not primed before culture in 3D. Confocal scans are converted to a 3D 

reconstruction showing a typical example. The tubular structures extend through the construct. 

Cells are shown in red, collagen in green. Scale bar indicates 50 μm. 
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Figure 5.6: Flow cytometry of ECFCs before and after priming with TGFβ1 and depletion of 

eGFS for 15 days. (A) The percentage of cells positive for αSMA increased to 20%. The 

percentage of cells positive for CD31 remained 100%. (B) Representative scatterplots of 

ECFCs before priming with TGFβ1 and (C) after priming with TGFβ1. Scalebar indicates 200 

µm. 
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Figure 5.7: qPCR of ECFCs cultured in 2D for 14 days on collagen type I coating. (A) 

Full medium +TGFβ1 and bare medium showed an increased αSMA expression 

compared to ECFCs of full medium. Bare medium +TGFβ1 showed a light 

downregulation of endothelial markers VWF and TIE2, while the expression of 

αSMA was significantly upregulated. (B) With full medium +TGFβ1 and bare 

medium with or without TGFβ1 a significant increase in collagen type I, III and 

elastin was detected. A decrease in collagen IV expession was found. * = p <0.05, 

** = p <0.01, N=3. 
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Figure 5.8: Phase contrast and immunofluorescent images of ECFCs cultured for 14 days 

on coverglasses in different media. Phase contrast pictures at 10x magnification showed 

the complete change in ECFC morphology in bare medium +TGFβ1, where cells are 

elongated and they have lost the cobblestone morphology, still retained by ECFCs 

cultured in the other media. Immunostaining for CD31 (red),  αSMA (green) and DAPI 

(blue), confirmed the differences observed by optical imaging, with loss of CD31 in part of 

the cells cultured in full medium +TGFβ1 and bare medium +TGFβ1, and αSMA stress 

fibers only detected in bare medium +TGFβ1. Immunostaining for collagen type III 

(green), IV (red) and DAPI (blue) showed a decrease in matrix production in bare medium 

with or without TGFβ1. This result was also confirmed for collagen type I (red). The 

scalebar represents 100 μm. 
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To assess the response to sequential exposure to TGFβ1, in bare medium, in 2D 

followed by mechanical strain in 3D, the cells were cultured for two weeks in bare 

medium + TGFβ1. 20% of the cells were positive for αSMA and 100% for CD31 as 

measured by flow cytometry, confirming qPCR (Figure 5.10) and 

immunohistochemistry results (Figure 5.8). The primed ECFCs were then all cultured 

under static or cyclic strain conditions in 3D in bare medium +TGFβ1. These cells 

distributed more homogenously throughout the fibrin tissue (Figure 5.4B, Figure 

5.11), similar to HVSCs (Figure 5.4C), and deposited collagen in a more homogenous 

pattern (Figure 5.4B). Collagen I and III expression was significantly increased and 

elastin was decreased in response to cyclic strain as compared to static strain (Figure 

5.2B). No collagen IV expression was observed. Although lowered by cyclic strain, the 

elastin gene expression in static constructs remained higher in primed ECFCs in 3D 

compared to primed ECFCs in 2D. There was, however, no alignment of the produced 

collagen fibers in response to strain directionality (Figure 5.4B). In contrast, HVSCs, 

frequently used in pre-seeded TE, showed a higher gene expression for collagen I 

(Figure 5.12) and a clear alignment of matrix in response to strain direction (Figure 

5.4C).  

 

 

 

Figure 5.9: qPCR of ECFCs cultured in 3D in all medium groups under static or cyclic strain. 

Expression of EndoMT genes is shown relative to ECFCs before seeding into the 3D gels. Medium 

groups and static or cyclic strain did not result in any significant altering of the gene expression of 

VWF, TIE2 and αSMA. N=3. 
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Figure 5.10: Flow cytometry of ECFCs before and after priming with TGFβ1 and depletion of 

eGFS for 15 days. (A) The percentage of cells positive for αSMA increased to 20%. The 

percentage of cells positive for CD31 remained 100%. (B) Representative scatterplots of ECFCs 

before priming with TGFβ1 and (C) after priming with TGFβ1. 

Figure 5.11: A 3D reconstruction of more homogeneous collagen distribution by primed 

ECFCs in 3D fibrin gels. Confocal scans were converted to a 3D reconstruction showing a 

typical example. No tubular structures can be observed. Cells are shown in red, collagen in 

green. Scale bar indicates 50 μm. 
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5.4 Discussion 

Our results show that EFCFs in 3D constructs produce organized collagen and elastin. 

At the gene expression level, however, cyclic straining of the constructs – even in the 

presence of TGFβ1 – was shown to inhibit ECM expression as compared to static 

strain conditions after 19 days of culture. Interestingly, priming ECFCs with TGFβ1 

prior to exposure to strain was shown to upregulate the expression of ECM genes in 

a mechanically active environment. Considering that ECFCs represent a promising 

cell source for cardiovascular TE, this finding is highly relevant, both for in vitro TE in 

which preconditioning of the cells before implantation is crucial, and in in vivo TE 

during which the mechanical strain plays a major role. The observation that priming 

Figure 5.12: qPCR of HVSCs and pre-treated ECFCs cultured in 2D. Expression of ECM genes is 

shown relative to ECFCs, cultured in 2D in full medium. Pre-treated ECFCs show an up-

regulation of collagen I compared to ECFCs. HVSCs on the other hand, expressed collagen type 

I significantly more than pre-treated ECFCs did. No significant differences were found 

comparing HVSCs with pre-treated ECFCs for collagen III, IV and elastin. * = p <0.05, ** = p 

<0.01, N=3. 
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with TGFβ1 is required to obtain proper neo-tissue development is consistent with 

results in heart valve TE [28] and other tissue engineering fields such as myocardial 

and vascular regeneration [12, 95]. This leads to important consequences for scaffold 

designs and culture protocols for TE approaches, such as the necessity to incorporate 

bioactive molecules.  

In 2D static ECFC culture, removal of eGFs and addition of TGFβ1 induced a change of 

phenotype towards a tissue producing phenotype on gene expression level. In 3D 

fibrin gels under static strain conditions, ECFCs showed an upregulation of ECM 

genes, regardless of TGFβ1 or eGF depletion, indicating that placement in a 3D 

environment by itself promotes ECM gene expression. This upregulation was not 

seen when ECFCs were cyclically strained. It is likely that ECFCs require additional 

stimulation to develop the ability to respond to a mechanically active environment. 

In addition, there were no significant differences in the amount of elastin protein 

produced by ECFCs regardless of culture medium or straining. This contrasts with the 

downregulation of elastin mRNA found in response to cyclic strain in all conditions, 

and may be explained by deposition of elastin proteins prior to downregulation of 

the elastin gene. Histology showed that in spite of elastin production, HVSCs were 

not able to form elastin structures on a tissue level, whereas ECFCs did produce 

elastin in a more organized manner, which can be observed in histology (Figure 5.3A). 

TGFβ1-Primed ECFCs gave a more homogeneous distribution of cells and collagen 

throughout the 3D constructs and an upregulation of ECM gene expression for 

collagen I and III in cyclic compared to static strain. These results underline the 

importance of the 3D in vitro environment and an appropriate sequence of exposure 

to biochemical and mechanical stimuli for matrix production, relevant for the 

optimal engineering of load-bearing cardiovascular tissues. Compared to the tubular 

structures that developed with ECFC cultures (Figure 5.5), the ECM structure formed 

by TGFβ1-primed ECFCs may result in better load-bearing tissues. These cells 

produced a more homogeneous distributed matrix, and even though 2D images 

seem to show tubular structures with smaller diameters (Figure 5.4B), in the 3D 

reconstruction (Figure 5.11) it can be appreciated that these structures do not 

extend throughout the construct. For load-bearing properties this will give better 

results, even though still not comparable to the aligned collagen fibers formed by 

HVSCs (Figure 5.4C). Although sequential stimulation has been frequently studied for 

the production of ECM for in vitro cardiovascular tissue engineering applications [95, 

137, 138, 157, 165], matrix production and in particular matrix orientation by 

circulating progenitor cells, a potential cell source for in situ TE applications, has 

received little attention, but could lead to promosing results.   
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ECFCs are capable of constituting a mature endothelial lining after culture [121, 179-

181] and stem from a circulating progenitor precursor. ECFCs represent a model 

system for circulating progenitor cells capable of populating single-step in situ 

vascular grafts and heart valves [5, 77, 99]. The lower circulating progenitor cell 

number in peripheral blood and specific attraction of ECFCs into such grafts remain 

challenging and important hurdles [26, 162]. Potential strategies could draw 

inspiration from studies showing increased mobilization in response to factors 

released following ischemic damage [97]. It has been shown that with use of VEGF 

the number of circulating endothelial progenitor cells (EPCs) can be increased [26]. It 

is likely that any cell-free graft will attract a mixed population of cells, and strategies 

are actively being developed to preferentially attract progenitor cells [26, 162]. 

Attraction of a selective cell population has been extensively reviewed by de Mel et 

al. [26], where they discuss a strategy where endothelium derived macromolecules 

are used to assist in specific EPC adhesion. Also in cardiovascular engineering, 

biofunctionalization of materials with RGD peptides have been reported to increase 

EPC adhesion. In addition, compared to HVCS, a clear advantage of ECFCs is their 

circulating nature, making them a more easily accessible cell source for both in situ 

and in vitro TE strategies. 

 

Our data suggest that optimizing the timing between attracting circulating cells to 

the scaffold and exposing them to biochemical cues may be of critical importance for 

cardiovascular TE. The timing could potentially be influenced in an in situ TE context 

by incorporating TGFβ1 directly into scaffold material with slow release systems [126, 

146]. The idea of combining effects of bioactive materials to induce differentiation 

with scaffolds with load-bearing mechanical properties has been reviewed by Sewell-

Loftin et al. [147]. In addition, it was previously reported that after seeding sheep 

ECFCs into a 3D scaffold, expression of αSMA and ECM genes was increased [31, 138] 

though no mechanical straining was applied in these studies. Consistent with our 

results, these cells were reported to express both αSMA and CD31 after TGFβ1 

stimulation. Electrospun scaffolds prepared with oriented fibers could provide 

contact guidance and a 3D environment for the cells, potentially resulting in cellular 

and matrix alignment along the fibers. 

In our study only a limited number of cells primed with TGFβ1 responded with αSMA 

gene upregulation. A non-uniform transdifferentiation of ECFCs into tissue producing 

cells may be due to a variation in differentiation potential [123], and could also 

explain why the TGFβ1-primed ECFCs were not strain-responsive and unable to align 

themselves and the deposited collagen fibers. A limitation to our experiments is that 

we only studied neo-tissue formation on one time point in its early phase. How this 
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tissue develops and matures over longer periods of time should be carefully 

examined in in vivo studies.  

This study indicates that biochemical and mechanical cues can be used to induce 

matrix formation by ECFCs in in vitro models of early tissue formation. The presented 

3D model system, possibly extended with scaffold structures, represents an 

attractive method to elucidate the dosing and timing of required stimuli to develop 

in situ heart valve replacement alternatives.  

 

In conclusion, we showed that ECFCs can produce ECM, but do not do this in 

response to strain to create an oriented, load-bearing collagen organization, needed 

for cardiovascular functioning. TGFβ1-priming of ECFCs enhanced matrix production 

but did not induce production of an ECM with load-bearing organization. Our results 

indicate that the well-studied response to mechanical strain of HVSCs cannot be 

directly extrapolated to other cell types without further research. This has great 

implications for the use of this cell source for tissue engineering of cardiovascular 

structures; ECFCs could form an endothelial lining on the surface of a engineered 

tissue and have the potential to produce ECM, but specific triggers are required to 

stimulate these cells to produce an oriented collagen matrix. 
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In situ cardiovascular tissue engineering (TE) is becoming a field of focus within the 

tissue engineering field. Major steps have been made in creating suitable scaffolds 

and studies have been adopted with, for example, implantation of functionalized 

scaffolds that transform into living blood vessels in vivo [133]. However, there are 

still many scientific issues to be addressed before in situ TE of cardiovascular tissues 

can be used as a clinical therapy. One of the main issues is guiding collagen 

orientation in situ to achieve mechanically functional and robust tissues. Here we 

briefly review the main findings of our research performed on this topic, and discuss 

these in light of the methods used and future clinical applications.  

6.1 Main findings 

In this thesis, some critical steps have been made with respect to guiding collagen 

orientation in engineered tissues. We have focused on in situ heart valve engineering, 

but as the studies were performed on a cell-matrix level, the results can be 

translated to other cardiovascular structures, such as blood vessels. With the 

knowledge obtained in this thesis, we now are closer in creating a suitable scaffold 

for the (in situ) formation of an anisotropic load-bearing collagen matrix. To achieve 

this goal, in vitro model systems of engineered tissue constructs were developed to 

study collagen orientation in response to scaffold architecture, scaffold degradation 

and external load application. 

 

Initially, (chapter 2 & appendix A) we set out to study collagen formation and 

reorientation in response to strain and mechanical constraints. In our model system, 

designed to study the effects of both static and cyclic straining with different 

mechanical constraints, we monitored collagen (re)orientation in time. Under static 

strain conditions, collagen fibers oriented in the direction of the highest strain, while 

collagen oriented perpendicular to the direction of strain upon cyclic straining. A 

subsequent change in cyclic loading direction resulted in collagen reorientation of 

the surface layer of the neo-tissue within one day. No change in collagen orientation 

was seen in deeper tissue layers. This, we hypothesize, is due to contact guidance of 

the collagen fibers in these denser tissue layers.  

 

Indeed, in chapter 3 we show that contact guidance dominates strain-avoidance 

effects in electrospun micro-fiber scaffolds. Strain had no influence on cell and 

collagen orientation in the tissue constructs, where cell and collagen orientation was 

determined by the orientation of the scaffold fibers. This indicates that scaffold 

structure provides a strong mechanism to create tissues with a ‘first time right’ 

collagen fiber architecture.  
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The ultimate goal for in situ TE would be the use of biodegradable materials that will 

degrade over time, being taken over by autologous tissue. Ideally, a balance needs to 

be created between scaffold degradation and tissue formation. As the scaffold 

micro-fiber structure guides and dictates collagen architecture in the neo-tissue, 

scaffold degradation and the resulting lack of guidance needs to be fine-tuned. We 

observed, in chapter 4, that indeed degrading the scaffold to a higher extent results 

in strain-directed orientation of collagen, already within one week. This fast 

reorientation reflects the need for a slow, or late, degrading scaffold, to enable the 

neo-tissue to mature into a more dense and stable, cross-linked tissue that is 

resistant to remodeling. The scaffold fiber orientation should coincide with the 

collagen orientation forced upon by strains applied to the neo-formed tissue in situ, 

to prevent the necessity for remodeling of the tissue upon scaffold degradation.  

 

Currently, myofibroblasts are frequently used for in vitro cardiovascular TE and are 

therefore also the standard cell type in our model systems. This cell type, however, 

needs to be harvested from a patient invasively, and is not the most likely cell type to 

be attracted in situ. Endothelial colony forming cells (ECFCs) are being considered as 

a candidate cell source for in situ TE [35, 99, 139], as these cells are in circulation and 

can contribute to neo-endothelialization and matrix producing cell colonies. Contrary 

to the myofibroblasts, however, ECFCs do not produce a load-bearing, anisotropic 

collagen architecture, but a more tubular-like collagen organization, which is not 

directed by strain or growth factors (chapter 5). Apparently, biochemical and/or 

mechanical cues are insufficient to guide ECFCs to produce an anisotropic collagen 

architecture that provides for a load-bearing tissue. We hypothesize that with an 

aligned scaffold, such as used in chapter 3 & 4, ECFCs will be able to produce a matrix 

aligned along the scaffold fibers.  

6.2 Understanding collagen remodeling 

To understand the underlying mechanisms of collagen remodeling in order to guide 

and control collagen orientation for in situ TE, we set out to study the different 

impacts of two major processes in collagen remodeling: collagen reorientation and 

collagen resynthesis. The first process refers to collagen remodeling through cell-

mediated reorientation of the collagen, with cell traction via focal adhesions. The 

latter refers to collagen remodeling by collagen degradation and synthesis, in a 

strain-dependent fashion. 

Our model system (chapter 2 & appendix A), developed to study these phenomena, 

proved to be very suitable to visualize collagen and cell orientation over time and 

showed the strain-avoidance behavior of cells in 3D tissues, but no remodeling in 

deeper, denser tissue layers upon a change in cyclic straining direction. Foolen et al. 
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[38] corroborated this finding as they also showed that with a dense collagen 

network, remodeling does not occur under cyclic strain; at least not within a time 

frame of several (3) days. Lee et al. [90] demonstrated that existing, pre-aligned 

tissue subjected to a change in (static) strain direction indeed only remodels after a 

much longer time-period. In neo-tissue, however, collagen reorientation is a fast 

process to occur within a few days (<4 days) [56, 91, 111, 115, 124], whereas 

collagen resynthesis is a process that needs a longer time span of several days up to 

weeks [14, 56, 81, 120, 124, 127, 150]. These findings confirm that studying both 

reorientation and resynthesis in neo-tissue simultaneously and in real-time is 

virtually impossible and requires dissecting both processes to study their relative 

contribution to collagen remodeling. 

 

Collagen remodeling, however, hardly occurs in a mature, dense, anisotropic 

collagen network. This might be caused by the contact guidance from the dense, 

anisotropic collagen network, dominating over reorientation and resynthesis. This 

fits well with in situ TE, where scaffolds that may provide contact guidance will be 

implanted. Addition of an electrospun micro-fiber scaffold (chapter 3) to our model 

system showed the dominant nature of contact guidance as strain-induced collagen 

remodeling did not occur at all. Previous corroborating findings of Niklason et al. 

[119] indeed showed that smooth muscle cells, in polyglycolic acid scaffolds, aligned 

along the scaffold fibers, even with cyclic strain. Other studies showed that, under 

static conditions, cells align along the scaffold fibers [34, 61, 94, 100]. Subramony et 

al. [154] demonstrated that with the use of nano-fibers, cells will respond to strain as 

they can span across scaffold nano-fibers. Apperently, the size of the scaffold fibers 

is crucial in guiding both collagen orientation and cell response. Since we intend to 

guide collagen organization in engineered tissues, we feel that contact guidance of 

scaffold micro-fibers is the way to do so, singling this out as the only cue for cells and 

collagen to respond to, without the need to take strain-induced effects into 

consideration. This should result in a dense anisotropic collagen matrix, before the 

scaffold degrades. 

 

For in situ TE, ultimately, the scaffold needs to be degraded. We show that after 

substantial degradation, remodeling occurs (chapter 4) and cells will get activated 

[29], which was also observed by Niklason et al. [119]. This could be avoided by 

creating a dense tissue in which collagen reorientation is less likely to remodel [38, 

90] (chapter 2). Using a micro-fiber scaffold we can guide collagen orientation from 

the start of neo-tissue formation, but with scaffold degradation in neo-tissues 

collagen is not dense enough to prevent remodeling. The ideal scaffold, therefore, 

should degrade slowly or at a late time point, so tissue can grow more dense and 



General discussion | 93 

 

 
 

mature over time. To prevent the induction of remodeling, scaffold fibers should be 

oriented along the axis of highest strain.   

 

ECFCs, as a circulating cell source for in situ TE, however, are not strain-responsive 

(chapter 5) and will therefore not respond in terms of orientation and collagen 

alignment. ECFCs have been shown to be able to infiltrate into a scaffold and 

produce matrix [138]. The lack of strain-responsiveness of these cells may actually be 

beneficial for in situ TE. ECFCs respond to contact guidance by scaffold fibers, align 

along these fibers, and produce collagen in the direction of the fibers (Fioretta et al. 

(unpublished data)). If these cells could be stimulated to produce enough collagen, 

strain-induced remodeling upon scaffold degradation is unlikely to occur, potentially 

providing for a load-bearing collagen architecture in neo-tissue, assuming that ECFCs 

will not further differentiate at a later stage.  

6.3 Model systems 

The choice for in vitro model systems to study collagen (re)orientation for TE of heart 

valves is of vital importance, because obviously, outcomes are affected by variables 

in the models. Variables in model systems in this thesis were fibrin gel versus fibrin-

seeded electro-spun scaffolds as carrier for the cells, and mechanical versus 

biochemical stimulation in order to stimulate anisotropic collagen production.  

6.3.1 Fibrin  

Fibrin is used to create complete TE heart valves [132], for pre-clotting of materials 

[65], as a cell carrier [108], and to make tissues non-permeable [108]. Cells can easily 

degrade fibrin and produce their own extracellular matrix (ECM) while present in a 

fibrin construct. Because of the latter two properties, and to dissect the presence of 

a synthetic scaffold on the remodeling process, fibrin was used to create fibrin-based 

model systems in chapters 2 & 5 & appendix A. Fibrin can be used for direct cell 

entrapment when creating a construct and it has cellular adhesion sites and can bind 

other matrix molecules and growth factors [3]. Fibrin allows for early application of 

strain to a construct, without tearing [98]. Since the fibers of a fibrin matrix are 

typically thinner, shorter and straighter than collagen fibers [59], cells can easily 

degrade fibrin fibers, inducing for example compaction of the tissue [156]. Especially 

the fact that these fibrin fibers are thinner and shorter, provides for a gel system that 

does not result in contact guidance to cells cultured in it and, with time, fibrin 

degrades, leaving a tissue with cell produced matrix only. Fibrin gels are therefore 

the most suited environment to study cells, mostly affected by applied strain and 

constraints, to study the strain-sensitivity of the cells and produced collagen 

orientation (chapter 2 & 5).  
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6.3.2 Scaffold 

Contact guidance was introduced in chapters 3 & 4 by adding a micro-fiber scaffold 

to the fibrin model system. Cells were seeded into the scaffold, using fibrin gel as a 

carrier [3]. Electrospun polycaprolactone bisurea (PCL-U4U) scaffold was used for its 

excellent mechanical behavior: the thermoplastic elastomer scaffold can be placed 

under cyclic strain without signs of fatigue or creep.  

Anisotropy of the scaffold fibers can stimulate cells to increase collagen synthesis [89, 

159], and more importantly, it provides a template to create a preferred tissue 

anisotropy. As was observed in chapter 3, cells were able to adhere to more than 

one fiber, cells were relatively large (with lengths of approximately 50 μm) compared 

to fiber diameter (approximately 5 μm). Therefore, by straining the scaffold, cells 

attached to scaffold fibers were presumably also strained, but strain had no effect on 

their orientation.  

6.3.3 Mechanical stimulation 

For heart valves, strain is a major mechanical cue applied to the leaflet tissue in 

circulation. Previously, it was shown that intermittent strain is a good regimen for 

fast tissue formation [137], which was used to our benefit in chapters 2 & 5. When 

using our model system to mimic the in vivo situation, higher continuous strains are 

more representative. We therefore applied a continuous straining regimen to the 

scaffolds in chapter 3. 

Static constraints can have major implications for collagen orientation [174], as was 

also seen in chapter 2, biaxial constraints resulted in an isotropic collagen orientation, 

whereas subsequent uniaxial constraints resulted in collagen reorientation into the 

direction of constraints. Since heart valve leaflets are constraint in a geometrically 

complex manner (not merely uniaxial) and leaflets should not retract, the static 

constraints were to take under consideration and were used as control in all chapters, 

and for simplicity of the experiments in chapter 4 only static strain was used.  

To study the constraints of heart valve leaflets and strain applied by flow from the 

circulation, in vitro studies should be performed on heart valve-shaped scaffolds, 

cultured in a bioreactor, applying flow to the heart valve. This provides the 

opportunity to test scaffold fiber orientations, and the influence of these constraints 

and strain on collagen orientation after scaffold degradation.  

6.3.4 Biochemical stimulation 

Culturing in an in vitro model system as used in this thesis – six wells plates with 

fibrin gels or scaffold constructs attached to the bottom of the wells – allows for easy 

addition and removal of culture medium, and therefore also for easy addition and 
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removal of any biochemical agents. We used this for biochemical stimulation in 

chapter 5, providing or depleting the cells of growth factors, such as TGFβ1 or 

vascular endothelial growth factor (VEGF). ECFCs, as used in chapter 5, are known to 

respond to biochemical stimuli with differentiation: sheep ECFCs respond to TGFβ1 

with differentiation and tissue formation in pre-seeded in vitro cultured heart valves. 

Depletion of VEGF was also expected to results in differentiation of ECFCs, since 

VEGF is a strong endothelial cell factor known to stimulate vasculogenesis and 

angiogenesis by increasing migration and mitosis of endothelial cells. These growth 

factors were easily added or removed from the medium, but did not result in the 

desired effect in this study; differentiation of ECFCs and a different collagen 

orientation due to this differentiation in 3D. This provides further evidence that the 

processes in collagen orientation are complex and not merely residing on for 

example the presence of growth factors. 

6.3.5 Model system of choice 

The preferred model system, with the variables studied in this thesis, should 

incorporate porous micro-fiber scaffolds and must be studied under continuous 

cyclic strain. This mimics best the in vivo situation of in situ TE. As such, the model 

system provides a versatile platform to study how to guide collagen orientation in 

neo-tissues with a scaffold, and especially, after degradation of the scaffold, in 

combination with applied cyclic strain. In addition, biochemical agents, dependent 

on the cell type used, can be added and studied. Obviously, an in vitro model system 

does not provide the means to study long-term tissue formation (months) or true 

heart valve geometries, which are both important to evaluate before moving 

forward to clinical testing. In vitro long-term tissue formation with proliferating cells 

has been shown to result in the apposition of tissue layers around the tissue in the 

scaffolds. In vitro models do however allow for higher throughput, well-controlled 

short-term experiments and the inclusion of additional hemodynamic loads, such as 

flow, in preparation of longer-term preclinical testing using animal models. True 

heart valve geometries can be studied in bioreactors prior to in vivo testing, but the 

option of real-time monitoring of tissue structure and remodeling, which is a great 

advantage of the current model system, will be lost. Overall, in vitro modeling is an 

essential step in the entire research chain from basic understanding of tissue 

remodeling and studying scaffold properties up to in vivo application.  
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6.4 Future perspectives  

The most important questions that remain are: (1) how do we create the perfect 

scaffold? (2) Which cell source is the ultimate cell source we should aim for using in 

situ TE and (3) what biochemical stimuli and growth period are associated with this 

ultimate cell source? (4) What is the effect of patient variability on collagen 

production?  

6.4.1 Scaffold 

The scaffold will have to attract (only) appropriate cells, have near-native fiber 

architecture, and degradation should be optimized as well as fiber diameter and void 

space. We have proven that the scaffold fiber diameter should be in the micro-meter 

range, so strain-mediated effects can be neglected while the scaffold is in place. It is 

clear that collagen orientation is critical for the mechanical functionality of the valve; 

the scaffold fiber orientation should provide the template to guide the collagen 

orientation. The main challenge here is creating a scaffold fiber structure that mimics 

the native collagen fiber architecture. How good, or how near-native this should be 

can be tested using  complete TE heart valves in bioreactors.  

6.4.2 Cell source 

The appropriate cell source is still to be defined. It has been shown in functionalized 

scaffolds, used as vascular grafts, that cells from adjacent tissue and/or from the 

bloodstream populate these scaffolds [133]. ECFCs are potentially a good candidate 

cell source (chapter 5), but proof is needed that these cells can indeed populate the 

scaffold in vivo, proliferate within the scaffold, and form a load-bearing collagen 

matrix. These aspects may also vary between patients receiving a scaffold for in situ 

valve or vessel formation. When the ideal cell source is determined to be recruited 

from adjacent tissues and/or the circulation, in vitro testing with the model systems 

provided in this thesis may be used to test if this cell source is strain-responsive, 

produces an aligned matrix on scaffold fibers, responses to scaffold degradation, and 

requires biochemical cues to be incorporated into the scaffold.  

6.4.3 Patient variability 

Patient variability is expected to give rise to variation in tissue outcome following (in 

situ) TE [167]. In vitro the effect of patient variability may be tested and predicted; 

young versus old cells and cells from patients with different pathologies, that for 

example may influence cell proliferation and matrix formation, could have major 

effects on growth period and tissue quality. However, we expect that the mechanism 

of guiding a specific collagen orientation will remain the same between patients. 
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Therefore, tissue growth time with respect to scaffold degradation can be estimated 

for different comorbidities and age groups using these in vitro models, before in vivo 

studies are performed. As such, the model systems can also be used as an initial 

screening of patients: to predict how the cells of a patient will respond to the 

implantation of a scaffold and if a functional heart valve will form in vivo. The results 

of these in vitro studies may provide information for the creation of ‘personalized’ 

scaffolds that account for patient variability in tissue formation; for example by 

modifying the rate of degradation or the amount of growth factors incorporated into 

the scaffold.  
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7.1 Introduction 

Cardiovascular tissues have a prominent load-bearing function. In particular content 

and organization of collagen fibers in the extracellular matrix contribute to the load-

bearing properties and dominate overall tissue strength [13]. Tissue engineers 

turned to use mechanical conditioning of the construct – typically consisting of (cyclic) 

straining regimens – to enhance tissue organization and mechanical properties [75, 

117]. Full understanding of strain-induced collagen organization in complex tissue 

geometries to create tissues with predefined collagen architecture has not yet been 

achieved. This is mainly due to our limited knowledge of collagen remodeling in 

developing tissues. Existing models mainly give information about the final net 

outcome of collagen remodeling with use of static strain [69, 90, 140]. Here, we 

provide a highly tunable model system that allows to study collagen (re)organization 

real-time, in 3D, under influence of static or cyclic strain. The tissue constructs are 

fibrin-based, ensuring that all collagen in the construct is endogenous. Cell and 

collagen organization in the constructs is visualized, and an internal reference system 

allows us to relocate cells and collagen structures for time-lapse analysis. In this 

protocol we will describe the use of the model system for Human Vena Saphena Cells 

(HVSCs), since these cells are known for their enhanced extra cellular matrix 

production and ability to remodel the matrix and our established use in engineering 

cardiovascular tissues [108], based on the work of de Jonge et al. [24].  

7.2 Protocol 

7.2.1 Culture of Human Vena Saphena Cells 

1.1) Isolate cells from the vena saphena magna, acquired from one donor in 

accordance to guidelines for secondary use material, according to the protocol by 

Schnell et al. [143] and store these in liquid nitrogen. From the part of the vena 

saphena magna from one donor generally enough cells can be obtained to fill about 

3 vials in liquid nitrogen. Next, start the protocol to thaw the cells from the liquid 

nitrogen to expand the cells.  

 

1.2) Place the cells from 1 vial into a T75 tissue culture flask and add 15 ml growth 

medium (GM), consisting of Advanced DMEM, 50 ml fetal bovine serum (FBS), 5 ml 

penicillin/streptomycin and 5 ml L-glutamax. Change medium every 2-3 days.  

 

1.3) Cells grow confluent approximately after 14 days. Store cells in 1 vial in liquid 

nitrogen, referred to as passage 1.  
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1.4) Place the HVSCs from 1 vial into a T175 tissue culture flask and add 25 ml GM. 

Change medium every 2-3 days. Cells grow confluent approximately after 7 days. 

Store 3 million cells into 1 vial in liquid nitrogen, referred to as passage 2.  

 

1.5) Place the cells from 1 vial into a rollerbottle and add 150 ml GM. Change 

medium every 2-3 days. Cells grow confluent approximately after 8 days. One 

rollerbottle contains approximately 20-30x106 cells. Culture cells up to passage 6. 

7.2.2 Engineering of fibrin-based tissue constructs 

2.1) Prepare silicon glue by mixing the elastomer with the curing agent (10:1). Cut 7 x 

3 mm rectangular segments of Velcro. Glue the Velcro into a 6 well culture plate, 

with flexible membranes, to form a cross, and to leave a squared space of 3 mm 

between the Velcro strips.  

Notes: Only use the soft side of the Velcro and face this side upwards. When gluing 

the Velcro, only cover the Velcro with silicon glue, do not spread glue throughout the 

well. Since the culture plates have silicone membrane bottoms, use something 

underneath the well plate for reinforcing the flexible membranes, to ensure easy 

gluing in to the plate.   

 

2.2) Dry the silicon glue overnight in an oven at 60 0C to ensure hardening of the glue. 

Sterilize by adding 70% EtOH to the wells and incubate for 30 minutes. Rinse 3 times 

with PBS and remove all PBS from the wells and the Velcro. Put under UV for 30 

minutes. Keep sterile until use.  

 

2.3) Prepare Tissue Engineering medium (TM), consisting of GM and 130 mg of L-

Ascorbic Acid 2-phosphate.  

 

2.4) Add 1 mg/ml ε-Amino Caproic Acid (ACA) to the TM. ACA is used for the first 7 

days of culture to prevent the fibrin from degrading [3]. 

 

2.5) Allow fibrinogen to obtain room temperature before opening, to prevent clump 

formation. Without clumps fibrinogen will dissolve more easily. Dissolve fibrinogen 

to a concentration of 10 mg actual protein/ml TM supplemented with ACA. Sterile 

filter the fibrinogen solution, multiple filters might be needed. Store on ice until use.  

Note: To dissolve fibrinogen mix gently to prevent too much foam formation.  

 

2.6) Dissolve thrombin to a concentration of 10 IU/ml TM supplemented with ACA. 

Store on ice until use. 

Note: Storage on ice is needed to prevent early gelation of thrombin and fibrinogen.  
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2.7) Trypsinize the cells, resuspend in GM and count the cells.  

 

2.8) Use 15x106 cells/ml for seeding of the fibrin-based tissue constructs, based on 

methods for tissue engineering heart valves [108]. A single gel consists of 100 μl gel, 

and thus of 1.5x106 cells. Put 1.5x106 cells in one centrifuge tube, resulting in as 

many centrifuge tubes as the number of gels that will be made.  

 

2.9) Centrifuge the cells at 350 g. for 7 minutes and discard the supernatant. 

Resuspend the cells in 50 μl thrombin. Add 4 μl of blue fluorescent polystyrene 

microspheres to this suspension.  Put 50 μl of fibrinogen in a vial. Use a pipet to take 

up the 50 μl thrombin with cells and keep this in the pipet. Increase the volume of 

the pipet to 100 μl. Pipet the 50 μl thrombin with cells into the vial with fibrinogen, 

to mix the thrombin and fibrinogen, and take up the mixture with a volume of 100 μl.  

Note: The fluorescent polystyrene microspheres are used as internal reference 

markers for image analysis. When mixing thrombin and fibrinogen, prevent the 

formation of air bubbles by carefully pipetting the mixture. Air bubbles will result in 

holes in the fibrin gel. 

 

2.10) Pipet the gel mixture into and in between the Velcro strips.  

Notes: Try to be as fast as possible to prevent gelation before the mixture is pipetted 

in the well plate. Gelation time is in the order of 20 seconds. Practice well before 

using cells and microspheres.  

 

2.11) Incubate suspensions for 30 minutes at 37 0C in a humidified 95/5% air/CO2 

incubator to allow gelation before 6 ml TM with ACA is added.  

 

2.12) Replace TM with ACA every 2-3 days for the first 7 seven days. Gels are stable 

enough after one week to be cultured without ACA. Replace TM every 2-3 days. Add 

6 ml of TM per well. On day 12 cells have produced enough collagen for visualization.  

7.2.3 Applying strain and inducing changes in strain and constraints 

3.1) Static strain is applied by the cells itself, due to cell traction and compaction [76].  

To induce collagen reorganization, cut the tissue construct loose from two Velcro 

strips in one direction. This results in unidirectional constraints (Figure 7.1A). 

Perform this on day 12, since the construct is then stable enough and collagen has 

been deposited.  

3.2) Cyclic strain is applied by using the Flexcell system, where vacuum is applied to 

the bottom of the culture plates with flexible membranes. Place the plates on a 

baseplate, on top of loading posts. The pump applies a vacuum onto the membrane 
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and thereby pulls the membrane over the rectangular post lying underneath. Due to 

the cross shaped attachments of the tissue construct to the membrane (via the 

Velcro) and the rectangular post, the applied cyclic strain is uniaxial (Figure 7.1B).  

 

3.3) Cyclically strained tissue constructs are first cultured statically for 5 days to 

achieve initial mechanical integrity before application of cyclic strain. Program a 

cyclic stain protocol into the controller for the vacuum pump. For example use a 

previously established intermittent cyclic strain protocol, with uniaxial direction 

[137]. This consists of an intermittent strain of a sine wave with 1 Hz, straining from 

0 to 5% strain, for periods of 3 hours, alternated with 3 hours resting periods. 

Perform this cyclic strain protocol for 7 days, inducing an aligned collagen 

organization.  

 

3.4) Typically after 12 days HVSCs have produced an aligned collagen organization. 

After an aligned collagen organization is reached, change the uniaxial cyclic strain 

direction, to be perpendicular to the original strain direction. Do this by turning the 

rectangular posts by 90 0.  

7.2.4 Visualizing cells and collagen 

4.1) To visualize active, real-time collagen remodeling, label samples with probes 

that do not interfere with cell viability or collagen formation. Use probes to 

fluorescently stain the cell cytoplasm (for example Cell Tracker) and collagen (for 

example (CNA-OG488). Alternatively, second harmonic generation using confocal 

laser scanning microscopy can be used to visualize collagen structures using 

autofluorescence [21]. Remove the culture plates from the setup and the incubator, 

for the cyclically strained samples during the 3 hours rest periods, and transport 

them to a confocal laser scanning microscope to visualize cells and collagen.  

7.3 Representative results 

This model system allows for culturing myofibroblast-seeded fibrin gels. Figure 7.1A 

shows a tissue cultured first under static biaxial constraints. Tissue constraint are 

released by cutting the fibrin gel from two constraints, to create uniaxial static 

constraints, and tissue compacts and remodels afterwards (Figure 7.1A). For cyclic 

strain, the tissue is cultured under static biaxial constraints as well. After 5 days of 

static culture, cyclic uniaxial strain can be applied (Figure 7.1B). To induce collagen 

reorientation, uniaxial strain direction can be turned 900 (Figure 7.1B). The 

microspheres seeded with the gel mixture display a random pattern, which is used to 

relocate predefined locations for time-lapse imaging (Figure 7.2). Figure 7.2A and 

7.2C show images of cells, collagen and microspheres. These same images are 



104 | Appendix A 

 

 
 

scanned 3 days (Figure 7.2B) and 2 days (Figure 7.2D) later, respectively. Cells and 

collagen patterns have changed, but microsphere patterns are used to relocate the 

cells and collagen. Culturing for 12 days results in endogenous collagen production, 

in quantities enough to be visualized with confocal microscopy (Figure 7.3). Using 

either static or cyclic culture results in distinctly different collagen organization, 

where biaxial static culture gives rise to a random collagen organization (Figure 7.3A) 

and uniaxial cyclic strain applied to a biaxially constrained tissue results in an aligned 

collagen structure (Figure 7.3B). This collagen organization can be studied over time, 

while changing the static constraints or changing the cyclic strain direction.  

 

 

 

 

 

  

Figure 7.1: Constructs cultured under biaxial constraints, used to 

reorganize collagen by (A) releasing static constraints in one direction, or by 

(B) changing cyclic strain direction. Loading posts are indicated by dotted 

lines. Scale bars indicate 3 mm. 
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Figure 7.2: Typical example of the use of microsphere patterns to relocate predefined 

locations in 3D. Cells are shown in red, collagen in green and microspheres in blue. Figure 

7.2A and 7.2C show images of cells, collagen and microspheres. These images are scanned 3 

days (Figure 7.2B) and 2 days (Figure 7.2D) later, respectively. Microsphere patterns are 

used to relocate cells and collagen. Scale bars indicate 50 μm.  

Figure 7.3: Representative images of 12 day static strain (A) and cyclic strain (B) culture. 

Cells are shown in red, collagen in green and microspheres in blue. Scale bars indicate 50 

μm. 
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7.4 Discussion 

The described model system of cell-populated fibrin constructs has great potential 

for the study of cell and collagen (re)organization (de Jonge et al. [25]), e.g., to be 

used for tissue engineering purposes. By using fibrin as the initial cell carrier, all 

collagen present in the model is endogenous, and no external scaffold material is 

needed. In this way, cells are stimulated to react to strain, either static or cyclic in 

nature, by applying contractile forces [73, 102], sensing boundary stiffness [76], or 

displaying strain avoidance.  

 

Significance: Fibrin constructs have been used before to study collagen 

(re)organization [141], but not with the ability of applying cyclic strain and/or 

studying the constructs in a time-lapsed manner, which are both possible with this 

presented method. The Velcro strips that provide the constraints in this model 

system have been used before [164], but combining this technique with culture 

plates with flexible membranes allows for applying cyclic strain for prolonged periods 

of time. Culturing in these plates allows for easy addition and removal of medium 

and visualization of the constructs while still attached and sterile. This enables 

studying relevant remodeling processes time-lapsed or even real-time.  

 

Modifications and future applications: Future applications of the system can be 

found in manipulating the 3D remodeling process, for instance by adding 

metalloproteinases or agents that interfere with integrin assembly or signaling. Next 

to the application of additives, the components of the model system can be easily 

modified when studying cell and collagen (re)organization. Different cell sources, 

healthy and diseased cells, the maturity of the collagen matrix (e.g., by varying 

culture time), and the shape and size of the construct can be adapted to specific 

needs. The system is well suited for other cell sources, instead of the currently used 

HVSCs. We have already used this system to culture endothelial colony forming cells 

(ECFCs, chapter 5), where we observe that ECFCs orient their produced collagen 

differently upon cyclic strain than HVSCs. 

 

Limitations of the technique: A limitation of the current model system is the 

relatively large size of the tissues, requiring 1.5x106 cells per construct when using a 

cell density of 15x106 cells/ml. This may pose a problem in cases where less available 

cell sources are used. Another limitation is the current thickness of the constructs 

(approximately 1 mm), which is due to the (thick) Velcro attachments. This limits the 

confocal scanning to only a portion of the entire sample. It is possible to reach a 

depth of 200 μm in the tissue, which is enough to visualize cellular responses within 

the core of the current tissues, but does not result in a full thickness overview. 
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Critical steps and troubleshooting: As the model system is based on the formation of 

tissue between the Velcro attachment points, this also encompasses the critical steps 

in the protocol. Correct cutting and gluing of the Velcro is essential and special 

attention should be paid to the careful pipetting of the gel mixture into the Velcro 

strips for proper attachment of the tissue, which is crucial for applying cyclic strain. 

Further determinative steps can be found in the choice of cell source and medium 

additives. Optimization will be needed when culturing with a different cell source. 

Currently, constructs are cultured with ACA for 7 days, to stop the fibrin from 

degrading. A different cell source may also result in a different time frame with 

regard to both collagen formation and fibrin degradation. 
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Samenvatting 
In situ hartklep tissue engineering is een relatief nieuwe methode om hartklepfunctie 

te herstellen door middel van het implanteren van een afbreekbare synthetische 

scaffold, die geleidelijk transformeert in een levende klep door het aantrekken van 

cellen en het stimuleren van de aanmaak van nieuw weefsel door deze cellen. Een 

grote uitdaging in dit proces is het sturen van de aanmaak van een georganiseerde, 

extracellulaire matrix (ECM) in vivo. In dit proefschrift onderzochten we de invloed 

van mechanische, biochemische en topologische stimuli op de aanmaak van een 

georganiseerde ECM in vitro. Daarvoor gebruikten we 3D weefselmodellen, met 

humane myofibroblasten, een gouden standaard voor in vitro tissue engineering (TE), 

en cellen die voorkomen in de circulatie. Matrix organisatie en remodellering 

bestudeerden we op microscopische lengteschaal; meer specifiek op het niveau waar 

cellen en de ECM invloed op elkaar uitoefenen. 

We keken naar mechanische stimuli en daarvoor ontwikkelden we een weefselmodel, 

bestaande uit myofibroblasten in een fibrine gel. Deze weefsels waren biaxiaal 

verankerd. Collageen (re)oriëntatie bestuurden we onder invloed van rek, waarbij we 

gebruik maakten van confocaal microscopie. We bestudeerden twee verschillende 

toestanden: (A) remodellering van een statische biaxiale verankering naar een 

statische uniaxiale verankering; en (B) remodellering van een biaxiaal verankerd 

weefsel dat cyclisch, uniaxiaal werd gerekt, voor en na een verandering van deze 

rekrichting.  Bij statische belasting oriënteerde collageen parallel aan de rekrichting, 

terwijl in reactie op cyclische rek het collageen haaks oriënteerde ten opzichte van 

de rekrichting. We concludeerden dat door de biaxiale verankeringen, de cellen 

krachten in twee richtingen kunnen uitoefenen. Wanneer cellen dan blootgesteld 

worden aan cyclische rek, lieten ze rekvermijdend gedrag zien door zich loodrecht op 

de rekrichting te oriënteren. Een verandering van de cyclische rekrichting had tot 

gevolg dat de oppervlakte laag van het weefsel snel reoriënteerde (< 3 dagen). 

Reoriëntatie was langzamer in de diepere lagen van het weefsel, waar de 

remodellering werd gedomineerd door de invloeden van het al aangemaakte 

collageen; door hechting van de cellen aan de georiënteerde collageenbundels, met 

weinig ruimte tussen de bundels, bleek het voor de cellen onmogelijk binnen deze 

tijd te reoriënteren. Deze bevindingen benadrukken het belang van het verkrijgen 

van een functionele collageenoriëntatie vanaf de start van de weefselvorming.  

Naast de invloed van mechanische stimuli, bleek dus dat topologische stimuli – van 

het gevormde collageen in dit geval – ook invloed hebben. Hier maakten we gebruik 

van door het toevoegen van een electrogesponnen microvezel scaffold. 

Collageenaanmaak en -organisatie in een scaffold werd bestudeerd onder statische 

en cyclische uniaxiale rek, opnieuw in biaxiaal verankerde weefsels. In zowel isotrope 
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als anisotrope scaffolds volgden myofibroblasten en het aangemaakte collageen de 

richting van de scaffoldvezels, ongeacht de richting waarin rek werd opgelegd. Dit 

impliceert dat de organisatie van de microvezel scaffold de collageenorganisatie in 

3D weefsels domineert, ook tijdens cyclische belasting, en benadrukt het belang van 

een scaffold met een microvezeloriëntatie die overeenkomt met die van als natieve, 

humane belastbare collageenstructuren.  

Gedurende de weefselgroei in een scaffold in het lichaam zal het scaffold degraderen. 

De effecten van scaffolddegradatie op collageenoriëntatie werden bestudeerd in 

statische gekweekte scaffolds. De scaffolds waren uniaxiaal verankerd, met 

scaffoldvezelrichting loodrecht op de richting van verankering, resulterend in een 

anisotrope collageenoriëntatie na 2 weken kweken. De mate van scaffolddegradatie 

werd gevarieerd, door middel van een lipasebehandeling van 2 dagen. 

Collageenoriëntatie werd bestudeerd voorafgaand, direct na, en een week na afloop 

van de scaffolddegradatie. Bij een lage mate van degradatie (12% en 27%) behield 

het collageen zijn oorspronkelijke oriëntatie. Bij een sterkere degradatie (79%) 

remodelleerde de collageenoriëntatie binnen een week in de richting van de 

verankering. Dit bevestigt opnieuw het belang van een belastbare 

collageenoriëntatie vanaf het begin van de weefselontwikkeling. De weefselkweek 

zou langer moeten duren, zodat dit kan leiden tot meer ontwikkeld weefsel, opdat 

de collageen oriëntatie onveranderd blijft op het moment van scaffolddegradatie.  

Idealiter is voor in situ cardiovasculaire TE een circulerende celbron nodig, die in 

staat is scaffolds te vullen en daar belastbare weefsels te vormen. Volwassen 

perifeer bloed bevat een populatie circulerende cellen met de mogelijkheden om 

endotheel cel te worden en veelvuldig te prolifereren: Endothelial Colony Forming 

Cells (ECFCs), een mogelijke celbron voor in situ TE. Uit ons onderzoek bleek dat 

ECFCs in een 3D omgeving zowel collageen als elastine produceerden, maar geen 

anisotroop georganiseerde collageenmatrix vormden. Stimulatie met Transforming 

Growth Factor beta (TGFβ) voorafgaand aan de cyclische rekbelasting resulteerde in 

een meer homogene matrix, die echter nog steeds niet anisotroop georganiseerd 

bleek.  

Deze bevindingen suggereren dat er meer vereist is dan het stimuleren van deze 

cellen met biochemische factoren, zoals TGFβ1, om juiste weefselvorming te 

bewerkstelligen wanneer je ECFCs wil gebruiken voor in situ TE. Deze inzichten in het 

samenspel tussen mechanische, topologische en biochemische invloeden voor in situ 

cardiovasculaire weefselvorming kunnen worden gebruikt voor het ontwerpen van 

instructieve scaffolds voor het creëren van de juiste ECM organisatie die noodzakelijk 

is voor een mechanisch functionele hartklep.  
 



 

 

Dankwoord 
Aangezien alle stukken in dit proefschrift uitvoerig zijn gecorrigeerd, wil ik je daar erg 

voor bedanken Carlijn. De laatste weken van het schrijven zijn vast erg aangename 

‘full-time Nicky-weken’ geweest. Carlijn en Frank, bedankt voor alle meetings, tips en 

trucs, en het vormen van mijn meer diplomatieke kant.  

 

Uiteraard wil ik al mijn collega’s bedanken, binnen en buiten de TU/e. Ik heb graag 

met iedereen samen mogen werken op vloer 4 de afgelopen jaren. Jasper, met jou 

heb ik het meest intensief samengewerkt tijdens mijn promotie, en ik moet zeggen 

dat het me erg goed bevallen is. Het is fijn iemand te hebben waar je al je ideeën 

mee kunt bespreken, en het is heerlijk om samen in het te lab te schelden en met 

dingen te gooien, maar zeker ook vreugdedansjes te maken als het dan toch lukt. Nu 

verlaat ook ik het schip ;)  

Moniek, met jou kun je echt alles bespreken; over benodigde spullen, hoe ik mijn 

experimenten op zal zetten, onze hardloopactiviteiten en wat je maar kunt bedenken. 

Enorm bedankt voor het helpen met het introductie- en discussiehoofdstuk! Altijd 

lekker om te werken met iemand die net zo ‘direct’ is als je zelf bent.  

Naast het lab (toch ook even de donkere ruimte met mijn geliefde en nu al gemiste 

confocaal  noemen) en vloer 4, is er natuurlijk 4.12. En dat is altijd fantastisch. In het 

begin was het even schrikken in een kippenhok te belanden met 11 vrouwen en 1 

man. Gelukkig maak ik zelf de meeste herrie, en met ondertussen 4 mannen is het 

helemaal goed gekomen. Ik ga jullie allemaal erg missen! Want onze 3 pauzes van 

een half uur waren toch de mooiste delen van de werkdag. 

 

Gelukkig is er buiten werk nog veel meer! Want het waren 4 heftige jaren. En 

wanneer de druk oploopt, zijn er verschillende dingen die helpen. Een belangrijke 

daarvan is sport. En dat doe ik dan ook graag, omdat sport niet alleen maar sport 

hoeft te zijn, maar ook veel gezelligheid kan geven. Bij deze wil ik dan ook graag 

iedereen van Asterix bedanken; voor alle mooie hardloopuren, wedstrijden, borrels, 

activiteiten, trainingsweekenden, feestjes, etc.  

Gezelligheid en bier drinken helpt ook goed en daar geniet ik altijd met veel 

verschillende mensen van. Diner rouler met de overbuurvrouwen Linda en Lieke, de 

vriendinnen uit Veldhoven voor onze Guus concerten, etentjes, uitjes, carnaval: alles 

wat je maar met de ladies kan doen. Mijn maten van de TU/e, vanaf ons eerste jaar 

BMT werd er al behoorlijk wat geborreld, weekendjes en weekjes weg, Eurotrip, 

maar ook hard gestudeerd. Dat studeren is werken geworden en doen we niet meer 

samen, maar met al het andere zijn we gelukkig nooit gestopt. En natuurlijk zijn er 

nog veel andere vrienden, iedereen bedankt voor alle gezelligheid :)  



 

 
 

In het bijzonder, Edith, wat heerlijk om zo’n vriendin als jou te hebben! Lekker klagen 

over alle zaken die bij het promoveren komen kijken, maar ook elkaar opvrolijken, 

want we weten dat we er allebei toch wel komen. Tijd maken om ieder jaar samen 

op vakantie te gaan, en nu allebei met een nieuwe baan aan de slag. Er zal genoeg 

zijn om over te blijven kletsen :) 

En Job, het is goed te weten dat er altijd iemand is die je kunt bellen om bier mee te 

gaan drinken. Veel ideeën hebben we gelukkig nooit uitgevoerd, maar het is altijd 

mooi. Ook als het er wel van komt, en je bijvoorbeeld met je hoofd in een plein 

geduwd wordt, gelukkig wel het mooiste (of grootste?) plein van Europa. Dat we 

samen nog maar veel biertjes mogen drinken.  

 

En last maar zeker niet least, La Familia. In de breedste zin van het woord ontdekte ik 

al tijdens mijn studie, op externe stage, dat er niks boven onze familie gaat: met veel 

te drukke verjaardagen, Kerstmis met veel te veel eten (8 uur eten op een dag: we 

zijn doorzetters), en gezelligheid waar we ook zijn. Ook op 8 oktober zullen we er een 

mooi feestje van maken, daar twijfel ik niet aan! 

Tim, door jou lijkt het altijd alsof ik nog meer van studeren en werken hou ;) Onze 

scheikunde-uren waren mooi, kan ik je nog eens wat leren (hoogste punt van de 

klas!). En dan naar de sportschool, zodat ik iets van jou kan opsteken. Het is mooi om 

te zien hoe iedereen daar van jou wil leren. 

Sanne, ik vind het fantastisch om jou op de basisschool aan het werk te zien. De 

verschillen tussen ons zijn wat dat betreft erg groot, maar tegelijkertijd zijn we 

precies hetzelfde. Ik geniet ervan als ik zie hoe jij op je plaats bent in het onderwijs 

en daar alles voor elkaar krijgt.  

Pa, jij hebt altijd zeker geweten dat ik alles kon doen wat ik wilde; bedankt voor je 

trots en je vertrouwen in mij. De afgelopen jaren belden we veel over mijn baan als 

proofreader, en het is fijn te weten dat je altijd in de winkel te vinden bent – nu 

zullen we moeten bellen over andere dingen! 

Ma, bedankt voor alles. Jij hebt het meest meegeleden en -genoten van alles wat er 

de afgelopen 4 jaar op me af is gekomen. Ik had niet geweten wat ik zonder onze 

gesprekken aan had gemoeten. Je hebt geen idee hoeveel het waard is als er iemand 

is die zegt (en meent!): als het niet leuk is, stop je er toch mee?! Jij bent mijn 

voorbeeld van een sterke, zelfstandige vrouw, en hebt me geleerd dat je je geluk zelf 

maakt. En tot nog toe lukt het me aardig zou ik zo zeggen. 

 

Bedankt! 

Nicky 
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