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During outdoor exposure of wood blocks impregnated with vegetable oils, the formation of a dark 
pigmented homogenous fungal-based layer has been observed. Fungi are typically associated with 
aesthetical and structural wood degradation, however dark pigmented fungi on oil-treated wood enable 
an innovative wood treatment with decorative and protective functionalities.  A fungal-based wood finish 
has advantages compared to traditional wood-coatings or chemical treatments in terms of sustainability 
and self-repair. Furthermore, in a time of increasing concerns about resource depletion and environmental 
pollution, utilisation of a fungal-based wood finish is very welcome.  However, natural dark stain formation 
on oil-treated wood in outdoor conditions is poorly understood. Fundamental knowledge is needed to 
understand and control the formation of fungal-based wood finishes for industrial application. Gaining a 
deeper insight into the fungal composition of natural fungal-based wood finishes and the role of vegetable 
oil as a nutrient for fungal growth are the subjects of this thesis.

Timber in outdoor applications

For thousands of years, wood has been utilised as a building material (Sailer & Homan 2011). Despite the 
invention of mad-made materials such as brick, steel and concrete, wood is still frequently used for this 
purpose (Wahl 2008). The warm appearance, thermal insulation properties, renewable nature and carbon 
balance contribute to its popularity (Roos et al. 2010, Pajchrowski et al. 2014). Unfortunately, degradation 
caused by weather conditions, micro-organisms and insects has a negative effect on the service-life of 
outdoor applied timber (Zabel & Morell 1992, Hyvönen et al. 2005). In particular, wood decaying fungi can 
rapidly reduce the mechanical properties of wood (Williams 2005, Schmidt 2006). Durable hardwoods can 
provide a long service life, assuming a good design (Scheffer & Morell 1998, Brischke et al. 2013), but its 
use is controversial as many hard wood species are harvested in endangered tropical forests (Hill 2006). 
The use of soft woods seems more appropriate in terms of sustainability. However, soft wood generally 
requires an additional wood treatment to achieve an acceptable service-life in outdoor applications 
(George et al. 2005, Hill 2006). 

Several bulk treatments are currently used to improve the resistance of wood against fungal decay. 
A common treatment is the impregnation of wood with biocidal chemicals, such as metal salts (Hyvönen 
et al. 2005, Sailer & Homan 2011), which is based on the principle of toxicity against micro-organisms. 
However, the use of these toxic chemicals is restricted in many countries because of human and 
environmental health issues (Sailer & Homan 2011, Reinprecht 2016). Alternatively, formulations based 
on hydrophobic materials, such as vegetable oil, silicon or wax can be used as an impregnation agent 
(Homan & Jorissen 2004). They usually contain biocidal additives and solvents as well (Hyvönen et al. 
2005). The hydrophobic materials mainly aim to increase the hydrophobicity of the treated wood but they 
do not completely avoid the toxic effects of the biocide (Panov & Terziev  2015, Liibert et al. 2011). In 
addition, chemical and thermal wood modifications can be applied (Rapp 2001, Epmeier et al. 2004, Hill 
2006, Rowell 2006). These modifications alter the molecular structure of the cell wall components, aiming 
at a low water availability in the cell wall and/or inactivity of cell degrading fungal enzymes (Rowell 1983, 
Hyvönen et al. 2005, Sailer & Homan 2011). 

Wood finishes such as varnishes or paints are applied on wood surfaces because of their protective and 
decorative functionality (Hyvönen et al. 2005). Low amounts of fungicides are normally present in coatings, 
which might be effective against fungal growth (Gobakken et al. 2010a, Sørensen et al. 2010, Viitanen & 
Ritschkoff 2011). Pigments or other additives that absorb or block ultraviolet (UV) radiation protect the wood 
substrate against degradation by the UV component of sunlight (Williams 2005, Panek & Reinpecht 2016). 
Coatings are considered as water barriers, but might lose this function in practice due to the occurrence of 
microscopic cracks (Hyvönen et al. 2005, Norton & Francis 2008). In the case of microscopic cracks, growth 
of wood decaying fungi and occurrence of destructive shrinking and swelling may not be prevented.
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Although wood treatments are used to increase the resistance of wood against fungal decay, they do 
not guarantee prevention of fungal-based staining during outdoor application. Microbial staining commonly 
occurs to untreated as well as painted and/or modified timber (Figs. 1, 2; Gobakken & Westin 2008, 
Shyamal et al. 2009, Metsä-Kortelainen et al. 2011, Gobakken et al. 2013, de Windt et al. 2014). It is often 
seen as a visual disfigurement (Dickinson 1992, Bussjaeger et al. 1999, Williams 2005, Schmidt 2006, 
Gobakken & Vestøl 2012). An impregnation with toxic chemicals might help against microbial staining, but 
it is not preferred in terms of human and environmental health issues (Sailer & Homan 2011, Reinprecht 
2016). Over the last two decades an alternative wood treatment has been investigated, which turns dark 
pigmented fungal-based staining into a positive aspect. However, a lack of fundamental knowledge with 
respect to natural wood staining holds up the industrial application of this alternative wood treatment.

The biofinish concept

The impregnation of pine sapwood with a vegetable oil enabled the formation of a dark pigmented 
homogenous fungal-based layer on wood during outdoor exposure (Sailer et al. 2010, Figs. 3, 4). This 
natural phenomenon was the starting point of an innovative dark pigmented fungal-based building material 
with self-repairing abilities, entirely made of renewable materials without any biocidal additives. In this 
thesis the term “biofinish” is used to describe the dark pigmented homogenous fungal-based layer on 
wood that in particular develops on outdoor situated raw linseed oil impregnated pine sapwood (Sailer et 
al. 2010, chapter 2, Figs. 3, 4). The term “biofilm” can also be considered, but is not preferred. Each degree 
of fungal-based wood staining, from a small single stain up to a homogenous surface covering layer, can 
be associated with a simple biofilm definition, such as the aggregation of microorganisms attached to 
a solid surface (Rittmann & McCarty 1980). It might also meet the criteria of more complex definitions 
which for example include the production of an extracellular polymeric matrix (Donlan & Costerton 2002, 
Douglas 2003, Harding et al. 2009). In contrast, the term “biofinish” refers to a biological wood finish and 
is only applicable for a dense type of staining that almost completely covers the wood surface. 

Several mechanisms contribute to the protection of biofinished wood against degradation during 
outdoor above ground application. Firstly, vegetable oils used as a wood impregnation agent improve 

Figure 1. Discolouring of outdoor applied timber, Grimentz, 
Switzerland.

Figure 2. Discolouring of a painted wooden 
window frame, Rotterdam, The Netherlands.



Chapter 1

10

the resistance against wood decaying fungi (Sailer 2001). This can be attributed to the hydrophobicity 
of the oil. Fungal degradation of the wood can only occur when the wood moisture content is above the 
fibre saturation level (Griffin 1977, Brischke & Rapp 2008, Rowell 2005) ranging from around 20% to 40% 
moisture content (Zauer et al. 2014, Zelinka et al. 2016). However, during impregnation, oil is pressed in 
the lumen of wood cells and its presence in the wood limits the water uptake, resulting in a lower wood 
moisture content during above ground application (Sailer 2001, Panov & Terziev 2015). Secondly, the 
impregnation of wood with oil improves the dimension stability of the wood (Sailer 2001). This can again 
be explained by the ability of oil to lower the wood moisture content. Furthermore, the impregnated oil 
has the potential to fill cracks due to transport of oil in the wood to the surface (Sailer 2001). In addition to 
the oil, the presence of the dark pigmented fungal-based layer contributes to the protection of the wood. 
The fungal pigments of a biofinish can protect the wood against degradation by UV radiation. Various 
wood staining fungi are known to produce the UV absorbing pigment melanin (Gniewosz & Duszkiewicz-
Reinhard 2008, Eisenman & Casadevall 2012). Thirdly, fungi present on the surface with increased 
metabolic activity deplete the available nutrients and might actively protect themselves by the production 
of hydrolytic enzymes and antimicrobial compounds (Susi et al. 2011, Gostinčar et al. 2014), reducing 
the chance for wood decaying fungi to penetrate the wood. Finally, a dark pigmented fungal-based layer 
has the potential to repair itself after mechanical damage. Initial results of a self-repairing test performed 
by Kateryna Fillippovych at the Technical University of Eindhoven (Fillippovych et al. 2015) show that oil 
impregnated wood samples naturally restore scratches in their dark pigmented fungal-based layer. 

The idea to apply a biofinish on outdoor situated wood arises from research on the use of vegetable 
oils for wood protection. The scientist Michael Sailer observed that pine sapwood samples impregnated 
with linseed oil or hemp oil turned black after outdoor exposure without decrease of mechanical properties 
(Sailer 2001). Microscopy showed a layer with fungal structures and the common wood stain fungus 
Aureobasidium was isolated from several samples taken from the layer (Sailer 2001). Next to extensive 
results on the protective functionality of impregnated vegetable oils in sapwood, the ability of dark pigmented 
Aureobasidium species to protect wood situated outdoors against UV radiation was shortly mentioned in 
his study (Sailer 2001). The invention of Michael Sailer, to ecologically protect a base material like wood 
with a water-insoluble substance such as vegetable oils and a micro-organism layer, was patented by the 
Dutch institute for scientific research (TNO) in 2004. The possibility to use pigmented micro-organisms, 
such as Aureobasidium spp., was made explicit in the patent (EP 1704028 B1). Recently, the Dutch start-
up company Xylotrade markets the product Xyhlo Biofinish (www.xyhlo.com).

Figure 3. Biofinish on oil impregnated wood 
samples.

Figure 4. Conditions supporting biofilm formation on oil 
treated wood. Image courtesy of Michael Sailer.
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Natural biofinish formation on oil-treated wood

In addition to the study of Sailer (2001), Sailer et al. (2010) detected a homogenous dark film on pine 
sapwood specimens impregnated with a chemically refined pure linseed oil dissolved in acetone. The 
homogenous surface covering dark finishes were also recognized on outdoor exposed (TNO, Delft, The 
Netherlands) raw linseed oil-treated pine sapwood samples (unpublished data). Although a coherent 
biofinish assessment method was lacking, the results indicate the impregnation of pine sapwood with 
linseed oil as base for biofinish formation during outdoor exposure. The extent to which other wood 
species, oil types and geographical locations support biofinish formation was unknown, as well as their 
effects on the fungal composition of a biofinish. 

Wood species
Wood is an organic material, consisting mainly of wood cells made of cellulose, hemicelluloses and lignin 
(Metsä-Kortelainen 2011). It’s a hygroscopic material that exchanges moisture with the environment 
(Zelinka et al. 2016). The durability of wood in outdoor above ground applications is influenced by the 
interaction of wood properties, environmental conditions and structural design (Brischke et al. 2013). 
Many wood properties vary amongst wood species such as density, grain characteristics (presence of 
earlywood and latewood), the size and arrangement of cells and pores (hardwood or softwood), presence 
and amount of heartwood or sapwood, and the presence of extractives, resins, and oils (Williams 2005). 
Besides species specific characteristics, the physical properties of the heartwood of many wood species 
differ from those of the sapwood (Metsä-Kortelainen 2011). Due to the porosity of the wood it is possible 
to impregnate wood with a vegetable oil, although the maximal oil uptake differs from species to species 
and may differ from heartwood to sapwood.

In order to obtain wood samples with natural biofinishes made of different wood species, pine (Pinus 
sylvestris), spruce (Picea abies) and ilomba (Pycnanthus angolensis) have been used in this PhD-research. 
Pine, a largely available softwood species, was selected based on previous test results. In particular pine 
sapwood was used, which is easier to impregnate than the heartwood. Spruce was included as well. It’s 
also a largely available softwood species, but in contrast to pine sapwood it is known for its restricted 
accessibility during impregnation (Ulvcrona et al. 2006, Usta & Hale 2006). Finally, ilomba, a hard wood 
species with a low natural durability, was selected because this species is highly susceptible for mould 
growth and both the heartwood and sapwood are easy to impregnate (Houtinfo 2017). The impact of the 
three selected wood species on natural biofinish formation is analysed in this thesis.

Vegetable oils
Various vegetable oils have been applied to protect and stain wood for many years. The use of vegetable 
oils to impregnate wood started most likely 5000 years ago (Ullmann 1981) and one of the early reports 
on vegetable oil as a binding medium in paints dates from the eleventh or twelfth century (van den Berg 
2002). Over the decades paint formulations have changed and the number of wood modification and 
impregnation methods have increased, but nowadays some vegetable oils are still used in an oil-heat 
modification of wood (Sailer et al. 2000, Reinprecht 2016) and modern air-drying paints (van den Berg 
2002). Although conventional air-drying paints usually use synthetic alkyds as binder, the fatty acid or oil 
component in these binders are derived from renewable resources like linseed or palm oil (van Gorkum 
& Bouwman 2005, van Haveren et al. 2007). The impregnation of wood with a vegetable oil at room 
temperature as used for natural biofinish formation, has not yet been commercialised (Figs. 5-7).
Vegetable oils are obtained from plants (Schuster 1992). They mainly exist of triglycerides that are made 
of glycerol and higher fatty acids (Karleskind 1997). Due to the long hydrocarbon chains of the esterified 
fatty acids, vegetable oils are hydrophobic (water repellent). A vegetable oil contains a mix of fatty acids, 



Chapter 1

12

Table 1. Fatty acids composition (% w/w) of olive and linseed oil (Juita et al. 2012, Kostik et al. 2013, 
Chempro 2017). -- = no entry.
Oil type Saturated fatty acids Unsaturated fatty acids

Myristic Palmitic Stearic Arachidic Oleic Linoleic Linolenic
C 14:0 C 16:0 C 18:0 C 20:0 C 18:1 C 18:2 C 18:3

Linseed oil -- 4-7 2-6 0.3-1 12-34 14-24 35-60
Olive oil 0.1-1 7-16 1-3 0.1-0.3 65-80 4-10 --

Figure 5. Impregnation vessel.

Figure 6. Wooden planks soaked in raw vegetable oil.

Figure 7. Untreated (left) and oil impregnated 
(right) pine sapwood.

always including oleic acid. The quantitative 
fatty acid composition might vary from sample 
to sample of the same oil type, but varies 
even more among different oil types. Next to 
triglycerides, small quantities of phosphatides, 
cerides, triterpenes, fat-soluble, carotenes, 
carotenoid, chlorophylls are present in oils 
(Karleskind 1997).

In order to obtain wood samples with 
natural biofinishes three types of vegetable oil 
have been selected to impregnate wood. Raw 
linseed oil was selected because of positive 
wood staining results in previous studies 
(Sailer et al. 2010, unpublished data) and 
stand linseed oil due to its higher viscosity and 
partly cross-linked triglycerides. In addition, 
olive oil (extra vrigine) was used because of its 
inability to form a highly viscous layer or solid 
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film upon the exposure to air (Rheineck & Austin 1968). Linseed oils are pressed from seeds of the flax 
plant named Linum usitatissimum L., while olive oil is obtained from olives (fruits) of the plant named Olea 
Europaea (Schuster 1992, van den Berg 2002). Linseed oil has a relative high content of conjugated 
polyunsaturated fatty acids (linoleic and linolenic acid, Table 1). These fatty acids enable autoxidation 
in the oil, a process in which polyunsaturated fatty acids react with the oxygen that is present in the air 
(van den Berg 2002, Juita et al. 2011). The main effect is the cross-linking of esterified fatty acids forming 
bigger molecules resulting in “drying” or “hardening” of the oil. Raw linseed oil has the ability to form a dry 
film upon exposure to air. Stand linseed oil is made of raw linseed oil. It’s industrially processed, resulting 
in a viscous oil with a complex chemical composition that includes cross-linked triglycerides (van den Berg 
2002, Zovi et al. 2011). Olive oil mainly contains oleic acid and has a low content of polyunsaturated fatty 
acids (Table 1). The effect of the three selected oil types on natural biofinish formation is analysed in this 
thesis.

Wood staining fungi
Discolouration of outdoor construction materials is common. For example, bricks may develop a touch of 
green (Graziani et al. 2013), while dark stains can be found on mortar (Shirakawa et al. 2011) and wood 
(Gobakken & Vestøl 2012). The discolouration of these materials is frequently caused by microorganisms 
and is often referred to as biofilm (Sailer et al. 2010, Gaylarde et al. 2011, Graziani et al. 2013). Despite 
the many biofilm definitions, they all involve the presence of micro-organisms (Rittmann & McCarty 1980, 
Donlan & Costerton 2002, Douglas 2003, Harding et al. 2009). The micro-organisms on outdoor materials 
consist of bacteria, fungi or algae or a combination of these (Webb et al. 2000, Gaylarde et al. 2011, 
Viitanen & Ritschkoff 2011).

Dark staining on timber situated outdoors above the ground is mostly attributed to darkly pigmented 
fungi, although other micro-organisms might contribute as well (Sharp & Dickinson 1992, Frey-Klett et al. 
2011). The dark wood discolouration on wood is often referred to as blue, mould or fungal staining (Schmidt 
2006, Gobakken & Alfredsen 2016). It differs from fungal wood decay that causes cell wall degradation and 
a decrease of mechanical wood properties. The wood-discolouring organisms use nutrients available in the 
wood, but are usually not able to degrade cell wall components (Sharp & Dickinson 1992, Williams 2005, 
Schmidt 2006). Several fungal species are associated with dark wood staining, such as Aureobasidium, 
Alternaria and Cladosporium (Schmidt 2006, Gobakken & Westin 2008). However, little is known to which 
extent each taxon contributes, since the quantification of the fungal population on timber surfaces has 
been examined in a limited number of studies (Uzunovic et al. 1999, Kelley et al. 2006).

In 2010 the fungal composition of the homogenous dark stained surface of one specific linseed oil treated 
sample was examined (Sailer et al. 2010). The results of a culture based and non-culture based method 
showed Aureobasidium pullulans to be the only predominant species. However, the ongoing taxonomic 
revisions of fungal species and the lack of accessible strains and DNA material of this fungal layer, made 
a more detailed study of the previously identified fungal biomass difficult. Due to the small sampling size 
in the study of Sailer et al. (2010), it remained unclear if the predominance of the genus Aureobasidium 
would be applicable to biofinishes on other wood samples. Therefore, the fungal composition of several 
natural biofinishes is characterized in this PhD research.

The fungal genus Aureobasidium

Aureobasidium is a worldwide-distributed fungus. It is a common wood stain fungus, but also present on 
other outdoor materials, such as leaves, grape berries, epoxy resin, plasticized polyvinyl chloride, ice from 
sea water and rocks (Webb et al. 2000, Andrews et al. 2002, Prakitchaiwattana et al. 2004, Schmidt 2006, 
Ruibal et al. 2008, Zalar et al. 2008, Pangallo et al. 2015). Indoors, it can be found in house dust and 
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moist environments like bathroom walls (Samson et al. 2010). Human mycotoxins are not known to be 
produced by Aureobasidium and the fungus is not a primary pathogen (Samson et al. 2010, Gostinčar et 
al. 2014). Aureobasidium is used in industry, especially because of its capability to produce pullulan (Gaur 
et al. 2010). This water soluble maltotriose polysaccharide polymer can be used for oxygen impermeable 
films, thickening, adhesive or encapsulating agents (Singh et al. 2008). Examples of other metabolites 
produced by Aureobasidium are beta-glucan, erythritol, gluconic acid, L-Malic acid and Poly(b-L-malic 
acid) and several enzymes like amylase, hemicellulase, protease and lipase (Singh et al. 2008). 

The life cycle of Aureobasidium shows polymorphic forms with at least two sub-cycles (Fig. 8; Ramos 
& Acha 1975, Pechak & Crang 1977, Kocková-Kratochvílová et al. 1980). Synchronous blastospore 
production from young expanding hyphae on solid media plates are characteristic for Aureobasidium 
(Samson et al. 2010, Fig. 9). Other forms such as transparent single oval cells (blastospores), or budding 
cells are both present in liquid media cultivations and are not restricted to this genus. The same applies 
to the dark pigmented chlamydospores, single or in chains (Figs. 8, 9). Other fungi such as Hormonema 
spp., Knufia spp. and Lapidomyces hispanicus are known to produce dark chlamydospores as well (Bills 
et al. 2004, Tsuneda et al. 2011, Selbmann 2013, Egidi et al. 2014). 

The genus Aureobasidium is a member of the family Aureobasidiaceae within the class of the 
Dothideomycetes, belonging to the phylum Ascomycota (Thambugala et al. 2014, Wijayawardene et al. 
2014). It contains several classified species, but the total number may vary per database (for example 38 in 
MycoBank and 13 in GenBank on October 2015). A well-known Aureobasidium species is Aureobasidium 
pullulans. This species formerly contained three variaties which are now classified as A. melanogenum, 
A. subglaciale and A. namibae (Zalar et al. 2008, Gostinčar et al. 2014).

Before DNA sequencing was applied in fungal taxonomy, the species classification system was mainly 
based on physiologic and phenotypic characteristics. In the case of Aureobasidium, colony pigmentation 
was used as a species-specific phenotypic characteristic (Zalar et al. 2008, Peterson et al. 2013, Fig.5). 
Nowadays, also the genealogical concordance phylogenetic species recognition (GCPSR) concept is 
commonly applied for species delimitation (Taylor et al. 2000). For species delimitation according to 
GCPSR multigene phylogenies are required. A phylogeny based upon similarities and differences of 
genetic characteristics, including all described genera and species within the Aureobasidiaceae, was not 
yet available in 2015. To classify and identify biofinish-inhabiting Aureobasidium species a comprehensive 
study is performed in this PhD research.

Figure 8. Life cycle of Aureo-
basidium according to Ramos & 
Acha 1975. Not to scale.
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The classification of fungi

Throughout history people have tried to structure nature, to sort organisms into groups based on shared 
characteristics. The Greek philosopher Aristotle, for example, divided living things into plants and animals 
(Mayr 1982), while Lemry in 1965 divided nature into minerals, vegetables and animals (Cavalier-Smith 
1998). The classification system that sorts organisms into taxa has been subjected to changes, which is 
likely to be a never ending story. The top taxonomic rank depends on the classification system, which 
if selected post 1990, might be domain or empire (also described as superkingdom) (Cavalier-Smith 
1998, Woese et al. 1990). Kingdoms are generally recognized as the second highest rank, whilst at the 
lower end of the hierarchical tree there are genera followed by species. A separate kingdom for Fungi 
was proposed at least as early as in 1783 and more than two era’s later it is still current, next to the 
kingdoms of Protozoa, Animalia, Plantae and Chromista and Bacteria, as proposed by Cavalier-Smith 
(1998). However, the use of DNA information in addition to visual characteristics (morphology) caused 
the transfer of various species out of the fungal kingdom and vice versa (Cavalier-Smith 2001, Lutzoni et 
al. 2004). An important online database with general classifications of Fungi is GenBank (www.ncbi.nlm.
nih.gov/ Taxonomy) (Hibbett et al. 2007). The term mould, sometimes used to describe wood discolouring 
fungi (Gobakken & Vestøl 2012, Schmidt 2006), is not defined as a taxa in the modern classification 
systems. The term probably originates from daily life (Schmidt 2006). 

Fungi are micro-organisms, the colonies or fruiting bodies thereof, like mushrooms, might be seen with 
the naked eye. They can reproduce sexually (by recombination) or asexually (clonally) (Taylor & Berbee 
2014), although both types are not actually observed for each species. A common fungal body form are 
hyphae, often highly branched to form sporulating mycelia (Cavalier-Smith 2001, Samson et al. 2010). 
This characteristic however is not unique for fungi, because some fungal species, for example species 
which are commonly referred to as yeasts, are not able to grow hyphae/mycelium. Fungi mostly have cell 
walls and use external organic matter as nutrient (Cavalier-Smit 2001). In addition to a suitable carbon 
and energy source, fungi require several other elements such as water, macro inorganic compounds 
(e.g. P, N), trace metals (e.g. Fe2+, Cu2+) for cellular growth (Griffin 1994, Deacon 2006). In contrast to 
bacteria, most fungi need oxygen as well (Griffin 1994, Deacon 2006).

To identify fungal taxa in uncontrolled mixed populations, which are present on outdoor wood surfaces, 
various methods can be used. When direct visual observations are not informative enough, pure cultures 

Figure 9. Macro- and micromorphology of Aureobasdium isolates grown in laboratory conditions: A. Colonies 
of Aureobasidium melanogenum grown at 25 °C for 7 days on malt extract agar, B. Conidiogenous cells 
producing blastoconidia synchronously, C. Transparent conidia and dark pigmented chlamydospores, D. 
Colonies of Aureobasidium pullulans grown at 25 °C for 7 days on malt extract agar. Scale bar = 10 µm. 
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can be made of isolated strains that are able to grow in the lab. Both morphological and molecular 
identification methods are useful to identify the cultures. Because many species do not grow (easily) in 
the lab, analysing DNA material directly obtained from the fungal population of the surface, might also 
generate valuable information. However, an accurate species identification based on directly extracted 
DNA material is difficult. Mostly, DNA sequences are screened against a database consisting of genomic 
data that have been taxonomically identified. Unfortunately the taxonomic naming attached to genomic 
data is not always correct, especially in public databases where everybody can deposit data. Therefore 
both culture-dependent and independent methods are used to characterize the fungal communities of 
natural biofinishes in this PhD research.

Objectives of the thesis: 

The aim of this thesis is to generate fundamental knowledge of natural biofinish formation in outdoor 
conditions. More specifically, the objectives of this thesis are: 

•	 To obtain a method to determine whether a natural dark stained wood surfaces qualifies as a 
biofinish or not.

•	 To determine the effect of different wood species, oil types and exposure sites on the presence of 
natural biofinishes after outdoor exposure of oil-treated wood.

•	 To determine the fungal taxa of natural biofinishes on oil-treated wood. 

•	 To determine which of the vegetable oils that have been used to generate natural biofinishes 
provide carbon and energy for growth of the fungus A. melanogenum.

•	 To determine the effect of the oil type and amount of oil on the cell yield of A. melanogenum when 
cultivated with a vegetable oil as a sole carbon-based nutrient.

Outline of the thesis

In order to achieve these objectives, at first the biofinish was defined, a biofinish assessment method 
was developed and the method was applied to oil treated wood samples, existing of different wood-
oil combinations that were placed outdoors for more than a year as described in Chapter 2. To gain 
more insight in the impact of geographical location on biofinish formation, oil-treated wood samples 
were exposed at an outdoor test site in the Netherlands and Norway and the fungal staining an biofinish 
formation was examined. This study can be found in Chapter 3. In addition, the fungal communities of 
biofinishes on wood were investigated. The composition of the fungal genera was studied as described 
in Chapter 4 and because Aureobasidium was one of the major contributing genera, it was examined 
on species level, as explained in Chapter 5. Also an in depth study was needed to classify unknown 
predominant isolated cultures, which is presented in Chapter 6. To investigate a stimulation mechanism 
of fungal growth by vegetable oils, the use of oil as a carbon and energy source for the biofinish-inhabiting 
species A. melanogenum was studied. This is described in Chapter 7. Finally, in Chapter 8 conclusions 
are made of the data presented in this thesis and recommendations for future research are made.
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ABSTRACT

Stains on wood are often unwanted in outdoor applications, dark stain formation however is essential to 
the development of a new protective, self-healing and decorative biotreatment for wood. The biotreatment 
is based on the formation of surface covering mould staining on linseed oil-treated pine sapwood during 
outdoor exposure. This specific stain formation is called biofinish and an assessment method is proposed 
in this study. Analysis of the visual stain coverage and quantification of the darkness generated useful input 
for the detection of biofinishes. Analysis of the microbial composition of a biofinish by PCR amplification 
and (Sanger) sequencing of fungal DNA sequences was appropriate for identification of Aureobasidium, 
as the predominant genus in several biofinishes, however our results indicate, that a more in depth, next 
generation sequencing method is preferred for a more elaborate biofinish assessment method. With the 
basic assessment method, biofinish formation was determined for oil-treated wood specimens exposed 
outdoors in the Netherlands and some selected sites outside the Netherlands. Biofinish formation was 
demonstrated to be reproducible for pine sapwood, which was treated with raw linseed oil and exposed 
in the Netherlands. Furthermore, olive oil is discovered in this study as a supportive factor for biofinish 
formation, regardless of the wood type, whereas biofinish formation was not detected on wood treated 
with stand linseed oil. 
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2
INTRODUCTION

Timber is a common building material for above ground outdoor applications, such as facades cladding, 
partitions and noise barriers. It is often selected for its (organic) appearance, and can be used either as 
coated or uncoated. However, an uneven discolouration in uncoated and coated wooden surfaces occurs 
frequently and it is generally attributed to mould growth (Williams et al. 1999, Ray et al. 2004, Kelley et 
al. 2006, Gobakken & Westin 2008, Gobakken et al. 2010a). Microbial growth causing discolouration 
on building materials is commonly seen as a visual disfigurement and it is associated with a reduced 
aesthetical service life (Dickinson 1972, Saad et al. 2004, Chedgy et al. 2007, Gobakken & Vestøl 2012). 
In contrast, microbial growth has positive functionalities in dark biofinishes as shown for linseed oil-
treated wood (Sailer et al. 2010). In this case, the natural process of abundant dark staining on wood 
is embraced due to its homogenous colouring and wood protecting abilities. Although the growth and 
protection mechanism of this biofinish has yet to be understood, the formation of a surface covering layer 
of microorganisms on oil-treated wood is recognized as a sustainable solution for a biocide-free and self-
healing finish system.  

Sailer et al. (2010) detected biofinishes on pine sapwood specimens impregnated with a chemically 
refined pure linseed oil dissolved in acetone. The biofinish was identified as a homogenous dark film. 
However, methods for determining the characteristics of the biofinish, such as homogenous colouration 
and darkness of the biofinish, were still lacking. Microscopic analysis of the biofinish showed a layer 
of dark stained, presumably microbial, structures. Cultivation and molecular detection confirmed the 
presence of microorganisms in this biofinish and mainly revealed the presence of the fungal species 
Aureobasidium pullulans. A homogenous surface covering dark finish was also recognized on outdoor 
exposed (TNO, Delft, The Netherlands) pine sapwood samples, which have been impregnated with raw 
linseed oil (unpublished data). Screening of the surface with a naked eye was the used method for this 
assessment. The linseed oil-treated samples of this unpublished study and the samples of the study 
of Sailer et al. (2010) both showed the presence of biofinishes, while no biofinish was observed on the 
untreated control samples. Although a coherent biofinish assessment has not yet been used, the results 
indicate the need for impregnation with linseed oil as base for biofinish formation during outdoor exposure.

New studies were initiated to determine if the formation of a dark pigmented biofinish on linseed oil-
treated pine sapwood is restricted to refined and raw linseed oil, pine sapwood and/or the environmental 
conditions of a test site. Although it has been demonstrated that several factors affect mould growth 
on coatings or finishes, for example the type of coating, the type and concentration of fungicide, the 
pigment-volume content, the type of substrate, exposure time and climate conditions (Creemers et al. 
2002, Gobakken & Lebow 2009, Gaylarde et al. 2011, Shirakawa et al. 2011, Viitanen & Ritschkoff 2011, 
Gobakken & Vestøl 2012, De Windt et al. 2014), the interaction and dominance of each factor has not 
been consistently unravelled. Also, it should be noted that mould growth on a surface is not identical to 
a biofinish, and that conversion of mould growth data to a biofinish assessment method is questionable 
since a reliable conversion method is missing. This makes it difficult to predict or control the biofinish 
formation on wood if changes are made to the substrate or geographical location. 

The first aim of this study was to develop an assessment method to detect biofinishes on wood. The 
following definition of a biofinish was used: (1) a dark pigmented layer, (2) which covers a wood surface 
almost entirely without exposing underlying wood structures, (3) contains abundant microbial mass and 
(4) is irreversibly attached to the surface. The first three sections of the definition were transformed into 
measurable criteria using a set of evaluation methods: (1) colour measurements to characterize the 
colour of a biofinish (2) macroscopic and microscopic observations to characterize the coverage (the 
visibility of the underlying wood substrate), (3) microscopic observation, cultivability of fungi and bacteria, 
DNA isolation and sequence analysis to characterize the microbial presence. The fourth criterion, (4) 
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irreversibly attachment, was not explicitly measured but will be commented on in the discussion. 
The second aim of this study was to evaluate the biofinish formation on different combinations of wood 
species and vegetable oil types following outdoor exposure in and outside the Netherlands. The impact on 
biofinish formation of wood species, the oil type, the wood-oil combination, the oil uptake were analysed 
and discussed in relation to the impact of the environmental conditions at the exposure sites.

METHODS

Specimen preparation  

Six sample sets were used in this study, each with different wood species, (oil) treatments, and varying 
number of replicates (Table 1). The different woods tested were pine (Pinus sylvestris L.) sapwood, 
spruce (Picea abies) or ilomba (Pycnanthus angolensis).  The wood samples each had a length of 50 
mm (longitudinal axis), width of 25 mm and height of 15 mm, except the pine specimens, which mainly 
contained heartwood. They had a dimension of 150 mm (longitudinal axis) x 145 mm x 20 mm. The 
surfaces of the wood specimens were planed to ensure a smooth surface.

The small oil-treated specimens (50 mm x 25 mm x 15 mm) were impregnated with raw linseed oil 
(Vereenigde Oliefabrieken, iodine value 183 and 0,81% free fatty acids), olive oil (Carbonel, iodine value 
82 and 0,34%free fatty acids) or stand linseed oil (Vliegenthart, viscosity P45). The impregnation was 
carried out in an impregnation vessel (Scholz) using a vacuum time of 30 minutes at  −1×105 Pa followed 
by 1 hour pressure of 8×105 Pa. A vacuum time of 1 hour at  −1×105 Pa followed by 2 hour pressure of 
8×105 Pa was used for the larger pine specimens (150 mm x 145 mm x 20 mm). 

The oil retention of the wood was determined by comparison of the mass of the specimens before and 
after impregnation. To determine the average moisture content, additional test pieces of wood were dried 
at 105°C. The moisture content of these specimens was up to 10% for the small wood samples (50 mm 
x 25 mm x 15 mm) and 13% for the larger pine samples. The spruce samples impregnated with stand oil 
(sample set 1) had the lowest mean oil retention: 109 kg/m³ with a standard deviation (SD) of 20 kg/ m³ 
(Table 2). The pine sapwood samples impregnated with olive oil had the highest mean oil retention:  550 
kg/m³ with a SD of 7 kg/ m³ (Table 2). The spruce samples, which are known for their restricted accessibility 
during impregnation (Liese & Bauch 1967, Ulvcrona et. al 2006), had an oil retention approximately half of 
that of pine sapwood or ilomba. The use of stand linseed oil, the most viscous of the selected oils, resulted 
in a lower oil uptake with spruce and pine sapwood than with other oils. In the case of the stand oil-treated 
specimens, the mean oil retention of the ilomba samples was lower compared to others (Table 2). The low 
oil retention of ilomba can be attributed to a treatment error during the impregnation of one sample. The 
mean raw linseed oil retention of the pine sapwood specimens of set 2 was 545 kg/m³, which is slightly 
higher compared to the same type of samples of set 1 and set 3-6 (Table 2). The difference between the 
mean oil retention of samples from set 3-6 and the samples of the same type from set 1 was maximal 51 
kg/m³. The large pine specimens had an oil retention of 361 kg/m³ with a SD of 8 kg/m³. The oil retention 
of large pine was lower than the small pine sapwood samples. This can be attributed to presence of 
heartwood and the relative lower impact of the highly accessible sawn edges of the sample.

The impregnated specimens of sample set 2 were sterilized twice on two consecutive days in water 
vapour without pressure (CEN 1996, Fritsche & Laplace 1999) before exposure outdoors.
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Table 1. Overview of the sample sets, types of wood samples and their exposure characteristics.
Sample set Wood species Treatment Exposition location Exposition time # of samples 
1 Spruce raw linseed oil Utrecht, The Netherlands 1,5 year 3

 “ stand linseed oil 3
 “ olive oil 3
 “ no oil treatment 3
Pine sapwood raw linseed oil 3
 “ stand linseed oil 3
 “ olive oil 3
 “ no oil treatment 3
Ilomba raw linseed oil 3
 “ stand linseed oil 3
 “ olive oil 3
 “ no oil treatment 3

2 Pine sapwood raw linseed oil Utrecht, The Netherlands 1,8 year 20
3 Spruce raw linseed oil Romang, Santa Fe 

province, Argentina
1,7 year 1

Ilomba raw linseed oil 1
Pine sapwood raw linseed oil 1
Pine sapwood olive oil 1
Pine sapwood no oil treatment 1
Pine heartwood raw linseed oil 1

4 Spruce raw linseed oil Johannesburg, South 
Africa

1,7 year 1
Ilomba raw linseed oil 1
Pine sapwood raw linseed oil 1
Pine sapwood olive oil 1
Pine sapwood no oil treatment 1
Pine heartw. raw linseed oil 1

5 Spruce raw linseed oil Dover Gardens, Adelaide, 
Australia

1,5 year 1
Ilomba raw linseed oil 1
Pine sapwood raw linseed oil 1
Pine sapwood olive oil 1
Pine sapwood no oil treatment 1
Pine heartwood raw linseed oil 1

6 Spruce raw linseed oil Ås, Norway 2 year 1
Ilomba raw linseed oil 1
Pine sapwood raw linseed oil 1
Pine sapwood olive oil 1
Pine sapwood no oil treatment 1
Pine heartwood raw linseed oil 1
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Outdoor exposure and handling procedures

Five sites, located in different countries (Table 1), were used for outdoor exposure in this study. All 
specimens were placed horizontally, 10 - 40 cm above the ground or a flat roof (in case of the Netherlands), 
in an outdoor test field fully exposed to wind, sun and rain. The samples were exposed for 1.5 - 2 years. 

At the end of the test the samples exposed in the Netherlands were put in sterile petri dishes and 
transported to the laboratory for analysis. The light and electron microscopy analysis were performed 
after 3 days of storage at 10 °C, a temperature similar to the outdoor temperature. Sample sets 3-6, 
which were exposed in Argentina, Australia, South Africa and Norway respectively, were sent by mail in 
an uncontrolled climate condition and analysed at the Westerdijk Fungal Biodiversity Institute in Utrecht, 
The Netherlands, after arrival.  

Biofinish characteristics

The pine sapwood samples treated with raw linseed oil from sample set 1 and 2 and the untreated pine 
sapwood samples from sample set 1 were characterized according to the following methods:

Degree of surface coverage of a biofinish
Macroscopic observation of surface coverage: Each upper surface was studied with the naked eye 
four days before the conclusion of the outdoor exposure. A sample was classified as almost completely 
covered when more than 90% of the surface was darkened, gave the impression of a uniform layer and 
did not expose structures of the wood such as annual rings or wood fibres.
Stereomicroscopy of surface coverage: Prior to the conclusion of the outdoor exposure the samples 
were temporary taken indoors. The upper surface of each sample was screened with a Zeiss Discovery 
2.0 stereomicroscope, using a magnification of 150 times, for the visual presence of wood structures, dark 
spots and covering layers. Microscopic pictures were made of each sample, selecting 1 mm x 1 mm areas 
that represented the maximal surface coverage. A sample was classified as almost completely covered 
when more than 90% of the sample surface was darkened, gave the impression of a continuous covering 
layer (instead of multiple separate dark spots) and did not show wood structures.

Characterization of the pigmentation of a biofinish
Spectrophotometer measurements: The ColorMunki Design spectrophotometer (X-rite) was used to 

Table 2. Oil retention after vacuum-pressure impregnation of the small wood samples of set 1, 2 and 
3-6 with various oil types (“SD” = standard deviation, “-“=missing data).

Oil type Sample set

Wood species
Spruce Pine sapwood Ilomba
mean retention SD mean retention SD mean retention SD
(kg/m³) - (kg/m³) - (kg/m³) -

Raw linseed
1 176 39 515 14 491 14
2 - - 545 14 - -
3-6 188 42 514 11 459 18

Stand linseed 1 109 20 433 4 372 198

Olive
1 221 32 550 7 458 24
3-6 - - 499 12 - -
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identify colours on the upper sample surface numerically. Four representative points were measured 
from the same surface area as used for the culturing of colonies. The spectrophotometer measured the 
amount of light energy reflected from an object at several intervals along the visible spectrum as numeric 
values (X-rite 2007). The accessory software converted the numeric data with a standardized colour order 
system of the Commission Internationale de l’Eclairage (X-rite 2007) and subsequently transformed it  
into sRGB values. The sRGB colour space is a standard absolute RGB colour space based on the RGB 
model. In this RGB color model a colour is described by indicating how much of red (R), green (G), and 
blue (B) is included expressed as an RGB triplet with each component varying from 0 to a maximum of 
255. The RGB triplet of ultimate black is [0,0,0] and [255,255,255] corresponds with white. The maximal 
R, G, and B values of single measurements give more information on the fitting of a RGB measurement 
in a defined “black / dark grey” area than average R,G,B values with standard deviation. For example, a 
dark sample with a high standard deviation can be caused by a R,G,B measurement that has all three 
values related closer to black than in  other measurements. The maximal internal difference for each 
single measurement is suitable to give information on the closeness of the colour towards the grey line in 
the RGB system.

Analysis of the microorganisms present
Adhesive tape preparation: After 11 months of outdoor exposure tape preparations were made for pine 
sapwood samples treated with raw linseed oil and the untreated pine sapwood samples, both from set 
1. Titan ultra-clear tape was pressed on to the surface of a specimen and placed on a microscope slide 
provided with a drop of lactic acid according to the procedure of Samson et al. (2010). After placing a glass 
cover slit on top, the preparation was examined for the presence of microorganisms with a transmitted 
light microscope (Zeiss Axio imager) and pictures were made.
Scanning Electron Microscopy (SEM): SEM preparations were made of 3 samples from set 2. Pieces 
were cut from matted homogenous dark areas of the upper surface. The cryo-SEM was used to image the 
presence of microorganisms on the upper surface according to Bekker et al. (2012).
Light microscopy: Microscopic analysis was done for the same samples as they were used for SEM, one 
day after removal from outdoors. Pieces of the outer surface were placed on glass slides and analysed 
with a transmitted light microscope (Zeiss Axio imager). 
Culturable colonies: The total number of colony forming units (CFU) of fungi and bacteria on agar 
plates was quantified per wood sample. The three pine sapwood samples treated with raw linseed oil 
were used from sample set 1 and ten were selected from sample set 2. In addition three samples were 
used of the untreated pine sapwood samples (set 1). A sterile cotton wool was used to swab a 25 mm 
x 25 mm area of the upper surface of each outdoor exposed wood sample. The swab was placed in 3 
ml pepton physiological salt solution (Dijk et al. 1999) and vortexed vigorously. 1 ml of a decimal dilution 
series up to 10-5 was plated on Malt Extract Agar supplemented with Pencilline and Streptomycine (MEA 
p/s), Dichloran 18% Glycerol agar (DG18) and Reasoner´s 2A agar (R2A) in duplicate for the first and in 
triplicate for the second sample set. MEA p/s and DG18 were prepared according to Samson et al. (2004) 
and R2A as described in Reasoner & Geldreich (1985). The CFU on the plates were counted at seven 
and fourteen days of incubation at 25 ˚C. 
DNA analysis: Biomass was removed with a sterile scalpel from an untouched area of 25 mm x 25 mm 
from the upper sample surface within a few hours after the swab samples were made. The biomass was 
collected on a sterile paper and DNA was extracted using the Ultraclean Microbial DNA isolation kit (MoBio 
Laboratories, Carlsbad, CA, USA), according to the manufacturer’s instructions. The DNA concentrations 
were measured with the Qubit 2.0 invitrogen using the Qubit ds DNA HS assay kit. In order to identify 
predominant microbial species in the DNA extract, the DNA samples were used for PCR analysis using 
fungal specific DNA primers allowing amplification of fungal barcode sequences derived from the internal 
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transcribed regions of the gene regions encoding ribosomal DNA (ITS). Each DNA extraction was used for 
up to 4 separate PCR reactions. The products of maximal two successful PCR reactions were sequenced. 
The ITS fragments were amplified using the primer pair V9G (de Hoog & Gerrits van den Ende 1998) and 
LS266 (Masclaux et al. 1995). The PCR reactions were performed in 25 μL reaction mixtures containing 
1 μL DNA extraction, 2.5 μL PCR buffer, 0.75 μL MgCl2 (50 mM), 16.45 μL demineralised sterile water, 
1.95 μL dNTP (1 mM), 1.25 μL DMSO, 0.50 μL of each primer (10 μM) and  0.1 μL Taq  polymerase (5 U/
μL, BioTaq, Bioline). The PCR program typically was: 1 cycle of 5 min denaturation at 95 °C; 35 cycles 
of 35s denaturation at 95 °C, followed by primer annealing for 30 s at 55 °C, and extension for 1,5 min 
at 72 °C; finalised with an extension for 5 min at 72 °C. Gel electrophorese was used to screen the PCR 
reactions. A PCR reaction was considered successful when a specific DNA band of the expected size was 
visible on the gel. The sequence reactions, purification of the sequencing products and assembling of the 
sequence contigs were performed according to Houbraken & Samson (2011). In the cases that the result 
obtained from the Sanger sequencing of a PCR product was not a single specific sequence, it was marked 
as ‘not specific’ (Table 4, Table 7). The specific sequences were used to screen against the non-redundant 
NCBI database, using the program BLASTN to come to a taxonomic classification. Genus names were 
registered whereas species names were not. Identification to species level was considered less accurate 
due the high percentage of incorrectly identified GenBank entries (Nilsson et al. 2006) and the ongoing 
taxonomic revisions, in particular with A. pullulans (Gostinčar et al. 2014). Sequences resulting in hits in 
GenBank with an identity below 94%, were marked as ‘unknown genus’. 

Assessment of biofinish on oil-treated wood

The samples from sample sets 1 to 6 (see Table 1) were all screened for dark biofinish formation. The 
assessment method to screen the wood samples consisted of macroscopic and microscopic assessments to 
characterize the degree of surface coverage of the finish and the quantification with the spectrophotometer 
of the pigmentation of the finish (methods described above). A biofinish was assigned when the degree of 
surface coverage was above 90% for both macroscopic and microscopic assessments; all the maximal R, 
G and B values measured were below 82 (maximal distance per value towards the absolute black [0,0,0] ); 
and the maximal difference between a single R,G,B measurement was below 20. Identification of the present 
fungi with DNA analysis was used to check if the presence of Aureobasidium could be used as additional 
biofinish criteria. 

RESULTS

Biofinish characteristics

Not all used methods to characterize the biofinish were able to distinguish the pine sapwood samples 
with biofinish of sample set 1 and 2 from the untreated pine sapwood samples. Below the results are 
described. Table 3 gives a collection of the results from all suitable methods.

1) Degree of surface coverage of a biofinish
The pine sapwood samples treated with raw linseed oil (Fig. 1) could be separated from the untreated 
specimens (Fig. 2) based on the surface coverage of more than 90% (Table 3) determined with the 
macroscopically observation and the stereomicroscopy. The microscopic views which represented the 
maximal surface coverage of 1 mm x 1 mm areas of a samples, showed variation in the appearance of 
darkness and the visibility of wood structures on the raw linseed oil samples and the untreated sample 
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(Fig. 3). The microscopic analysis of the untreated specimens showed that dark stains were present but 
even small (1 mm x 1 mm) areas of full layer coverage could not be detected. In contrast the almost entire 
surface was covered of the samples treated with raw linseed oil. 

2) characterization of the pigmentation of a biofinisch
The results of the photospectrometer seem useful to characterize biofinish samples with exclusion of the 
untreated pine samples. The untreated samples had a maximal R, G or B value of 82 or more, whereas 
the maximal R, G or B value of the biofinish samples did not exceed 65 (Table 3). Since the max. diff Max-
Min R,G,B  values for the samples with biofinish were lower than the untreated samples without biofinish 

Table 3. The results of the surface coverage and pigmentation description of exposed pine sapwood 
samples related to biofinish and non-biofinish containing samples. “+”= yes, “-“= no.
Sample 
set

Wood 
species

Wood 
treatment

Sample 
nr

Surface 
coverage

Pigmentation Presence 
biofinish

Macro  
>90-
100%

Micro 
>90-
100%

Max 
R

Max 
G

Max 
B

Max. diff 
Max-Min 
R,G,B

1 Pine sapwood raw linseed oil 1  +  + 59 55 51 8 +
2  +  + 65 59 54 11 +
3  +  + 59 55 51 8 +

Pine sapwood No oil 
treatment

1  -  - 111 101 91 20  -
2  -  - 102 92 82 20  -
3  -  - 123 111 99 26  -

2 Pine sapwood raw linseed oil 1  +  + 55 53 52 3 +
2  +  + 51 49 48 5 +
3  +  + 53 52 51 10 +
4  +  + 55 51 49 6 +
5  +  + 54 53 52 4 +
6  +  + 52 51 50 5 +
7  +  + 54 50 47 7 +
8  +  + 60 56 52 8 +
9  +  + 54 53 53 2 +

10  +  + 57 54 50 7 +
11  +  + 57 54 51 6 +
12  +  + 58 54 51 7 +
13  +  + 54 52 50 4 +
14  +  + 53 49 47 6 +
15  +  + 53 50 49 7 +
16  +  + 57 53 50 7 +
17  +  + 56 53 52 7 +
18  +  + 56 53 51 8 +
19  +  + 52 49 46 7 +
20  +  + 53 49 47 7 +
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Figure 2. Untreated pine sapwood samples including indoor reference (left). Scale bar = 10 mm.

Figure 3.  Examples of the maximal surface coverage of small surface area, which is representative for a 
sample. A-C: raw linseed oil samples, D: untreated wood. Scale bar = 100 µm.

Figure 1. Pine sapwood samples treated with raw linseed oil including indoor reference (left). Scale bar 
= 10 mm.
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(Table 3), it showed that the former were closer related to the grey line in the R,G,B model between [0,0,0] 
and [255, 255, 255] than the colours of the untreated specimens.

3) analysis of the microorganisms present
Adhesive tape preparation: Mainly clumps or chains of dark structures, recognized as fungal spores, 
were seen on the preparations of the biofinish containing sample and on the non-biofinish containing 
wood sample. No unique morphology was recognized which could be used to identify a fungal species.
SEM and light microscopy: The three biofinishes that were analysed with the SEM all had an uneven 
surface and showed the abundant presence of fungal structures (Fig. 4, 5). The edges of the upper 
surface of the wood pieces that were prepared for the SEM showed a smoother surface and less visible 
spores compared to the inner part (Fig. 5). This smooth layer is thought to be caused by the oil that has 
been pressed out to the surface during the initial preparation of the sample. It indicates that the ability of 
SEM to show microorganisms on the biofinish is related to the behaviour of the oil in the sample. 

Different fungal structures were recognized on the biofinish surface with the SEM and light microscopy. 
However, no unique morphology was detected which could be used to identify a fungal species. In general, 
the fungal structures on the surface can be described as: Clusters of dark pigmented spores (≈ 4 µm 
diameter), larger spores (≈ 5 - 10 µm diameter) mostly appearing to be pigmented and hyaline ovoid cells 
(≈ 5 µm length) (Fig. 6, 7). Various structures were found on the surface classified as pollen based on the 
diameter and surface relief.
Culturable colonies: The number of bacterial and fungal CFU was varying from 1.2 x 102 till 1.8 x 105 

CFU/ cm² and showed that culturable microorganisms were present on the sample surface. However, the 
results do not show an absolute boundary to differentiate between the number of fungal or bacterial CFU 
on wood samples with and without biofinish. 
DNA analysis: The general approach to use total DNA levels isolated from wood samples as a measure for 
microbial growth was not successful as there was no clear difference in DNA level between wood samples with 
and without biofinish. The amount of DNA mass per microliter DNA extraction of the untreated pine samples 
varied between 1.9 ng/µl and 3.3 ng/µl. Two samples with biofinish had also values within this range.

The more detailed approach, which allowed identification of a predominant fungal genus in the 
DNA obtained from the wood samples, was more successful. ITS specific PCR and sequence analysis 
confirmed the presence of Aureobasidium in the biofinishes on several samples (Table 4). The samples 
without biofinish generated not specific sequences. It should be noted that the DNA extractions of five 
samples which contained a biofinish, did not generate detectable PCR products. This could be due to 
the presence of hindering non-DNA components in the DNA extraction. Also, it should be noted that the 
PCR products of three biofinish containing samples did not generate a specific sequence, suggesting the 
presence of more than a single predominant genus. 

Assessment of biofinish on oil-treated wood

All samples exposed in the Netherlands treated with olive oil generated a biofinish (Table 5). Furthermore, 
pine sapwood treated with raw linseed oil of both sample sets exposed in the Netherlands generated 
a biofinish (Table 5). All other samples did also show dark staining as can be seen in the examples of 
maximal stain coverage in Fig. 8, but biofinishes were not detected according to the evaluation criteria.

No wood species could be correlated with a 100% score to biofinish presence (Table 5). With respect 
to the oil treatment, the use of olive oil did support 100% biofinish formation, regardless the wood species. 
The use of stand oil and the absence of oil (no oil treatment) did not result in the presence of a biofinish 
on any sample, regardless the wood species.
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Figure 4. Abundant presence of fungal spores and 
ovoid cells.

Figure 5. Abundant presence of fungal structures 
and the presence of a smooth surface (at the lower 
edge of the picture).

Figure 6. Hyaline spores and dark structures 
present in biofinish. Scale bar = 10 µm.

Figure 7. Clusters of dark spores present in biofinish. 
Scale bar = 10 µm.

DNA analysis showed that all the samples in sample set 1 had PCR products but Aureobasidium was 
identified for only 2 samples. These two samples were made of pine sapwood and raw linseed oil and 
contained a biofinish. All the other samples resulted in non-specific sequences hits or identification of 
unknown genera.

Indication of biofinish formation outside the Netherlands

Biofinishes were assessed on oil containing wood samples after outdoor exposure at test fields outside 
The Netherlands (Table 6, 7). The samples that contained a biofinish existed of pine sapwood specimens 
treated with olive oil of sample set 3 (Argentina) and 4 (South Africa), pine sapwood specimens treated 
with raw linseed oil of sample set 3 (Argentina) and 6 (Norway) and the pine heartwood specimen treated 
with raw linseed oil of sample set 6 (Norway). The other specimens did show dark stains, but none of the 
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samples surfaces had a pigmentation characterization that corresponded with the biofinish classification. 
And in concordance with the results from the samples exposed in the Netherlands all the untreated wood 
samples and the spruce samples treated with raw linseed oil did not have any microscopically enlarged 
areas, which showed a dark surface covering layer. 

The DNA analysis of sample sets 3-6 showed PCR products for almost 70% of the samples (Table 7). The 
sequencing results of the 24 samples with successful PCR’s showed that in six samples Aureobasidium was 
detected. However, most of these samples were without a biofinish. Interestingly, the DNA analysis revealed 
the presence of other (unknown) genera than Aureobasidium as predominant genus. Also, the PCR products 
of several biofinish containing samples did not generate a specific sequence, suggesting the presence of 
more than a single predominant genus.

DISCUSSION

Biofinish 

In this study the term “biofinish” is used to describe a natural developed dark homogenous layer on oil 
impregnated wood specimens with protective and decorative properties. The presence of a microbiologically 
developed decorative coverage is a crucial element of the biofinish. Therefore a definition is proposed 
which identifies (1) a dark pigmented layer, (2) which covers the wood surface almost completely without 
showing the underlying wood structures, (3) contains abundant microbial mass and (4) is irreversibly 
attached to the surface. The use of other characteristics, such as the thickness of the layer, can be added 
to the preliminary definition when properly defined and needed in further studies. 

The term “biofinish” is preferred instead of the term “biofilm”, which has been adopted in Sailer et al. 
(2010) and used in several other studies on (dis)colouration of building materials (Prieto 2004, Gaylarde 
& Gaylarde 2005, Gaylarde et al. 2011, Shirakawa 2011). The functionalities protection and decoration 
of this dark layer on oil-treated wood, correspond with the basic functionalities of a wood finish. Related 
to other wood finishes the desired presence of microorganisms in a biofinish is exceptional. In biofilms 
the presence of microorganisms is a prerequisite; however, there are also commonly accepted biofilm 
criteria which the biofinish might not meet. For example, the criteria which prescribes the embedding of 
microorganisms in a matrix of extracellular polymeric substances (EPS) (Characklis & Marshall 1990, 
Costerton et al. 1995, Gaylarde & Morton 1999, Donlan &Costerton 2002, Douglas 2003, Jabra-Rizk 2004, 
Ramage 2009, Viitanen & Ritschkoff  2011). When speculating on the possibility of the presence of EPS 
in the biofinish, one can argue that it’s likely that extracellular substances are present. Aureobasidium, 
which appeared to be predominantly present in the biofinish of Sailer et al. (2010), is known for producing 
adhesive EPS such as pullulan (Andrews et al. 1994) and β-glucan (Muramatsu et al. 2012). On the other 
hand linseed oil is known for its binding functionality in coatings (van den Berg et al. 2004, Bonaduce et 
al. 2012, Alam et al. 2014) and the possibility of oil as binding material for biological deposition cannot be 
neglected.  

Biofinish characteristics

The degree of surface coverage and the characterization of the pigmentation of the biofinish were able 
to generate the outcome: biofinish or no biofinish. Therefore they were selected as parts of the biofinish 
assessment method.  It should be noted that the assessment method was developed for wood samples 
that were planed and that a successful application of this method for other type of samples, such as 
wood with rough surfaces, is not guaranteed. The input that was generated to develop an operationally 
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suitable assessment method of the presence of dark biofinishes on oil-treated wood is discussed per 
characteristic:

1) Degree of surface coverage of a biofinish 
The classification of a biofinish should identify a covering finish on the surface and exclude the 
finding of a surface with separate microbial stains. This difference in degree of surface coverage on 
the wood surface has not yet been objectively defined. Although there are several rating scales used 
to assess the gradation of staining on wood or painted surface (British Standard Institution 1989, 
CEN 2006, ASTM 2009), they do not take interest in various staining categories above 50% or 70% 
surface coverage and they do not offer a suitable classification for the biofinish. 

Table 5. Results of biofinish assessment on oil-treated wood samples exposed in The Netherlands. “-“ = 
missing data.

Treatment Biofinish per treatment
Biofinish per wood species

Spruce Pine sapwood Ilomba
Stand linseed oil 0% 0% 0% 0%
Raw linseed oil (set1) 33% 0% 100% 0%
Raw linseed oil (set 2)  -  - 100%  -
Olive oil 100% 100% 100% 100%
No oil 0% 0% 0% 0%

Table 4. The presence or absence of a biofinish on outdoor exposed pine sapwood samples situated 
in the Netherlands related to the results of the fungal DNA analysis. “+” = yes or available, “-“ = no or 
absent, “+/-“ = only one PCR product available, empty cell = no data available.

Sample set Wood species Wood treatment Sample nr Presence 
biofinish

Fungal DNA analysis
PCR product Identification

1 Pine sapwood Raw linseed oil 1 + + Aureobasidium
2 + + not specific
3 + + Aureobasidium

Pine sapwood No oil treatment 1  - + not specific
2  - + not specific
3  - + not specific

2 Pine sapwood Raw linseed oil

1 + + Aureobasidium
2 + + Aureobasidium
3 + -
4 + -
5 +  +/- Aureobasidium
6 + -
7 +  +/- not specific
8 + -
9 +  +/- not specific
10 + -
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The 90% coverage is a translation of “almost entirely covered”. This percentage is selected 
arbitrary. Differences in classification of the same sample by different observers cannot be excluded 
since the coverage percentage on macro and micro scale is a subjective determination. However, 
the use of the surface coverage on micro scale might decrease the impact of this subjectivity of the 
coverage percentage. For example, The detection of a small surface area with full coverage of fungal 
stains, like presented in Fig. 3A-3C, 8B, 8G, 8H and 8I, is less subjective than the detection of a 
small area with 90% coverage and such full coveregd areas can be easily found on samples with a 
biofinish, but not on most samples without a biofinish. 

Figure 8. Maximal stain coverage on wood surface of specimens exposed in the Netherlands. A: raw 
linseed oil & spruce, B: raw linseed oil & pine, C: raw linseed oil & ilomba, D: stand linseed oil & spruce, 
E: stand linseed oil & pine, F: stand linseed oil & ilomba, G: olive oil & spruce, H: olive oil & pine I: olive oil 
& ilomba, J: untreated spruce, K: untreated pine and L: untreated ilomba. Scale bar = 100 µm.
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Macroscopic and microscopic observations were used to measure the degree of surface coverage. 
The sample sets exposed in South Africa and Australia showed that a multiparameter approach can 
be useful since the samples sets contained samples which showed different classification between 
the macroscopic and microscopic method. 

2) Characterization of the pigmentation of the finish
The darkness of the created biofinish can subjectively be described as black or dark grey. 
Exchangeable and more objective colour definitions could be made with a photospectrometer. The 
biofinish classification was based on the fact that RGB characteristics of biofinish containing wood 
samples deviate from untreated reference wood samples. Using the RGB characteristics of the 
untreated wood samples as reference and not the RGB characteristics of a limited set of biofinish 
containing samples was done to allow for the acceptance of biofinishes with differences in colour 
diversity in comparison to the set of biofinishes on raw linseed oil-treated sapwood. 

The difference in gloss on the surface of the specimens due to the leakage of oil should not have 
influenced the colour measurements since the measurements were made by a 0°/45° geometry 
instrument (Mouw 1995). Before each measuring series, the device was calibrated by using the 
reflectance at different wavelengths of an inbuilt white tile.  The inter-instrument agreement of this 
instrument is notified as ‘max 1.5 dE2000 on X-Rite factory standard’ but the colour deviation might 
increase when comparing measurements of this brand with a 0°/45° geometry spectrophotometer of 
another manufacturer (Butts 2004, Wyble & Rich 2007). 

3) Microbial presence
Measuring the abundant presence of microorganisms from wood samples is suggested not be a 
part of the determination of biofinishes on wood. The abundant presence, especially of fungi, is 
confirmed on oil-treated wood, however microorganisms were also found on untreated wood and no 

Table 6. Results biofinish assessment on specimens exposed in and outside The Netherlands. “+” = 
biofinish present, “ –“ = no biofinish present, “+/-“ biofinish present but not on all samples, “empty cells” 
= missing data.

Wood samples
Presence of biofinish

The Netherlands Outside The Netherlands

Spruce & raw linseed oil  -  -
Spruce & stand linseed oil  -
Spruce & olive oil +
Untreated spruce  -
Pine sapwood & raw linseed oil +  +/-
Pine sapwood & stand linseed oil  -
Pine sapwood & olive oil +  +/-
Untreated pine sapwood  -  -
Pine & raw linseed oil  +/-
Ilomba & raw linseed oil  -  -
Ilomba & stand linseed oil  -
Ilomba & olive oil +
Untreated ilomba  -
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evident difference could be measured between the substrates. The absence of evident differences 
in the amount of detected microorganisms on oil-treated and untreated wood, can be explained 
by the insufficient amount of biomass. Light microscopy and SEM are in practice only suitable for 
studying small pieces (in the range of square millimetres) superficially on the surface and therefore 
not adequate to objectively compare the total amount of microorganisms on different substrates. 
In the case of the adhesive tape and the CFU method, dark spots or biofinishes are still present 
on the wood surfaces after removing biomass according to these methods. In the case of the DNA 
extraction, it seems unlikely that the DNA mass fully represents the mass of the total microbial DNA. 
For example the use of bead beating in the extraction procedure is often preferred due to the high 
yield of fungal DNA, however the percentage extracted DNA of the total present DNA is often unknown 
(Yeates et al. 1998, Krsek & Wellington 1999, Saad et al. 2004) or varies within different sample types 
(Haughland et al. 2002, Rose et al. 2011). 

The identification of the fungi present in the various biofinish and non-biofinish containing samples 
with PCR amplification of ITS sequences and direct sequencing of the PCR product cannot be used 

Table 7. The presence or absence of a biofinish on outdoor exposed samples situated outside The 
Netherlands related to the results of the fungal DNA analysis. “+” = yes or available, “-“ = no or absent, 
“+/-“ = only one PCR product available, empty cell = no data available.
Sample set Wood species Wood treatment Sample nr Presence 

biofinish
Fungal DNA analysis

PCR product Identification
3 Spruce Raw linseed oil 1  - + Lophiostoma

Ilomba Raw linseed oil 1  - + Lophiostoma
Pine sapwood Raw linseed oil 1 + + Aureobasidium
Pine sapwood Olive oil 1 +  -
Pine sapwood no oil 1  - + not specific
Pine heartwood Raw linseed oil 1 -  +/- not specific

4 Spruce Raw linseed oil 1  -  -
Ilomba Raw linseed oil 1  - + Aureobasidium
Pine sapwood Raw linseed oil 1  -  +/- not specific
Pine sapwood Olive oil 1 + -
Pine sapwood no oil 1  - + not specific
Pine heartwood Raw linseed oil 1  -  +/- not specific

5 Spruce Raw linseed oil 1  - + Aureobasidium
Ilomba Raw linseed oil 1  - + Aureobasidium
Pine sapwood Raw linseed oil 1  - + Aureobasidium
Pine sapwood Olive oil 1  - -
Pine sapwood no oil 1  - + Aureobasidium
Pine heartwood Raw linseed oil 1  - -

6 Spruce Raw linseed oil 1  - -
Ilomba Raw linseed oil 1  - + not specific
Pine sapwood Raw linseed oil 1  + + not specific
Pine sapwood Olive oil 1  - -
Pine sapwood no oil 1  - + Chaetothyriales / 

unknown
Pine heartwood Raw linseed oil 1  + -
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to assess the presence of a biofinish. Firstly, our results show that the current method does not have 
the required robustness, as for several samples, even for biofinish containing samples, no successful 
PCR amplification was obtained. Secondly, when successful ITS DNA amplification was observed 
for both biofinishes and non-biofinishes, the PCR products did often result in non-specific mixtures of 
ITS sequences, implying that the DNA that was isolated of the natural mycobiota was consisting of 
a multitude of species. Moreover, the unique correlation between the presence of a biofinish and the 
detection of a specific Aureobasidium ITS sequence did not hold as also a few non-biofinish samples 
generated PCR products which were identified as Aureobasidium. 

However, after improving our PCR amplification approach, high-through-put amplicon sequencing  
(Adams 2013 et al., Bokulich & Mills 2013, Schmidt et al. 2013) or sequencing of clones (Taylor et 
al. 2007, Jones et al. 2009) of the PCR fragments obtained from the biofinish will allow identification 
and quantification of the complete mycobiota on wood surfaces. This would not only be informative 
with respect to the determination of the contribution of Aureobasidium in biofinishes, but it could also 
turn out to be a valuable part of a more elaborate biofinish assessment method. As our results also 
show that the biofinish may consist of other fungal genera than Aureobasidium, even completely new 
genera.

4) Attachment of the biofinish
A weak or non-attached biofinish might decrease the degree of surface coverage of the mould staining 
over time and it’s therefore an important characteristic of a biofinish. In this study the attachment of 
the biofinish on oil-treated wood was not explicitly tested because it is thought that the attachment 
is irreversible associated. This irreversibly associated attachment was confirmed by the fact that the 
biofinish developed and persisted during the outdoor exposure despite periods of rain and hail and 
by the persistence of a biofinish layer after rubbing a surface with a cotton swab. The irreversible 
association is explained by Donlan (2002) in terms of “not removed by gentle rinsing”. However, a 
standardized measuring method for gently rinsing is lacking. The method suggested by Webb et al. 
(2000) was discarded for this study due to unpredictable impact on other biofinish characteristics. 

The role of oil in biofinish formation

Interestingly, in the case of the wood samples exposed in the Netherlands, biofinishes were only observed 
when olive oil was applied or when the combination raw linseed oil and pine sapwood was used. This 
cannot be explained by the degree of the oil uptake. For example the mean retention of olive oil in the 
spruce specimens which had a biofinish is much lower than the amount of raw linseed oil in the ilomba 
specimens which had no biofinish. However, it is evident that there should be a minimum of oil uptake, 
because the absence of oil on wood specimens did not lead to biofinish formation on any sample.

The amount of oil uptake by the wood samples does not cover the potential dynamic characteristics 
of the oil surface. Due to exudation of liquid oil to the surface (Sailer 2001, Hyvönen et al. 2007, Temiz 
et al. 2007) and natural occurring chemical processes, such as autoxidation, polymerisation and cross-
linking (Porter et al.1995, van den Berg et al. 2002, Juita et al. 2012), surface characteristics change in 
time. Based on the knowledge of bleeding of oil-borne wood preservatives (Freeman 2011) is thought that 
the type of oil, the oil retention and some aspects of the wood anatomy that vary between wood species, 
influence the amount of exudation.

Speculations can be made as to why a suitable layer of oil on the wood surface can support biofinish 
formation: (1) According to Bardage & Bjurman (1998) and Verran et al. (2000) the surface tension, 
roughness and stickiness are influencing the spore adhesion on the surface, which might be a positive 
influence in the case of a suitable oil. (2) After inoculation organisms will need to multiply or change their 
morphology in order to support biofinish growth. The oil itself might be a nutrition source for the mould 
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growth. Although it is known that wood can contain nutrition for mould growth (Horvath et al. 1976), it might 
not be enough for a surface covering biofinish. The oil probably also influences the amount of available 
nutrients due to its attraction of organic and inorganic matter. In case of a cross-linked oil surface, cracks 
may be present that concentrate nutrients for fungal growth as suggested by Lugauskas et al. (2003). (3) 
Another important factor is the presence of high local moisture contents in time (Adan 1994, Fredriksson 
et al. 2013). This factor could be influenced by the presence of the oil and its hydrophobic nature and 
might stimulate dark mould growth. The suggestion of Lugauskas et al. (2003) that cracks in a surface 
may concentrate moisture and provide favourable conditions for fungal growth can be applicable in case 
of a cross-linked oil surface. (4) The impact of oil on the dark microbial growth might be indirect: it could 
firstly attract other microorganisms which enable dark mould growth. (5) The presence of oil could also 
prevent a destructive phenomenon caused by the natural weathering: the removal of fibres on the upper 
layer of wood (Williams et al. 2000). Due to the stickiness or cross-linking abilities of the oil, loosening of 
(dark stained) wood fibres seems unlikely.

The impact of (different types of) oils on the durability of formed biofinishes has not been studied within 
the frame of this paper. However durability is very important when biofinishes are considered as a treatment 
or product intended for long term use outdoors, such as facades and deckings. It is recommended that 
performance testing and prediction of service life for biofinishes is investigated in future studies.

Geographical location and influencing factors

The presence of biofinishes was also detected on pine sapwood treated with raw linseed or olive oil after 
a period of exposure on other geographical sites apart from Utrecht (The Netherlands). This indicates that 
biofinish formation is possible on selected oil-treated pine samples in a variety of climatic conditions. The 
importance of the geographical location can be found in other studies of mould growth on materials. Colon 
et al. (2004) showed that the performance of biocide containing wood coatings in Florida, New Jersey and 
Oregon (USA) varied significantly by location. Also Dawson (2005) showed a significant variation of mould 
growth assessed on different coating systems in two different sites. The influence of climate characteristics 
on mould growth on outdoor above ground exposed materials has been studied by several researchers 
and characteristics of rainfall, relative humidity, solar radiation and temperature are generally regarded 
as important (Roux et al. 1988, Creemers 2002,  Dawson 2005, Gobakken et al. 2010a, Gobakken et al. 
2010b, Shirakawa 2010, Viitanen 2011). However no single characteristic, i.e. number of rainy days or 
number of days with relative humidity above a certain percentage, showed a constant significant effect 
on the staining abilities of moulds (Creemers 2002, Gobakken et al. 2010a, Gobakken et al. 2010b, 
Shirakawa 2010) and this emphasises the importance of studying the interaction of climate characteristics 
together with other important mould growth factors such as exposure time, type of coating and wood 
properties. Further research on the geographical distribution of biofinish formation and the significance of 
influencing factors must include a large data set and a carefully planned test design to be able to identify 
and quantify factors which cause staining of wood. In case of olive oil and (irregular) stain formation on 
stand linseed oil, the wood species seems of less importance than the presence of the type of oil. Since 
no finishes were determined on the untreated wood species, the presence of a suitable (vegetable) oil is 
therefore regarded as essential for biofinish formation.

CONCLUSIONS

A defined method to assess the presence of dark biofinishes on wood is proposed. This method allowed 
the comparison of the formation of biofinishes and stains on wood samples that differed in wood species, 
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oil treatment and exposure site. Moreover, our results indicate that analysis of the fungal DNA composition 
can play a role in more elaborate biofinish assessment method.

The natural biofinish formation on pine sapwood fully impregnated with raw linseed oil during outdoor 
exposure in the Netherlands is proved to be a reproducible phenomenon. Finishes were also discovered 
on wood treated with olive oil. In case of olive oil and (irregular) stain formation on stand linseed oil, the 
wood species seems of less importance than the presence of the type of oil. Since no finishes were 
determined on the untreated wood species, the presence of a suitable (vegetable) oil is therefore regarded 
as essential for biofinish formation.

The presence of biofinishes on pine sapwood treated with raw linseed or olive oil after exposure 
in Norway, Argentina and South Africa indicates that formation of biofinish is not restricted to the 
environmental condition of the Netherlands. Further research is needed on the role of substrate, the 
environmental conditions in biofinish formation and the durability of formed biofinishes.
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ABSTRACT

Growth of dark moulds enables the use of a decorative and protective biofinish for wood, showing 
advantages compared to traditional wood-coatings in terms of sustainability and self-repair. Based on 
the formation of a uniform mould covering on oil-treated wood during outdoor exposure, the utilisation of 
a biofinish is in development. Basic information is lacking on the correlation between exposure site and 
biofinish formation on wood. To evaluate the impact of different locations, a biofinish assessment method 
was applied on different combinations of wood species and vegetable oil types after outdoor exposure in 
the Netherlands and Norway. Biofinishes were detected on wood samples made of spruce, pine sapwood 
and ilomba that were treated with olive oil and on pine sapwood samples treated with raw linseed oil 
after one and a half year of outdoor exposure in the Netherlands. More time was needed for biofinish 
formation on multiple wood-oil combinations for samples exposed in Norway. After two years of outdoor 
exposure three out of five wood-oil combinations that contained biofinishes in the Netherlands, showed 
similar results with the samples in Norway. Biofinish formation was not detected at all on untreated wood 
samples, regardless the wood species or exposure site. Loose fibres were observed on the surface of 
all untreated samples. It is likely that biofinish formation was prevented by the removal of stained fibres. 
Analysis of the stain coverage development on the wood samples, including initial stages of biofinish 
formation, showed a significant effect of exposure time and (oil) treatment on the stain coverage. 
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INTRODUCTION

Mould staining is often regarded as visual disfigurement of outdoor applied timber (Saad et al., 2004; 
Gobakken & Vestøl 2012, Thiis et al. 2015). However, dark staining can be used as a decorative and 
protective biofinish for wood, providing advantages compared to traditional wood-coatings in terms of 
sustainability and self-repair. The impregnation of certain wood species with specific vegetable oils 
enables the natural formation of a dark pigmented layer, that covers a wood surface almost entirely 
without exposing underlying wood structures, contains abundant microbial mass and is irreversibly 
attached to the surface (Chapter 2). This specific staining is called biofinish (Chapter 2) and examples 
are shown in Fig. 1. Although the exact protection mechanism and durability of the biofinish are still 
under investigation, a new wood treatment based on biofinish formation on outdoor exposed oil-treated 
wood seems promising (Sailer et al. 2010, Chapter 2). Previous research has shown that a biofinish on 
oil-treated wood might be an Aureobasidium containing biofilm (Sailer et al. 2010). Other studies showed 
that Aureobasidium melanogenum is a native of the fungal community of biofinishes on wood (Chapter 
4) and that the treatment of wood with a suitable oil is required to enable biofinish formation (Chapter 2). 
Fundamental knowledge on the biofinish characteristics and its growth mechanism is far from complete. 
This paper will target some important aspects.

The range of essential biofinish formation factors is yet scarcely studied. It is difficult to predict these 
factors based on data of general mould growth in exterior environments. Several factors are known to 
affect mould growth on coatings or finishes such as the type of coating, the type and concentration 
of fungicide, the pigment-volume content, the type of material, exposure time and climate conditions 
(Creemers et al. 2002, Gobakken & Lebow 2010, Gaylarde et al. 2011, Shirakawa et al. 2011, Viitanen 
& Ritschkoff 2011, Gobakken & Vestøl 2012, de Windt et al. 2014). However, a consistent effect of each 
factor on the variation in mould growth has not been unravelled. It should be noted that outdoor mould 
growth is not necessarily the same as biofinish formation. For example some outdoor applied materials, 
such as (painted) concrete, mortar and wood plastic composites without biocides, enabled mould growth, 
but thus far have never been subjected to a biofinish assessment method (Markarian 2005, Shirakawa et 
al. 2010; Shirakawa et al. 2011). In addition, untreated wood did generate mould growth on the surface 
during outdoor exposure, but it did not result in biofinish formation (Sailer et al. 2010, Chapter 2). 

Although little data are available on biofinish formation on wood samples outside the Netherlands (Chapter 
2), the importance of the geographical location can be found in various studies on mould growth on 
materials. For example, Colon et al. (2004) showed that the resistance to microbial growth of biocide 
containing wood coatings in Florida, New Jersey and Oregon (USA) varied significantly by location. 
Also Dawson et al. (2005) showed a significant variation of mould growth assessed on different coating 
systems in two different exposition sites. In the study of Gobakken et al. (2010a) no significant effects of 
different geographical locations were found. Since this outcome might be due to the minimal differences 
in the climatic conditions between the two test sites, a test setup for biofinish formation at sites with large 
differences in the climatic conditions seems desirable. 

The aim of this study was to reveal mould growth factors that are essential for biofinish formation on 
wood. Therefore the geographic location, together with other factors such as exposure time, type of (oil) 
treatment and wood species were related to mould stain development and biofinish formation.
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METHODS

Sample preparation

The wood species tested were pine (Pinus sylvestris) sapwood, spruce (Picea abies) and ilomba 
(Pycnanthus angolensis). The samples each had a length of 10 cm (longitudinal axis), width of 2 cm and 
height of 14 cm. The surfaces of the wood specimens were planed to ensure a smooth surface.

Six untreated wood blocks of each wood species were used as final wood sample. Other wood samples 
were treated with two vegetable oil types that supported biofinish formation in previous research: raw 
linseed oil and Carolea olive oil. The oil was impregnated with a vacuum time of 1 hour at −1×105 Pa 
followed by 2 hour pressure of 8×105 Pa (Chapter 2). Six samples were made for each combination of 
wood species and oil type. 

The oil retention and average moisture content of the wood specimens were determined according to 
Chapter 2. The moisture content was 11-12% before the oil was applied. The impregnated spruce wood 
samples contained on average not more than 261 kg/m³ with a standard deviation (SD) of 17 or 63 
depending on the oil type, while the other impregnated wood samples had a higher average oil retention 
of at least 495 kg/m³ and a SD of not more than 84 per species-oil combination (Table 1).

Figure 1. Mould stained samples existing of different combinations of wood species & treatments after 
outdoor exposure in the Netherlands (sample set 1 of Chapter 2) and their corresponding indoor control 
sample (lowest sample per four samples). Samples that contained a biofinish were made of a) spruce 
impregnated with olive oil, b) pine sapwood impregnated with olive oil, c) pine sapwood impregnated with 
olive oil or d) ilomba impregnated with olive oil.
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Outdoor exposure 

Two sites were used for outdoor exposure. They are located in different countries with different climate 
classifications according to the updated Köppen-Geiger climate classification (Kottek et al. 2006). The 
location in Utrecht, The Netherlands, was classified as temperate, without dry season and warm summer, 
while the location in Ås, Norway, was classified as cold, without dry season and warm summer. At both 
sites three replicates per combination of wood species and treatment were exposed. The samples were 
placed horizontally and were fully exposed to the weather elements for 2 years. In case of the Netherlands 
the samples were placed 10 cm above a flat roof (Fig. 2) and in Norway 30 cm above the ground (Fig. 3). 

Table 1. Oil retention after impregnation of the wood samples with vegetable oils. The mean oil retention 
together with the sample standard deviation (SD) are shown for each wood-oil combination.

Oil type

Wood species
Spruce Pine sapwood Ilomba

mean retention 
(kg/m³) SD mean retention 

(kg/m³) SD mean retention 
(kg/m³) SD

Raw linseed 141 17 655 76 701 53
Olive 261 63 690 84 495 24

Figure 2. Test site in Utrecht, Westerdijk Fungal 
Biodiversity Institute, The Netherlands.

Figure 3. Test site in Ås, Norwegian Institute of 
Bioeconomy Research, Norway.

Biofinish assessment

At 18 months, 1.5 and 2 years of outdoor exposure the upper surface of a sample was analysed while 
using the biofinish assessment method according to Chapter 2. This method consists of macroscopic 
observations and stereomicroscopy of the surface, and spectrophotometer measurements of the 
pigmentation. In short, a biofinish is assigned when more than 90% of the surface is stained, gives the 
impression of a uniform layer and does not expose structures of the wood such as annual rings or wood 
fibres, and the pigmentation measurements, expressed by sRGB colour space triplets, meet specific 
criteria as described in Chapter 2.

All types of substrate (combination of wood species and oil/non-oil treatment) were screened for 
biofinish formation. A specific substrate was considered to support biofinish formation at a location, when 
biofinishes were detected on at least two of the three samples of the substrate.
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Surface coherence

At 18 months, 1.5 and 2 years of outdoor exposure the upper surface coherence of a sample was analysed. 
The classification of the surface coherence was binary: 0 = no loose fibres and 1= loose fibres.

Development of stain coverage 

Almost every three months the wood samples were taken indoors for a visual observation. The samples 
in the Netherlands were also analysed at 1 month of exposure. After 1 to 3 days of acclimatizing at room 
conditions, when the colour of the wood surfaces appeared stable, the upper surface of each wood 
sample was screened for the presence of loosened fibres and scanned. In Norway an Epson Expression 
11000XL scanner was used and in the Netherlands a Canon C5045i. The surface coverage per sample 
per time point was estimated by visual observation of the scanned images when all images per sample 
were obtained. A non-conventional mould staining classification system was applied with the following 
rates: 0 = no staining, 1 = 1% - 20% of the surface is stained with dark colonies and does not show the 
underlying wood structure (dark staining), 2 = 21% - 40% dark staining, 3 = 41% - 60% dark staining, 4 = 
60% - 80% dark staining, 5 = 80% - 100% of the surface is stained with dark colonies and does not show 
the underlying wood structure, also a nearly continuous uniform stain cover instead of multiple separate 
dark spots. 

Statistical analyses 

Statistical methods were used to analyse the development of stain coverage evaluated at intervals with 
counts (rating 0 to 5) indicating performance over the life of the experiment. Stain coverage is here defined 
as an ordinal response and can be modelled by fitting a series of logistic curves to cumulative probabilities. 
Because the response variable is ordinal, it is possible to fit the cumulative response probabilities to a 
logistic function of a linear model using maximum likelihood. Exposure time, treatment, wood species and 
location were tested in initial models to try to identify the main influencing factors causing stain cover. In 
the statistical analyses the data were weighted down to get the degrees of freedom in accordance with 
the number of samples (Weight=1/8=0.125). 

Ordinal logistic regression was used to fit the data and the final stain coverage model was a function of 
exposure time and treatment:
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where: 

ext:  exposure time (months) 

treat:  treatment (olive oil, raw linseed oil, no oil treatment) 

 

The model was based on a total of 432 observations on 54 samples. The statistical analyses were 
conducted with JMP, version 10.0.0 (JMP®).  
 

RESULTS AND DISCUSSION 

The model was based on a total of 432 observations on 54 samples. The statistical analyses were 
conducted with JMP, version 10.0.0 (JMP®). 
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RESULTS AND DISCUSSION

Biofinish assessment & stain rating method

The biofinish assessment method, applied to generate data on the impact of wood-oil combination and 
geographical location on biofinish formation, is a binary method. It identifies the presence or absence 
of a biofinish on outdoor exposed wood samples. The absence of a biofinish does not mean that mould 
growth is absent. On the contrary, stain formation due to mould growth can start at day one of outdoor 
exposure. It is only after months or years of outdoor exposure that finally a biofinish might be formed on 
a wood sample. 

In order to get more information on possible influencing factors, like the wood-oil combination and 
geographical location, also the development of mould staining towards a biofinish has been studied. 
Although there are several rating scales used to assess the amount of staining on wood or painted 
surface (British Standard Institution 1989, CEN 2006, ASTM 2009), they were considered insufficient for 
this purpose. These rating scales do not take interest in various staining categories above 50% or 70% 
surface coverage. Also they do not include visibility of the underlying wood structures in their criteria. 
Therefore an alternative mould stain rating method was introduced. 

Results on biofinish formation

Biofinish assessment of outdoor exposed wood samples resulted in the detection of several biofinishes. The 
following combinations of wood species and oil type supported biofinish formation in the Netherlands after 
two years of outdoor exposure: ilomba & raw linseed oil, ilomba & olive oil, pine sapwood & raw linseed oil, 
pine sapwood & olive oil and spruce & olive oil (Table 2). After one and a half years of exposure samples of 
ilomba & raw linseed oil did not yet have biofinishes (less than 2 samples). The other four combinations that 
contained biofinishes are similar to the earlier findings in Chapter 2. In Chapter 2 samples were also assessed 
after 1.5 years of exposure. In addition, the type of substrates that did not support biofinish formation, also 
corresponded to the results of this previous study. Since the dimensions of the samples used in Chapter 2 
were smaller, it showed that the influence of sample size as a va riable on biofinish formation seems to be 
negligible, while the substrate characteristics in terms of wood species and oil type were important.

Although earlier studies showed the possibility of biofinish formation outside the Netherlands, this is the 
first time that multiple samples with a biofinish were detected at the selected exposure site in Norway. 
The following combinations of wood species and oil type enabled biofinish formation in Norway: spruce & 
olive oil, pine sapwood & raw linseed oil, ilomba & olive oil (Table 2). These three substrates also enabled 
biofinish formation in the Netherlands. The other types of substrate did not support biofinish formation in 
Norway.

The results of the biofinish assessment indicated that exposure time, type of substrate and location are 
controlling factors for biofinish formation. The results corresponding to each factor are discussed below.

Exposure time: A positive relation was observed between the exposure time and the amount of samples 
with a biofinish at both locations. In the Netherland biofinishes were detected on four more samples at the 
end of the test compared to the first assessment after 15 months of exposure (Table 2). In Norway this 
comparison resulted in eight more samples (Table 2).  
Substrate: The combination of wood species and oil/non-oil treatment could be identified as important 
factor for biofinish formation, because up to five types of substrates enabled biofinish formation and for 
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both locations spruce & olive oil, pine sapwood & raw linseed oil and ilomba & olive oil were among them. 
Although a substrate is defined in this study by its wood species and treatment, the selected treatment 
and in particular the oil type seems to be more important than the wood species. At the end of the test 14 
of the 18 samples treated with olive oil contained a biofinish, while only eight samples treated with raw 
linseed oil contained a biofinish and untreated samples totally lacked a biofinish (Table 2). In contrast, all 
wood species contained samples with biofinishes, varying from five-nine samples per species (Table 2). 
Location: The location of the outdoor test site seemed to have some effect on biofinish formation. 
Although similarities were found in the data on biofinish formation on the two locations, like the absence 
of biofinishes on all untreated wood samples, difference in biofinish formation were also observed. In 
the Netherlands biofinishes were detected on more wood samples at each measured time point than in 
Norway (Table 2). At the end of the test five combinations of wood species and oil type enabled biofinish 
formation, while only three of these combinations showed similar results during exposure in Norway. The 
differences in biofinish formation might be due to the different climate conditions. Possibly, the colder 
climate in Norway (the mean temperature of the coldest month is below instead of above −3 °C) plays 
a role. One might think of slowed down growth of mould or less oil presence at the upper surface due to 
minor leaching at low temperatures. 

Complementary data related to biofinish formation

Next to the biofinish assessment the observations on surface coherence also generated different results 
for different substrates. Loose fibres were noticed at all untreated wood species at 15, 18 and 24 months 
of outdoor exposure. Vice versa, all of the biofinish containing samples did not show characteristics of 

Table 2. Number of wood samples in the Netherlands and Norway that contain a biofinish after 15, 18 
and 24 months of exposure, arranged per wood species and treatment.

Location Wood species Treatment
No. of samples with biofinish

15 months 18 months 24 months

Utrecht, The 
Netherlands

Ilomba
no oil 0 0 0
olive oil 3 3 3
raw linseed oil 1 1 3

Pine sapwood
no oil 0 0 0
olive oil 3 3 3
raw linseed oil 1 2 2

Spruce
no oil 0 0 0
olive oil 2 2 3
raw linseed oil 0 0 0

Ås, Norway

Ilomba
no oil 0 0 0
olive oil 0 1 2
raw linseed oil 0 0 1

Pine sapwood
no oil 0 0 0
olive oil 0 1 1
raw linseed oil 0 0 2

Spruce
no oil 0 0 0
olive oil 0 3 2
raw linseed oil 0 0 0
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defibration. Defibration might explain the lack of biofinishes on these untreated wood surfaces. First of 
all, the detection of defibration on a wood surface is associated with the removal of fibres, since the loss 
of fibres and other wood fragments from the surface is a common part of wood weathering (Feist 1990, 
Blanchette et al. 2002, Williams 2005). In this study the untreated samples showed loose fibres at the 
upper surface of the sample that macroscopically appeared to be grey (Fig. 4) and these loose fibres 
showed dark stained spots (Fig. 5). The removal of dark stained fibres reduces the surface area that is 
covered with dark stains. The surface of untreated samples seems to be heavily or continuously subjected 
to the removal of fibres. As a result a high degree of stain coverage might not have been feasible and a 
biofinish absent. 

The presence of oil and surface covering mould staining at the surface of biofinish containing wood 
samples might explain the absence of defibration. For example the pigments in the biofinish presumably 
block ultraviolet radiation, and therefore prevent wood degradation. Oil might function as a binding agent 
which prevents the removal of fibres. The role of oil and mould stains in the prevention of defibration of 
wood structures should be studied further.

Figure 4. Non-oiled wood sample showing many 
loosened fibres.

Figure 5. Non-oiled wood sample showing a 
loosened fibre with dark staining at the tip. Scale 
bar = 50 µm.

The biofinish assessment method was used for a limited amount of exposure times, but more information 
about the biofinish formation could be derived from the data on the development of stain rating in time. 
Since the biofinish assessment was applied for the first time after 15 month of outdoor exposure, no 
results were obtained with this method in the first months. However, the development in stain coverage 
showed that up to 9 months the stain coverage of nearly all samples was below rating 5 (Fig. 6). Only 
one pine sapwood & olive oil sample in the Netherlands and the ilomba & olive oil samples in Norway 
at precisely 6 months of exposure showed a rating of 5. Ratings below 5 imply stain coverages below 
80%, while the classification of biofinish needs at least a stain coverage of more than 90%. Therefore, it 
is unlikely that one of the used combinations of wood species and treatment enabled the presences of 
biofinishes in the first 9 months of outdoor exposure.

In concordance with the biofinish results, a positive response to the exposure time was observed in the 
data on rated stain coverage. All samples, regardless the substrate, showed an increase in stain coverage 
during outdoor exposure (Fig. 6). The development of stain coverage of wood samples also indicated the 
importance of treatments. The stain coverage data showed that the samples treated with olive oil had the 
highest stain coverage at the end of the test (rating 5), while all untreated samples had a rather low rating 
(not more than rating 2) (Fig. 6). 
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Figure 6. Average stain rating of wood samples at different exposure times. A,C,E: Wood 
samples situated in the Netherlands (NL). B,E,F: Wood samples situated in the Norway (NW). 
A,B: Pine sapwood. C,D: Ilomba. E,F: Spruce. Three samples were evaluated with a non-
conventional mould staining classification system (rates 0-5) for each combination of wood 

Figure 6. Average stain rating of wood samples at different exposure times. A,C,E: Wood samples situated 
in the Netherlands (NL). B,E,F: Wood samples situated in the Norway (NW). A,B: Pine sapwood. C,D: 
Ilomba. E,F: Spruce. Three samples were evaluated with a non-conventional mould staining classification 
system (rates 0-5) for each combination of wood species (pine sapwood, ilomba and spruce) and treatment 
(raw linseed oil, olive oil and no oil). Error bars represent the sample standard deviation in the stain cover 
rating of a wood-oil combination. 
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3Both treatment and exposure time had a significant effect on the development of stain coverage and in 
the final stain coverage model this was shown. Table 3 tabulates the test statistics for the model, which 
got an R2 of 0.35. Time as contributing factor to the variation in mould growth is commonly mentioned 
(Hukka & Viitanen 1999, Gobakken et al. 2010a, Gobakken & Vestøl 2012, Thelandersson & Isaksson 
2013). Different treatments, such as the application of different paint formulas or just untreated wood, also 
showed a significant effect in studies on outdoor mould growth (Viitanen & Aloha 1997a, Viitanen & Aloha 
1997b, Gobakken & Westin 2008, Gobakken et al. 2010a, Gobakken et al. 2010b).

In order to indicate or predict the presence of a biofinish with data on the development of stain rating on 
oil-treated wood, a more detailed stain rating method is needed. This method should preferably have 
a linear rating scale and include staining categories between 80% and 100%. In this case the use of 
naked eye observations seems critical. The numerical scales that are commonly used for mould growth 
assessment with the naked eye are typically in line with the human discrimination (Adan 2011), but these 
are non-linear and include categories that cover a large range of stain coverage (e.g. 70%-100%). The 
use of digital analysis seems a promising alternative (Adan 2011, Filippovych et al. 2015).

A more detailed rating method seems also helpful to find correlations between the development of 
stain coverage and climate variables like rain, temperature and relative humidity. Perhaps more insight in 
differences in biofinish formation is generated, when the micro-climate variables, like time of wetness on 
the surface, instead of the macro-climate variables can be correlated to stain coverage.

CONCLUSION

Biofinishes were detected in the Netherlands after one and a half years of outdoor exposure on spruce, 
pine and ilomba samples that were treated with olive oil and on pine sapwood samples treated with raw 
linseed oil. These results are consistent with the earlier biofinish results obtained from the assessment of 
smaller wood samples. After two years of exposure biofinishes the biofinish supporting substrate types 
was extended with ilomba treated with raw linseed oil.

The presence of biofinishes was also detected on oil-treated wood samples after outdoor exposure at 
a selected site in Norway. In Norway biofinishes were detected on less wood samples at each measured 
time point than in the Netherlands. At the end of the test five substrate types enabled biofinish formation in 
the Netherlands, while only three of these combinations contained biofinishes in Norway. It indicates that 
the difference in location of the outdoor test sites had some effect on biofinish formation. 

Regardless the location, the exposure time and type of substrate should carefully be selected in order 
to ensure biofinish formation. For example, after two years of outdoor exposure more biofinishes were 
detected than after 15 months. And up to five of the nine types of substrates were identified to enable 
biofinish formation. The selected treatment and in particular the oil type seems to be important. At the end 
of the test most of the samples that contained a biofinish were treated with olive oil, while all untreated 

Table 3. Test statistics for the factors included in the stain coverage model. The number of parameters 
associated with the effect (Nparm), degrees of freedom (DF), likelihood ratio chi-square (L-R ChiSquare) 
and the calculated probability (p-value) are listed for each factor.
Factor Nparm DF L-R ChiSquare p-value
Treatment 2 2 33.85 <.0001
Exposure time 1 1 38.68 <.0001
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wood samples lacked a biofinish. Defibration was noticed on the surface of all untreated samples and is 
most likely related to the absence of biofinishes on these samples. 

Statistical analysis of the stain coverage data showed a positive correlation between the exposure time 
and the degree of stain coverage. It also showed that the different (oil) treatments significantly contributed 
to the variation in the degree of stain coverage. 
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ABSTRACT

Background: Biofinished wood is considered to be a decorative and protective material for outdoor 
constructions, showing advantages compared to traditional treated wood in terms of sustainability and 
self-repair. Natural dark wood staining fungi are essential to biofinish formation on wood. Although all sorts 
of outdoor situated timber are subjected to fungal staining, the homogenous dark staining called biofinish 
has only been detected on specific vegetable oil-treated substrates. Revealing the fungal composition 
of various natural biofinishes on wood is a first step to understand and control biofinish formation for 
industrial application.
Results: A culture-based survey of fungi in natural biofinishes on oil-treated wood samples showed the 
common wood stain fungus Aureobasidium and the recently described genus Superstratomyces to 
be predominant constituents. A culture-independent approach, based on amplification of the internal 
transcribed spacer regions, cloning and Sanger sequencing, resulted in clone libraries of two types of 
biofinishes. Aureobasidium was present in both biofinish types, but was only predominant in biofinishes 
on pine sapwood treated with raw linseed oil. Most cloned sequences of the other biofinish type (pine 
sapwood treated with olive oil) could not be identified. In addition, a more in-depth overview of the fungal 
composition of biofinishes was obtained with Illumina amplicon sequencing that targeted the internal 
transcribed spacer region 1. All investigated samples, that varied in wood species, (oil) treatments and 
exposure times, contained Aureobasidium. This genus was predominant in the biofinishes on pine 
sapwood treated with raw linseed oil. Lapidomyces was the predominant genus in most of the other 
biofinishes and present in all other samples. Surprisingly, Superstratomyces, which was predominantly 
detected by the cultivation-based approach, could not be found with the Illumina sequencing approach, 
while Lapidomyces was not detected in the culture-based approach.
Conclusions: Overall, the culture-based approach and two culture-independent methods that were used 
in this study revealed that natural biofinishes were composed of multiple fungal genera always containing 
the common wood staining mould Aureobasidium. Besides Aureobasidium, the use of other fungal genera 
has to be considered for the production of biofinished wood.
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BACKGROUND

Microbial growth causing discolouration on surfaces of outdoor situated materials is a common phenomenon 
(Gaylarde et al. 2011, Gobakken & Vestøl 2012, Villa et al. 2016). Frequently these microbial stains are 
referred to as biofilm, although not all commonly accepted biofilm criteria might have been investigated 
(Chapter 2). Dark staining of painted and unpainted wood is mostly attributed to fungi and generally 
considered as unwanted discolouration (Bussjaeger et al. 1999, Gobakken & Westin 2008). In contrast, 
the specific dark stain formation on wood called biofinish is considered to be a functional colouration 
(Chapter 2, Fig. 1). The colouration of a biofinish is, together with its presumed protection and self-
healing properties, an important ingredient of a sustainable solution for a biocide-free wood finish system 
(Sailer et al. 2010, Chapter 2). A biofinish refers to a dark pigmented layer, that covers a wood surface 
almost entirely without exposing underlying wood structures, contains abundant microbial mass and that 
is irreversibly attached to the surface (Chapter 2). Biofinishes have been detected on wood impregnated 
with olive oil or raw linseed oil (Chapter 2, Chapter 3). The study described in this chapter is focused on 
the characterization of the fungal composition of these biofinishes. 

Although several fungal species are associated with outdoor wood staining (Schmidt 2006, Gobakken 
& Vestøl 2012), little is known to which extent each taxon contributes to this staining. In some studies 
the fungal populations on timber surfaces were quantified (Uzunovic et al. 1999, Kelley et al. 2006). The 
study by Sailer et al. (2010) provides data, particularly of interest for the biofinishes on wood. One specific 
sample, made of pine sapwood and impregnated with refined linseed oil dissolved in acetone, was used 
to study the fungal composition of a homogenous dark stained wood surface. Later, biofinishes were 
detected on other outdoor exposed oil-treated wood samples, including samples made of different wood 
species treated with olive oil. Analysis of these samples revealed the abundancy of the wood staining 
fungus Aureobasidium, but the results also indicated that this genus might not always dictate the fungal 

Figure 1. Oil-treated pine sapwood samples with a natural formed biofinish and weathered samples 
without a biofinish. Samples in the left row: treated with raw linseed oil. Samples in the middle row: treated 
with olive oil. Samples in the right row: untreated. Scale bar = 10 mm.
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population of dense dark stained wood samples (Chapter 2, Chapter 5). The wood species, oil type and 
the geographical location could influence the fungal community composition of a biofinish. In order to 
manufacture a stable biofinish and eventually apply biofinished wood in practice, a detailed composition 
of fungi present at various stained wood surfaces is elucidated in this paper.

Different techniques are available to study a fungal community on the surface of an environmental 
sample such as outdoor exposed wood. Each technique has its advantages and disadvantages. Microscopic 
examination of the surface can be an easy method to study the surface of a material (Samson et al. 2010). 
The main disadvantage is that identification and enumeration is difficult in case of moulds on oil-treated 
wood surfaces (Chapter 2). A common way to identify and enumerate fungi is culturing. A swab-based 
method can be used to analyse the culturable fungi that are present on a sample surface (Pitt & Hocking 
2009, Chapter 2). This includes the determination of the number of colony forming units after incubation and 
identification based on macroscopic, microscopic and/or molecular analysis. Culture-based analysis only 
allows the detection of readily culturable species, which is effected by the media selection and overestimates 
the presence of abundantly sporulating species (Samson et al. 2010). Culture-independent methods based 
on DNA analysis are frequently used and show complementary results compared to culture-based analysis 
(Pitkäranta et al. 2008, Su et al. 2012, Rämä 2014). Culture-independent approaches that rely on Next 
Generation Sequencing (NGS) methods have become state of the art to study microbial communities (Su 
et al. 2012, Lindahl et al. 2013, Tedersoo et al. 2015). Albeit that these NGS methods provide advantages 
compared to earlier developed techniques, research to control and understand the biases occurring in all 
steps of a NGS method is still ongoing (Lindahl et al. 2013, van Dijk et al. 2014, Tedersoo et al. 2015). 

The objective of the present study was to analyse the fungal composition of various biofinishes on 
oil-treated wood surfaces. A culture-based swab method and two non-culturing methods based on either 
amplicon-cloning followed by Sanger sequencing or Illumina amplicon sequencing were selected for the 
analysis. Wood samples without oil treatment and/or biofinish were used to compare the diversity and 
predominance of fungal genera.

METHODS

Several natural biofinishes were studied with a culture-based and two DNA sequencing-based methods 
(Table 1). The biofinish containing samples varied in wood species, type of oil and origin. Wood samples 
made of the same wood species without a biofinish, were studied as well. The viable fungal composition 
was studied of all samples. Specific samples, which were exposed in the Netherlands, were selected for 
the culture-independent fungal profiling methods.

Wood samples

The different wood species tested were pine (Pinus sylvestris), spruce (Picea abies) and ilomba (Pycnanthus 
angolensis). Pine samples were made totally of sapwood (sw) or a mixture of sapwood and heartwood 
(hw). No specific sapwood or heartwood selection was made for spruce and ilomba. Wood blocks were 
impregnated with raw linseed, stand linseed or olive oil. Sets of impregnated and untreated wood samples 
were exposed outdoors at different locations (Table 1). The sample dimensions, oil treatments, outdoor 
exposure and handling procedures were described in van Nieuwenhuijzen et al. (Chapter 2). All samples, 
except for the samples of set 3, have been analysed with the biofinish assessment method. This method 
consists of observations of the dark stained surface coverage at macroscopic and microscopic scale, and 
spectrophotometer measurements of the pigmentation (Chapter 2). In summary, a biofinish is assigned 
when more than 90% of the surface is stained and does not expose structures of the wood such as annual 
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rings or wood fibres, and the pigmentation measurements, expressed by sRGB colour space triplets, 
meet specific criteria (R, G and B values are below 82 and the value difference within a single RGB 
triplet is below 20). The presence of biofinishes on the wood samples of set 3 was only estimated with 
visual observations of the stain coverage as described in the biofinish assessment method, which can 
overestimate biofinish identification.

Culturing colonies 

The concentration of colony forming units (CFU) per cm2 wood was determined for each specimen (Table 
1). For this, biomass collected with a cotton swab was analysed as described in Chapter 2. Serial dilutions 

Table 1. Overview of the amount and type of wood samples used per type of fungal profiling method.
Sample 

set
Wood 

species Treatment Presence 
biofinish

 Location 
exposure (time)

Number of samples
Culture method Cloning method Illumina method

1

Spruce

raw linseed oil no

Utrecht, The 
Netherlands                
(1,5 year)

3 1
stand linseed oil no 3 1

olive oil yesa 3 1
no oil no 3 1

Pine sw

raw linseed oil yesa 3 3 2
stand linseed oil no 3 1

olive oil yesa 3 3 2
no oil no 3 1

Ilomba

raw linseed oil no 3 1
stand linseed oil no 3 1

olive oil yesa 3 1
no oil no 3 1

2 Pine sw raw linseed oil yesa
Utrecht, The 
Netherlands                        
(1,8 year)

10 2

3

Spruce raw linseed oil no

Utrecht, the 
Netherlands 

(1,5year)

1
Ilomba raw linseed oil no 1
Pine sw raw linseed oil yesb 1
Pine sw olive oil yesb 1
Pine sw no oil no 1
Pine hw raw linseed oil yesb 1

4 Same materials as set 3
biofinish 
only on 
olive oil

 Johannesburg, 
South Africa            

(1,7 year)
 1

5 Same materials as set 3 no
Dover Gardens, 

Australia                       
(1,5 year)

 1

6 Same materials as set 3
biofinish 
on pine & 

r. lins.

Ås, Norway                  
(2 year)  1

a Biofinish assessment as described in Chapter 2; b Determination based on stain coverage
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were plated in duplicate (sample set 1 and 3–5) or triplicate (sample set 2) on dichloran 18% glycerol 
agar (DG18) and malt extract agar (MEA) supplemented with penicillin and streptomycin (P/S). The agar 
media was prepared as described by Samson et al. (2010). The total number of colonies and those 
phenotypically resembling Aureobasidium was determined after seven and fourteen days of incubation 
at 25 °C (Chapter 5). Besides the Aureobasidium colonies, also the predominant colonies were counted. 
Two or more colonies of each predominantly present colony type were transferred to new MEA plates. 
The isolates were deposited in the working collection of the Applied and Industrial Mycology department 
(DTO) housed at the Westerdijk Fungal Biodiversity Institute, The Netherlands and subjected to molecular 
identification.

DNA extraction

DNA was extracted from cultures grown on MEA plates according to the method described in Chapter 
5. With respect to the culture-independent methods, biomass was removed with a sterile scalpel from 
the upper surface of a mould stained wood sample, collected on sterile paper and subsequently used to 
extract DNA (Chapter 2). For both cases the Ultraclean Microbial DNA isolation kit (MoBio Laboratories, 
USA) was used according to manufacturer’s instructions.

PCR and Sanger sequencing of isolates

The nuclear internal transcribed spacers including the 5.8S rRNA gene (ITS) of fungal isolates were 
amplified with the primer pair V9G (de Hoog & van den Ende 1998) and LS266 (Masclaux et al. 1995). 
In case additional sequence information was needed for a proper identification of a strain, the LSU gene 
was partially amplified using the forward primer LROR (Reh) GTACCCGCTTGAACTTAAGC (Rehner 
& Samuels 1994) or LROR (VilU) ACCCGCTGAACTTAAGC [Vilgalys, unpublished] and the reverse 
primer LR5 or LR7 (Vilgalys & Hester 1990). The polymerase chain reaction (PCR) mixtures had final 
concentrations of: 4% DNA extract, 10% PCR buffer, 3% MgCl2 (25 mM), 65.8% demineralised sterile 
water, 7.8% dNTP (1 mM), 5% DMSO, 2% forward primer (10 μM), 2% reverse primer and 0.4% Taq 
polymerase (5 U/mL, BioTaq, Bioline). The PCR program typically consisted of 1 cycle of 5 min denaturation 
at 95 °C; 35 cycles of 35 s denaturation at 95 °C, followed by ITS-primer annealing for 30 s at 55 °C or 
LSU-primer annealing at 54 °C for 50 s, and an extension for 1.5 min at 72 °C. The PCR-products were 
sequenced with the same primers as used for PCR amplification using the BigDye Terminator v. 3.1 Cycle 
Sequencing Kit (Applied Biosystems, USA). Sequence products were analysed on an ABI PRISM 3730XL 
genetic analyser (Applied Biosystems, USA) and traces were assembled using Seqman Pro v. 9.0.4 
(DNAstar Inc.). The sequences were deposited in GenBank (Agarwala et al. 2016).

PCR, cloning and Sanger sequencing

ITS-specific clone libraries were made, as described in Chapter 5, of two types of biofinishes formed on 
different substrates exposed in the Netherlands (Table 1, sample set 1): pine sapwood treated with raw 
linseed oil (libraries PRL.1, PRL.2 and PRL.3) and pine sapwood treated with olive oil (PO.1, PO.2 and 
PO.3). The ITS region was amplified with the primers V9G and LS266 and the GoTaq Long PCR Master 
Mix (Progema), while using the PCR-program as described above. Purified PCR products (QIAquick PCR 
purification kit) were ligated and cloned (pGEM®-T Easy Vector Systems) into an Escherichia coli plasmid 
library. Amplification and Sanger sequencing of DNA from ITS containing competent cells was performed 
as described in Chapter 5. The sequences were deposited in GenBank (Agarwala et al. 2016).
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Illumina ITS1 amplicon sequencing

Internal transcribed spacer 1 region (ITS1) amplicon libraries were made of 16 wood samples that 
were all exposed at one test site (The Netherlands), but variated in wood species, treatment and 
the presence or absence of a biofinish (Table 1, sample set 1–2). In a preliminary study several 
ITS primer combinations and amplification approaches were tested for their suitability of generic 
detection of fungal genera (unpublished results). Based on these results barcoded ITS1 amplicons 
were generated using a two-step PCR approach. ITS1 regions were first amplified with the following 
primers: nex-ITS-BITS-F: TCGTCGGCAGCGTCACCTGCGGARGGATCA and nex-ITS-B58S3-R: 
GTCTCGTGGGCTCGGGAGATCCRTTGYTRAAAGTT (adapted from Bokulich & Mills 2013). Each 
reaction contained 300× purified DNA, 1X hot start PCR master mix (Thermo Scientific) and nuclease 
free PCR grade water to a 50 μl final reaction volume. PCR reactions consisted of an initial denaturation 
step of 95 °C for 5 min and 30 amplification cycles (95 °C for 30 s, annealing 52 °C for 45 s and elongation 
72 °C for 1 min) and a final extension step (72 °C for 10 min) followed by cool down (10 min at 4 °C). A 
negative control (blank) was included for each 24 PCR reactions. Reactions were cleaned by solid-phase 
reversible immobilization (SPRI) using AMPure XP SPRI beads (Beckman Coulter, Inc.). Dual barcodes 
(8 bp) and Illumina Sequencing adapters were attached using the Nextera XT Index Kit (Illumina, San 
Diego, CA) according to manufacturer’s protocols. Barcoded amplicons were quantified using the Caliper 
LabChip GX II system (Perkin Elmer, Hopkinton, USA), normalised to the same concentrations, pooled, 
and gel purified using the Qiaquick spin kit (Qiagen) and AMPure XP SPRI beads. Pooled amplicons were 
250- bp paired-end sequenced using the MiSeq system (Illumina). Raw Illumina fastq files were deposited 
in the European Nucleotide Archive (accession PRJEB13755). The raw data was demultiplexed, quality 
filtered, and analysed using modules implemented in the Mothur software platform (Schloss et al. 2009). 
Quality filtering involved a minimal quality score of 25 in a window of 5 and removal of reads with a length 
below 100 and above 500 or with ambiguous bases. In addition, chimeras detected using UCHIME and the 
UNITE database v6 (Koljalg et al. 2013) were removed. Filtered raw reads were merged into paired reads. 
Subsequently, the relative abundance of unique sequences was calculated for each sample by dividing 
the number of reads of a single unique sequence by the total number of reads of the sample. Unique 
sequences with a total sum of relative read abundancies above 0.1% were used for further analysis.

DNA data analysis

ITS and ITS1 sequences were subjected to nucleotide BLAST searches (Altschul et al. 1990) using 
the non-redundant database of GenBank (Agarwala et al. 2016), the Q-bank Fungi database (Bonants 
et al. 2013) and an internal database of the Westerdijk Fungal Biodiversity Institute (Fungal Barcoding 
data). Identification was performed on genus level. ITS and ITS1 sequences obtained from non-cultured 
material, which resulted in hits in GenBank with an identity below 97% were marked as ‘unidentified’. Also 
the ITS1 sequences with query coverages below 90% were marked as ‘unidentified’. For the identification 
of culturable isolates with an unclear identity based on only ITS sequences, LSU sequences were also 
compared with the non-redundant nucleotide database of GenBank. ITS sequences of isolates that could 
not be identified on genus level were aligned with the sequences of the ITS cloning and ITS1 amplicon 
libraries using Nucleotide BLAST of GenBank (NCBI, Rockville Pike, USA).

Mathematical analysis

A Shannon’s diversity test was used to index the genus diversity in the Illumina amplicon data.
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RESULTS

Culturable fungal composition

After culturing biomass of 70 wood samples, the predominantly colony types of 68 samples could be 
identified (Table 2). The total number CFU’s per square centimetre biofinish varied between 6 × 102 and 4 
× 105 CFU/cm2 and the samples without biofinish, which all contained dark mould stains but less than the 
biofinish criteria prescribed, showed similar results (2 × 101 to 4 × 105 CFU/ cm2; Additional file 1 : Table 
S1). Frequently, more than one predominant colony type could be determined in the plated biomass from 
a single wood sample (Table 2). The isolates and sequence data obtained to identify the predominant type 
of CFU are listed in Additional file 2 : Table S2. A recently described dark pycnidia producing coelomycete 
named Superstratomyces (Chapter 6) was detected as the most commonly occurring predominant 
colony type in the biofinishes (Table 2, Fig. 2). This genus was also predominantly present on outdoor 
exposed samples without a biofinish, including samples without oil (Table 2). Interestingly, the detection 
of Superstratomyces on wood was restricted to samples exposed in the Netherlands (sample set 1–3). 
Aureobasidium was predominantly present on 8 of the 28 samples that showed a biofinish (Table 2, 
Fig. 2). Also samples without a biofinish frequently showed this genus to be one of the predominant 
colony types (Table 2, Fig. 2). Aureobasidium was isolated from samples existing of all combinations of 
wood species and (oil) treatments originating from all selected outdoor locations (Additional file 1: Table 
S1, Additional file 2: Table S2). The Aureobasidium contribution to the total cultured CFU varied largely 
for biofinish samples (0–97%), but the contribution per sample surface area only rarely (2 out of 28 
samples) exceeded the 50% (Additional file 1: Table S1). The stained samples without a biofinish showed 
a similar range of percentages (0–97%), and the Aureobasidium contribution exceeded the 50% regularly 
(13 out of the 42 samples; Additional file 1: Table S1). Other colonies types which were predominantly 
isolated from samples with a biofinish were black yeasts (identfified as Exophiala, Phaeococcomyces or 
Knufia), Taphrina, Sydowia, Phacidiella and Pyrenochaeta. Black yeasts and Sydowia were also isolated 
as predominant colony types from the stained samples without a biofinish, expended by the genera 
Cladosporium, Cryptococcus, Pleurophoma and Cyanodermella, and a genus in the family Didymellaceae 
(Table 2).

Fungal composition of ITS clone libraries

Six ITS clone libraries were constructed from biofinish DNA obtained from pine sapwood samples treated 
with either raw linseed or olive oil. Each library contained 61–71 clones (Additional file 3: Table S3). In all 
libraries several genera were identified always including Aureobasidium (Fig. 3).

Aureobasidium was predominantly present in the cloned DNA of biofinishes on pine sapwood treated 
with raw linseed oil. In each of the three clone libraries more than 50% of the clones were identified as 
Aureobasidium. The investigated biofinishes on pine sapwood treated with olive oil did not show this 
predominance. Their clone libraries had a much lower Aureobasidium percentage, varying from 2 to 
13%. Interestingly, the number of sequences which could not be assigned to the genus level was high in 
these samples. These divergent sequences all differed from the molecular identified strains obtained with 
the culturing method. Many of them had more than one best hit with sequences in the database while 
showing identity scores of 82% compared to sequences in GenBank that were named Aureobasidium, 
Sarcinomyces and Rhizosphaera. The other divergent sequences showed identity coverages varying 
from 80 to 96% compared to the best hits, which represented up to five genus names for each library 
(Additional file 3: Table S3). Furthermore, analysis of sequences obtained from all biofinish samples 
revealed the presence of other dark pigmented fungi, with Lapidomyces as a major contributor (6–27% 
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Table 2. The predominantly cultured colony types of each wood sample set.

Sample 
set

Wood 
species Treatment No. of 

samples Biofinish

Number of wood samples with predominant colony 
types
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1

spruce

raw linseed oil 3 no 3 1
st. lins. oil 3 no 3 3
olive oil 3 yesa 2 3
no oil 3 no 1 3

pine sw

raw linseed oil 3 yesa 1 1 2 1
st. lins. oil 3 no 3 3
olive oil 3 yesa 3
no oil 3 no 2 3

ilomba

raw linseed oil 3 no 1 2
st. lins. oil 3 no 2 1 2
olive oil 3 yesa 3
no oil 3 no 3 1 1

2 pine sw raw linseed oil 10 yesa 3 1 1 1 10 2

3

spruce raw linseed oil 1 no 1
ilomba raw linseed oil 1 no 1
pine sw raw linseed oil 1 yesb 1 1
pine sw olive oil 1 yesb 1
pine sw no oil 1 no 1
pine hw raw linseed oil 1 yesb 1

4

spruce raw linseed oil 1 no 1
ilomba raw linseed oil 1 no 1
pine sw raw linseed oil 1 no 1
pine hw raw linseed oil 1 no 1 1

5

spruce raw linseed oil 1 no 1
ilomba raw linseed oil 1 no 1 1
pine sw raw linseed oil 1 no 1
pine sw olive oil 1 no 1 1
pine sw no oil 1 no 1
pine hw raw linseed oil 1 no 1 1

6

spruce raw linseed oil 1 no 1
ilomba raw linseed oil 1 no 1 1
pine sw raw linseed oil 1 yesa 1
pine sw olive oil 1 no 1
pine sw no oil 1 no 1
pine hw raw linseed oil 1 yesa 1 1

  a Biofinish detection as described in Chapter 2; b Determination based on stain coverage
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Figure 2. Identified colony types predominantly isolated from 28 outdoor exposed wood samples with a 
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per library). The in general more sparsely occurring genera were Capronia, Cladosporium, Exophiala, 
Phaeococcomyces and Epicoccum.

Fungal composition of Illumina ITS1 libraries

Application of the Illumina amplicon method to analyse the fungal biofinish community of the 16 selected 
wood samples resulted in a total of 2.17 million filtered ITS1 reads. The amount of reads passing the 
occurrence threshold was 2.02 million. Each wood sample had 6.5 × 104 up to 4.6 × 105 reads with a 
mean length of 171 nucleotides. In total 400 unique sequences were detected with no nucleotide variation 
among the reads of a single unique sequence (Additional file 4: Table S4). Most of these unique sequences 
could be identified to genus-level, but some sequences represented multiple genera or represented an 
unidentified genus (Fig. 4, Additional file 4: Table S4). The read percentage of this latter category varied 
for the biofinish samples between 3% till 22% of the total reads. Some of these sequences showed 100% 
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similarity with the unidentified sequences obtained from the clone libraries, while none of these sequences 
were highly similar to the ITS sequences derived from any of the fungal isolates cultured from biofinishes. 
The number of different identified genera for the biofinish samples ranged from 26 to 34 and for the non-
biofinish wood samples (that all contained dark mould stains but less than the biofinish criteria prescribed) 
from 27 to 35. The calculated Shannon’s diversity indices were generally lower for the biofinish samples 
(average 0.8) compared to the samples without a biofinish (average 1.4; Fig. 5). 

The Illumina amplicon method revealed the presence of two predominant genera in the amplicon 
sequencing libraries of the eight samples that contained a biofinish: Aureobasidium and Lapidomyces (Fig. 
4). Both genera were determined in the DNA extractions of all samples. In the amplicon sequence libraries 
of six biofinish containing samples the predominance of Aureobasidium was determined, including all four 
pine sapwood samples treated with raw linseed oil. These four samples had the highest contribution of 
Aureobasidium reads per sample (more than 56% for each sample). However, the predominance of this 
genus was only determined for half of the olive oil-treated samples that contained a biofinish. The other 
half of the samples contained Lapidomyces as the predominant genus. With respect to the analysed wood 
samples without biofinish, not one sample showed the predominance of Aureobasidium in the amplicon 
library, while most of them had Lapidomyces as predominantly present genus. In line with these results 
the percentage of Aureobasidium reads was higher for the biofinish samples [average 58%, standard 
deviation (SD) 20%] than for a non-biofinish sample (average 19%, SD 12%), despite the variation in 
substrates (Fig. 4). The two types of oil that were used for biofinish substrates differed in the percentages 
of Aureobasidium sequences. The biofinishes on wood treated with olive oil showed a lower percentage 
for Aureobasidium (31–55%) than the biofinishes on raw linseed oil (59–89%).

Although Cladosporium was detected in all amplicon sequencing libraries of the biofinish samples, the 
results showed a relative low contribution (average 1%, SD 1%) of this genus to the total reads of a library. 
The contribution of Cladosporium to the amplicon sequence libraries of samples without a biofinish was 

0,00

0,50

1,00

1,50

2,00

2,50
Sh

an
no

n'
s 

di
ve

rs
ity

 in
de

x 
Biofinish samples Non-biofinish samples

Figure 5. Shannon’s diversity index of the genus diversity in the Illumina data of wood samples with and 
without a biofinish.
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higher (average 7%, SD 5%). Similar results were found for the black yeast Phaococcomyces (biofinishes: 
average 0.2%, SD 0.2%; non-biofinishes: average 6%, SD 7%).

DISCUSSION

The fungal composition of biofinishes 

The fungal compositions generated with the culture-based, cloning and Illumina sequencing approach 
showed overlapping and partly complementary results. For example Aureobasidium was detected in 
biofinishes with all three techniques. In contrast, the genus Superstratomyces, detected by culturing as a 
predominant colony type, was absent in the data generated with the culturing-independent approaches. 
The monotypic genus Lapidomyces, represented by the rock-inhabiting species L. hispanicus (Egidi et 
al. 2014), was detected in high numbers in the cloning and Illumina libraries, while it was absent in the 
predominantly cultured isolates. The culturing-independent approaches generated overlapping results, 
since Aureobasidium was detected with both techniques as predominant genus in the biofinishes on 
pine treated with raw linseed oil from sample set 1, with Lapidomyces as the secondly abundant genus. 
However, the results generated by these two methods of the biofinishes on pine sapwood treated with 
olive oil from sample set 1 were more complementary. Although both methods determined the presence 
of Lapidomyces, it was only predominant in the Illumina amplicon libraries, while the clone libraries had 
a remarkable high number of unidentified genera. In general, the Illumina approach showed a larger 
diversity of genera (up to 30) compared to the clone approach (up to 7). Despite the complementary 
results of the three used techniques, each technique showed that biofinishes contain several genera 
including Aureobasidium.

A variation in the composition of the fungal community on a specific habitat with culture-dependent and 
culture-independent methods has been reported frequently (Rämä 2014, Pangallo et al. 2015, Stefani et 
al. 2015). Because each method is selective, variation in results seems inevitable. Firstly, only viable fungal 
propagules that are able to grow in specific lab conditions are identified in the culturing method, while in 
the case of the methods based on direct DNA extractions also non-culturable fungi can be detected. This 
explains why Lapidomyces, detected as one of the predominant genera in biofinishes, could only be found 
with the culture-independent techniques. One of the characteristics of this genus is the slow growth at low 
temperatures, such as 6 or 15 °C, and its inability to grow at 24 °C (Egidi et al. 2014), while the incubation 
temperature used in this study was above 24 °C. Secondly, although a DNA-based method seems more 
complete than a culture-based, selection may happen already during the DNA extraction, since there is no 
equal efficiency of DNA extraction between all fungal species and/or cell structures (Fredricks et al, 2005. 
Karakousis et al. 2006). Also primers and PCR programs are known to selectively influence the profile 
of the microbial community (Bokulich & Mills 2013 , Lindahl  et al. 2013, Tedersoo et al. 2015). Besides 
selection during DNA extraction and amplification, the possibility of variation in community composition 
due to low sampling numbers should be recognised in the case of the labour intensive cloning approach. 
Namely, the highest number of identified ITS-fragments represented not more than (71 clones/6,25 cm2 
sampling area =) 11 fungal units per cm2 biofinish, while based on the CFU count the numbers in this 
study, only the culturable fungi can already be up to 4 × 105 fungal units per cm2.

Fungal identification in this study was primarily based on ITS sequences and therefore restricted to 
genus level. The ITS locus, the formal fungal barcode (Koljalg et al. 2013, Schoch et al. 2012), is not 
necessarily unique for each species (Geiser et al. 2007, Woudenberg et al. 2013) and particularly when 
only the ITS1 region is analysed. In case of Aureobasidium, the ITS sequences obtained from type strains 
(Chapter 5) do show differences between species, but not when the ITS1 sequences are compared. 
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Besides limited species discrimination, the taxonomic reliability of ITS sequences in a database can also 
be questioned (Nilsson et al. 2006), especially when updates of the data based on modern taxonomic 
revisions within, such as proposed for Aureobasidium (Gostinčar et al. 2014), are lacking. In order to 
obtain more accurate species identifications multi-locus sequencing should be applied (Chapter 5).

The wood staining fungi Aureobasidium, Lapidomyces and Superstratomyces mainly contributed 
to the fungal biofinish composition 

Aureobasidium was frequently detected with all tree techniques as predominant genus in natural 
biofinishes on oil-treated wood, which indicates the importance of this genus. Although the culturing 
method also revealed Aureobasidium among the predominant isolates of the stained wood samples that 
did not meet the specific biofinish criteria, the results of the Illumina approach used in this study showed 
that this predominance is not as easily detected as it may seem. All eight selected samples without a 
visible biofinish contained Aureobasidium in their amplicon library, but did not reveal its predominance, 
whereas six of the eight biofinishes did contain Aureobasidium as predominant detected genus. A few other 
studies on fungal quantification of outdoor substrates, such as the surface population of grapes, leaves 
of grapevines, apples and plasticised polyvinyl chloride, also indicate Aureobasidium to be predominantly 
present (Webb et al. 2000, Prakitchaiwattana  et al. 2004, Vero et al. 2009, Pinto et al. 2014). Other 
studied substrates, such as decomposing spruce logs (Ottosson et al. 2015), Scots pine needles (Millberg 
et al. 2015), leaves (Voříšková & Baldrian 2013), residential surfaces (Adams et al. 2013), public restroom 
floors (Fouquier et al. 2016) and the oral microbiome (Ghannoum  et al. 2010) contain Aureobasidium, 
but not as predominant fungus. In various substrates, even in fungal populations present in wood (Rämä 
et al. 2014, Ding et al. 2015, Hoppe et al. 2016, Rajala et al. 2015), Aureobasidium was not detected at 
all (Pangallo et al. 2015, Stefani et al. 2015, Yuan et al. 2009, Rédou et al. 2015, Langarica-Fuentes et al. 
2015, Zhang et al. 2015). Apparently, substrates and exposure conditions are selective and the surface 
of outdoor situated oil-treated wood samples that enables biofinish formation has favourable conditions 
for Aureobasidium. 

The importance of genera other than Aureobasidium to outdoor biofinish formation has to be 
considered, especially of Superstratomyces and Lapidomyces. As expected from the previous results 
in Chapter 2, Aureobasidium was not always detected as the predominant genus of a biofinish. The 
culture-based method of the current study enabled the identification of at least five other predominant 
genera (Fig. 2) with Superstratomyces as the most commonly occurring predominant colony type isolated 
from biofinishes. The detection of Superstratomyces at outdoor exposed untreated wood samples 
shows that the presence of this genus is not limited to biofinishes or oil-treated substrates. In the clone 
libraries as well as the amplicon sequence libraries of biofinishes on pine sapwood treated with raw 
linseed oil, the predominance of Aureobasidium was determined. This is in line with the earlier finding of 
Aureobasidium as the only predominant genus in the fungal DNA extracted from a single specific sample 
with homogeneous dark staining published by Sailer et al. (2010). However, biofinishes on pine treated 
with olive oil contained more Lapidomyces than Aureobasidium sequences in their clone and Illumina 
amplicon libraries. The Illumina amplicon approach resulted in Lapidomyces as predominant genus, while 
sequences of an unidentified genus (top hits: Sarcinomyces/ Aureobasidium/ Rhizosphaera, maximum 
identity scores: 82%) were predominant in the clone libraries of these biofinishes. 

In contrast to the potential importance of abundantly present genera in biofinishes, the importance of 
some of the detected genera can be questioned. For example, the results of the Illumina amplicon approach 
indicated a lower contribution of Cladosporium reads to the libraries of biofinish samples compared to the 
libraries of stained samples that did not meet the biofinish criteria (7%), but also a relative low abundance 
in total (1%). Also the black yeast Phaeococcomyces was far less represented in the libraries of samples 
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with a biofinish than in the libraries of wood samples without a biofinish. These results are in line with the 
calculated Shannon’s diversity indices that indicated a lower diversity in the fungal population of biofinish 
samples than of wood samples without a biofinish.

Competitive advantage of Aureobasidium in natural biofinishes
The detection of the structural presence and frequent predominance of Aureobasidium in biofinishes 
analysed in this chapter, confirms the important role of Aureobasidium in biofinish formation. As concluded 
in Chapter 4, the development of Aureobasidium on oil-treated wood starts in the first few days of outdoor 
exposure. Since many parameters define the conditions on the surface of a material outdoors, it is likely 
that multiple factors are further responsible for the establishment of Aureobasidium in biofinishes on oil-
treated wood. 

In particular the production of melanin seems to be involved in the survival of Aureobasidum in 
biofinishes during outdoor exposure. Melanin plays a role in the protection against UV-light and other 
environmental stresses (Kogej et al. 2007, Pal et al. 2014). Melanin production is observed in cultures 
of Aureobasidium (Gniewosz & Duszkiewicz-Reinhard 2008, Hernandez et al. 2015). However, other 
genera are also known to produce melanins (Kogej et al. 2007, Pal et al. 2014). Also, the results in this 
study showed the presence of several other melanin producing fungi on weathered wood surfaces such 
as Cladosporium and Exophiala. Correlations between the pigmentation of fungal genera, the type and 
amount of melanins and their specific protective functions need to be investigated to understand the 
competitive advantage of Aureobasidium. 

Also, the presence of oil in wood, an essential ingredient for biofinish formation, is thought to play an 
important role at least due to its provision of carbon sources for Aureobasidium growth (Chapter 7).The 
results of the Illumina approach indicated that the addition of oil to a specific wood species is related to 
an increase in the amount of Aureobasidium biomass on the wood surface. However, the use of oil or its 
derivatives as nutrient for growth is also known for species of other genera such as Exophiala (Satow et 
al. 2008) and Malassezia (Nazzaro Porro et al. 1976, Velegraki et al. 2015). To enhance the applicability 
of biofinishes in wood protection more studies are required on the availability of oil (components) at the 
wood surface and their role in fungal growth. 

In addition, the water conditions on the surface of oil-treated wood samples that enables biofinish 
formation might favour growth of Aureobasidium. At first sight, the surfaces of wood samples treated with 
oils seem to be dry, unless it rains. However, dew drops have been noticed frequently on the hydrophobic 
surfaces during outdoor exposure. Although a few fungal species including Aureobasidium sp. and 
Cladosporium spp. are known to survive periods of low relative humidity (Park et al. 1982, Segers et 
al. 2016), fungal structures of Aureobasidium might benefit more than others from the considerably wet 
conditions. For example, this genus quickly formed visible colonies after inoculation of the biomass on 
MEA plates (water activity 0.99), while other genera needed more time to appear (data not shown). A 
detailed study on the water conditions on oil-treated wood samples and the impact of different water 
conditions on growth of wood-inhabiting genera should be performed.

CONCLUSIONS

The presence of the common wood stain fungus Aureobasidium in biofinishes on oil-treated wood with 
both culture- and DNA-based techniques is demonstrated. Moreover, the frequent predominance of 
Aureobasidium emphasises the importance of this genus as biofinish component. The importance of 
other genera, such as Lapidomyces and Superstratomyces, in biofinish formation has to be considered, 
but is not recognized for all other detected wood inhibiting fungi.
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Additional file 1: Table S1 (https://fungalbiolbiotech.biomedcentral.com/articles/10.1186/s40694-017-
0030-5, 40694_2017_30_MOESM1_ESM.docx). The total CFU concentration and the Aureobasidium 
CFU percentage of each wood sample (r. lins. oil = raw linseed oil, st. lins. oil = raw linseed oil, underlined 
numbers = estimated number, CFU count below 10). 

Additional file 2: Table S2 (https://fungalbiolbiotech.biomedcentral.com/articles/10.1186/s40694-017-
0030-5, 40694_2017_30_MOESM2_ESM.docx). Fungal isolates of each colony type with their culture 
collection numbers and GenBank accession numbers for the sequenced loci. 

Additional file 3: Table S3 (https://fungalbiolbiotech.biomedcentral.com/articles/10.1186/s40694-017-
0030-5, 40694_2017_30_MOESM3_ESM.docx). ITS specific clones inferred from biofinish DNA, their 
identification and GenBank accession number. 

Additional file 4: Table S4.( (https://fungalbiolbiotech.biomedcentral.com/articles/10.1186/s40694-017-
0030-5, 40694_2017_30_MOESM4_ESM.xlsx) Illumina amplicon sequences identified by a BLAST 
search against the database of GenBank, Q-bank and Westerdijk Fungal Biodiversity Institute (type strains 
of the CBS Barcoding database were selected from data generated until September 2015). Sequences 
were identified to genus level when possible and marked as ‘unidentified genus’ when BLAST resulted in 
hits with an identity below 97%. The number of reads of each unique sequence is listed for each sample.
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ABSTRACT

The genus Aureobasidium, which is known as wood staining mould, has been detected on oil-treated 
woods in the specific stain formation called biofinish. This biofinish is used to develop a new protective, 
self-healing and decorative biotreatment for wood. In order to understand and control biofinish formation 
on oil-treated wood, the occurrence of different Aureobasidium species on various wood surfaces was 
studied. Phenotypic variability within Aureobasidium strains presented limitations of morphological 
identification of Aureobasidium species. PCR amplification and Sanger sequencing of ITS and RPB2 
were used to identify the culturable Aureobasidium species composition in mould stained wood surfaces 
with and without a biofinish. The analysed isolates showed that several Aureobasidium species were 
present and that A. melanogenum was predominantly detected, regardless of the presence of a biofinish 
and the type of substrate. A. melanogenum was detected on wood samples exposed in the Netherlands, 
Cameroon, South Africa, Australia and Norway. ITS-specific PCR amplification, cloning and sequencing of 
DNA extracted from biofinish samples confirmed results of the culturing-based method: A. melanogenum 
is predominant within the Aureobasidium population of biofinishes on pine sapwood treated with raw 
linseed oil and the outdoor placement in the Netherlands. 
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INTRODUCTION

Aureobasidium is a wood staining fungus, in particular on wood situated outdoors above the ground 
(Dickinson 1972, Dix & Webster 1995, Bardage 1998, Schmidt 2006, Gobakken & Westin 2008). The 
interest in Aureobasidium has recently increased, because of its role in the formation of biofinishes on 
wood (Sailer et al. 2010, Van Nieuwenhuijzen et al. 2013, Filippovych et al. 2015, Chapter 4). The term 
biofinish was introduced for a uniform dark mould covering which emerged outdoors on oil-treated wood 
(Chapter 2). Although the protection mechanism and durability of this biofinish is still under investigation, 
biofinished wood is considered to be an appealing biocide-free construction material with self-repairing 
properties. 

Until now it is unknown which Aureobasidium species participates in the biofinish formation and 
whether a biofinish is composed of more than a single species. Although Aureobasidium has been isolated 
from many organic and inorganic substrates and geographical locations (Zalar et al. 2008, Slepecky & 
Starmer 2009, Gaur et al. 2010), the omnipresence of the specific Aureobasidium species is unknown. 
The geographical location, the combination of wood species and the oil treatment may all have an impact 
on the species composition of the Aureobasidium population in biofinishes. Species-specific behaviour, 
such as phenotype and physiology (Samson et al. 2010, Houbraken 2013), should be included in future 
research in order to understand and control dark mould growth on oil-treated wood. Therefore insight in 
the species composition of the biofinish is highly relevant.

The ascomycete genus Aureobasidium is a member of the family Aureobasidiaceae within the class 
of the Dothideomycetes (Thambugala et al. 2014, Wijayawardene et al. 2014). Kabatiella is closely 
related to Aureobasidium based on morphology and phylogeny (Zalar et al. 2008, Bills et al. 2012, Crous 
et al. 2011, Peterson et al. 2013, Thambugala et al. 2014) and some of these Kabatiella species may 
belong to Aureobasidium (Peterson et al. 2013, Thambugala et al. 2014). In addition future studies may 
result in the transfer of the species Selenophoma mahoniae and Columnosphaeria (Discosphaerina) 
fagi in Aureobasidium (Yurlova et al. 1999, Peterson et al. 2013, Thambugala et al. 2014). A well-known 
Aureobasidium species is Aureobasidium pullulans (Zalar et al. 2008, Gostinčar et al. 2014). The total 
number of classified Aureobasidium species currently varies per database, for example 38 in MycoBank 
and 13 in GenBank (October 2015).

Before DNA sequencing was applied in fungal taxonomy, the species classification system was mainly 
based on physiologic and phenotypic characteristics. In the cas e of Aureobasidium, colony pigmentation 
was used as a species-specific phenotypic characteristic (Zalar et al. 2008, Peterson et al. 2013). 
Nowadays, also the genealogical concordance phylogenetic species recognition (GCPSR) concept 
is commonly applied for species delimitation (Taylor et al. 2000). For species delimitation according 
to GCPSR multigene phylogenies are required. Next to the large subunit and the internal transcribed 
spacer regions (incl. 5.8S rDNA) (ITS) more variable genes such as translation elongation factor 1α, 
β-tubulin and RNA polymerase II- second largest subunit (RPB2) have been applied or recommended for 
phylogenetic analysis of Aureobasidium species (Zalar et al. 2008, Manitchotpisit et al. 2009, Peterson 
et al. 2013, Gostinčar et al. 2014). A phylogeny, including all described genera and species within the 
Aureobasidiaceae, is not yet available. 

The ITS locus is assigned as the primary barcode for fungal species (Schoch et al. 2012). A large number 
of ITS barcode sequences of Aureobasidium species is available in public databases, which makes this DNA 
region a suitable marker to identify Aureobasidium (Manitchotpisit et al. 2009). To date, no second fungal 
barcode has been determined for a reliable Aureobasidium identification on species level.

The aim of this study is to explore the Aureobasidium species composition of biofinishes on wood. 
Culturable Aureobasidium isolates, retrieved from substrates with and without biofinishes, were identified. 
The wood species, oil treatments and exposure sites were related to the culturable species composition. 
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Also direct extraction of biofinish DNA, followed by ITS amplification, cloning and sequencing were used 
to determine the species compositions of biofinishes. 

MATERIALS AND METHODS

Substrates & outdoor exposure

Nine sample sets were analysed in this study. Each set contained oil-treated wood samples. Untreated 
pine sapwood and glass were also selected for several sample sets (Fig. 1 and Table 1), representing 
oil-free organic and inorganic materials that are associated with Aureobasidium growth (Gorbushina & 
Palinska 1999, Schabereiter-Gurtner et al. 2001, Van Nieuwenhuijzen et al. 2013). The amount of different 
substrates (e.g. wood species, oil type), the geographical location of the outdoor exposure and exposure 
time was specific for each sample set (Table 1).

The wood species tested were pine (Pinus sylvestris) sapwood, spruce (Picea abies) and ilomba 
(Pycnanthus angolensis). No specific sapwood or heartwood selection was made for the latter two 
species. The surfaces of the wood samples were planed. The samples measured 5 cm (longitudinal axis), 
× 2.5 cm × 1.5 cm, except the specimens of set 4 which measured 10 cm × 14 cm × 2 cm. Glass sheets 
(Fisher Scientific) measured 10 cm × 10 cm × 0.3 cm. 

Three different vegetable oil types were used to impregnate the wood specimens: raw linseed oil 
(Vereenigde Oliefabrieken; iodine value 183 and 0.81% free fatty acids), olive oil (two brands: in case of 
sample set 4 unfiltered olive oil of 100% Carolea olive, Calabrië EV Bio 2013; for the other sample sets 
Carbonel, extra vierge, iodine value 82 and 0.34% free fatty acids), and stand linseed oil (Vliegenthart, 
viscosity P45). To determine the average moisture content right before impregnation, additional untreated 
test pieces of wood were dried at 105 °C. The moisture content of these wood pieces was up to 12%. The 
impregnation of the small specimens (5 cm × 2.5 cm × 1.5 cm) was carried out using a vacuum time of 30 
min at -1 bar followed by 1 h pressure of 8 bar. A vacuum time of 1 h at -1 bar followed by 2 h pressure of 
8 bar was used for the larger specimens of sample set 4. 

The wood samples of set 1−3 were steamed twice with hot air for 20 min on two consecutive days 
(CEN 1996, Fritsche & Laplace 1999). The glass sheets were cleaned with alcohol and autoclaved before 
outdoor exposure. No sterilisation method was applied to the wood samples of set 4-9.
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Figure 1. Flowchart illustrating the experimental setup of this study.
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Five sites, located in different countries (Table 1) were used for outdoor exposure. The samples from 
set 4 remained outdoors during the biomass removal. Specifications on outdoor exposure and handling 
procedures were described in Chapter 2. 

Biofinish assessment

The samples of set 5 and 7-9 have previously been evaluated for biofinish formation in Chapter 2. This 
method consisted of visual analysis of the stain coverage on the surface as well as in situ spectrophotometer 
measurements of the pigmentation. In short, a biofinish was assigned when the stain coverage was above 
90% and the pigmentation, expressed by triplets as used in the sRGB colour space, met the following 
criteria: all the red (R), green (G) and blue (B) values were below 82 and the difference between two 
values of a single RGB triplet was below 20. In comparison the RGB triplet of ultimate black was [0,0,0] 
and ultimate white was [255,255,255]. The biofinish assessment was also applied on the samples of 
set 6. The presence of a biofinish on the wood samples of set 1−4 was determined according to the 
surface coverage part of the biofinish assessment. A full biofinish assessment of the samples of set 4 was 
performed three months after fungal isolation.

Table 1. Overview of the sample sets used for outdoor exposure and their characteristics. 
Samples Substrate Number of 

specimens
Locality Exposure time

set 1
pine sapw. & raw linseed oil 2

Utrecht, The Netherlands 2 weeks
glass 2

set 2
pine sapw. & raw linseed oil 2

Utrecht, The Netherlands 5 weeks
glass 2

set 3
pine sapw. & raw linseed oil 2

Utrecht, The Netherlands 5 months
glass 2

set 4

spruce & raw linseed oil 1

Utrecht, The Netherlands 12 months

ilomba & raw linseed oil 1
pine sapw. & raw linseed oil 1
pine sapw. & olive oil 1
pine sapw. & stand oil 1
untreated pine sapw. 1

set 5

pine sapw. &  raw linseed oil 1

Utrecht, the Netherlands 1.5 years
pine sapw. & olive oil 1
pine sapw. & stand linseed oil 1
ilomba & olive oil 1
spruce & olive oil 1

set 6

spruce & raw linseed oil   1

Doula, Cameroon 8 months
ilomba & raw linseed oil 1
pine sapw. & raw linseed oil 1
pine sapw. & olive oil 1
untreated pine sapw. 1

set 7 same materials as set 6  Johannesburg, South Africa 1.7 years
set 8 same materials as set 6 Adelaide, Australia 1.5 years
set 9 same materials as set 6 Ås, Norway 2 years
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Collection of Aureobasidium isolates

Within a sample set, up to two specimens per substrate were used for isolation (Table 1). The swab 
sampling method as described in Chapter 2 was used to collect biomass. Biomass suspensions were 
plated on Malt Extract agar (MEA) supplemented with penicillin and streptomycin (P/S) and on Dichloran 
18% glycerol agar (DG18). The formulation of the agar media were according to Samson et al. (2004) 
and the plates were incubated at 25 ˚C for 14 days. A selection of the colonies, that phenotypically 
resembled Aureobasidium, was transferred to new MEA plates. The phenotypic characteristics used 
to determine Aureobasidium colonies: fast growing, yeast like colonies with an irregular edge, either 
white / pale pink coloured colonies mostly with a black centre and/or sectors or black coloured colonies 
with a small white boundary; white aerial hyphae sometimes present. Isolates of the selected colonies 
were deposited in the working collection of the Department of Applied and Industrial Mycology (DTO) 
housed at the Westerdijk Fungal Biodiversity Institute, The Netherlands. 

Phenotypic diversity of Aureobasidium strain DTO 217-G5

A large phenotypic variation within the Aureobasidium colonies on agar plates was observed during 
isolation. The isolate DTO 217-G5 (= CBS 140241) was used to study the phenotypic variability of a 
single strain. It was selected as a representative of the black cultures obtained from oil-treated wood 
in the initial stage of biofinish formation. At first biomass was obtained of the edge of a 7 days old 
colony on MEA and washed in ultrapure water twice before dilution in ultrapure water. This dilution was 
combined with 10 x Yeast Nitrogen Base (Difco Laboratories 1998) with no additional carbon source and 
transferred to a shake flask. Due to the limited amount of carbon, the strain was cultivated in a nutrient 
limited and therefore stressful environment. After 24 hours of shaking at 175 rpm at 25 °C, a serial 
dilution was made of the cell suspension and plated on oatmeal agar (OA). After 5 days of incubation 
at 25 °C, four phenotypically diverse colony forming units (CFU’s) were selected as parental colonies 
and inoculated on MEA P/S (first MEA P/S inoculation). After incubation each colony was transferred 
to a new MEA P/S plate in triplicate. These colonies on the new plates were again transferred to MEA 
P/S three times in succession. Phenotypically diverse areas were selected for the biomass transfers. 
Photos were made and ITS sequences generated (as described below) of the colonies of the first and 
last inoculation on MEA P/S.

DNA extraction, amplification and sequencing

Isolates were grown on MEA plates prior to DNA extraction. DNA was extracted using the Ultraclean 
Microbial DNA isolation kit (MoBio Laboratories, Carlsbad, CA, USA) according to the manufacturer’s 
instructions. The ITS and RPB2 fragments were amplified using the primer pairs V9G (de Hoog & Gerrits 
van den Ende 1998) & LS266 (Masclaux et al. 1995) and RPB-PenR1 & RPB-PenR2 (Manitchopisit et 
al. 2009). The PCR reactions were performed according to Chapter 2. The RPB2-PCR program differed 
by a primer annealing at 54 °C for 60 s. The amplified DNA fragments were sequenced and assembled 
as described in Yilmaz et al. (2014). Generated sequences are deposited in GenBank. The accession 
numbers of the new outdoor isolates are included in Table 2.
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Table 2. Outdoor isolates obtained in this study and the GenBank accession numbers of their ITS and 
RPB2 sequences.

Isolate GenBank accession no. Isolate GenBank accession no.
DTO no. CBS no. ITS RPB2 DTO no. CBS no. ITS RPB2
DTO 212-D8  - KT693505 KT693748 DTO 317-A6  - KT693616 KT693859
DTO 212-F1  - KT693506 KT693749 DTO 317-A7  - KT693617 KT693860
DTO 212-G1  - KT693507 KT693750 DTO 317-A8  - KT693618 KT693861
DTO 212-I7  - KT693508 KT693751 DTO 317-A9  - KT693619 KT693862
DTO 213-A2  - KT693509 KT693752 DTO 317-B1  - KT693620 KT693863
DTO 213-A9  - KT693510 KT693753 DTO 317-B2  - KT693621 KT693864
DTO 214-C3  - KT693511 KT693754 DTO 317-B3  - KT693622 KT693865
DTO 214-C4  - KT693512 KT693755 DTO 317-B4  - KT693623 KT693866
DTO 214-C8  - KT693513 KT693756 DTO 317-B5  - KT693624 KT693867
DTO 214-D1  - KT693514 KT693757 DTO 317-B6  - KT693625 KT693868
DTO 214-D8  - KT693515 KT693758 DTO 317-B8  - KT693626 KT693869
DTO 214-D9  - KT693516 KT693759 DTO 317-B9  - KT693627 KT693870
DTO 228-C6  - KT693517 KT693760 DTO 317-C1  - KT693628 KT693871
DTO 212-H1  - KT693518 KT693761 DTO 317-C2  - KT693629 KT693872
DTO 212-H2  - KT693519 KT693762 DTO 277-B5  - KT693630 KT693873
DTO 214-E2  - KT693520 KT693763 DTO 277-B6  - KT693631 KT693874
DTO 214-E3  - KT693521 KT693764 DTO 277-B7  - KT693632 KT693875
DTO 214-F3  - KT693522 KT693765 DTO 277-B8  - KT693633 KT693876
DTO 214-F4  - KT693523 KT693766 DTO 277-B9  - KT693634 KT693877
DTO 214-G4  - KT693524 KT693767 DTO 277-C1  - KT693635 KT693878
DTO 214-G5  - KT693525 KT693768 DTO 277-C2  - KT693636 KT693879
DTO 214-I2  - KT693526 KT693769 DTO 277-C3  - KT693637 KT693880
DTO 214-I4  - KT693527 KT693770 DTO 277-C4  - KT693638 KT693881
DTO 214-I5  - KT693528 KT693771 DTO 277-C5  - KT693639 KT693882
DTO 215-B3  - KT693529 KT693772 DTO 277-C6  - KT693640 KT693883
DTO 215-B9  - KT693530 KT693773 DTO 277-C7  - KT693641 KT693884
DTO 215-C2  - KT693531 KT693774 DTO 277-G5  - KT693642 KT693885
DTO 215-C3  - KT693532 KT693775 DTO 277-G6  - KT693643 KT693886
DTO 215-D8  - KT693533 KT693776 DTO 277-F4 140247 KT693644 KT693887
DTO 215-E3  - KT693534 KT693777 DTO 277-F5 140248 KT693645 KT693888
DTO 217-F3  - KT693535 KT693778 DTO 277-F6  - KT693646 KT693889
DTO 217-F4  - KT693536 KT693779 DTO 277-F7  - KT693647 KT693890
DTO 217-F5  - KT693537 KT693780 DTO 277-F8  - KT693648 KT693891
DTO 217-G4 140240 KT693538 KT693781 DTO 277-F9  - KT693649 KT693892
DTO 217-G5 140241 KT693539 KT693782 DTO 277-G1  - KT693650 KT693893
DTO 217-H2  - KT693540 KT693783 DTO 277-G2  - KT693651 KT693894
DTO 218-A8  - KT693541 KT693784 DTO 277-G3  - KT693652 KT693895
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Table 2. (Continued).
Isolate GenBank accession no. Isolate GenBank accession no.

DTO no. CBS no. ITS RPB2 DTO no. CBS no. ITS RPB2
DTO 218-B9  - KT693542 KT693785 DTO 277-G4  - KT693653 KT693896
DTO 218-D1  - KT693543 KT693786 DTO 227-C6  - KT693654 KT693897
DTO 218-F5  - KT693544 KT693787 DTO 227-C7  - KT693655 KT693898
DTO 218-F7  - KT693545 KT693788 DTO 227-C8  - KT693656 KT693899
DTO 218-G1  - KT693546 KT693789 DTO 227-D3  - KT693657 KT693900
DTO 218-G4  - KT693547 KT693790 DTO 227-D4  - KT693658 KT693901
DTO 218-G6  - KT693548 KT693791 DTO 227-D5  - KT693659 KT693902
DTO 218-G8  - KT693549 KT693792 DTO 227-D7 140249 KT693660 KT693903
DTO 218-H6  - KT693550 KT693793 DTO 227-D8  - KT693661 KT693904
DTO 218-H8  - KT693551 KT693794 DTO 227-E3  - KT693662 KT693905
DTO 218-I1  - KT693552 KT693795 DTO 227-E4  - KT693663 KT693906
DTO 228-D1  - KT693553 KT693796 DTO 227-E6  - KT693664 KT693907
DTO 218-I3 140242 KT693554 KT693797 DTO 227-E7  - KT693665 KT693908
DTO 218-I4 140243 KT693555 KT693798 DTO 227-E8  - KT693666 KT693909
DTO 219-A4  - KT693556 KT693799 DTO 285-D3  - KT693667 KT693910
DTO 219-B9  - KT693557 KT693800 DTO 285-D4  - KT693668 KT693911
DTO 219-D5  - KT693558 KT693801 DTO 285-D5  - KT693669 KT693912
DTO 219-E8  - KT693559 KT693802 DTO 296-E8 140250 KT693670 KT693913
DTO 219-E9  - KT693560 KT693803 DTO 285-D6  - KT693671 KT693914
DTO 219-G2  - KT693561 KT693804 DTO 285-D7 140251 KT693672 KT693915
DTO 219-H1  - KT693562 KT693805 DTO 285-D8  - KT693673 KT693916
DTO 219-I3  - KT693563 KT693806 DTO 285-D9  - KT693674 KT693917
DTO 219-B8  - KT693564 KT693807 DTO 285-E1 140252 KT693675 KT693918
DTO 219-F9  - KT693565 KT693808 DTO 285-E2 140253 KT693676 KT693919
DTO 219-B2  - KT693566 KT693809 DTO 285-E3  - KT693677 KT693920
DTO 232-D6  - KT693567 KT693810 DTO 285-E4 140254 KT693678 KT693921
DTO 232-D7  - KT693568 KT693811 DTO 296-F6  - KT693679 KT693922
DTO 232-E6  - KT693569 KT693812 DTO 296-G3  - KT693680 KT693923
DTO 232-E7  - KT693570 KT693813 DTO 296-G4  - KT693681 KT693924
DTO 232-H8  - KT693571 KT693814 DTO 296-G5 140255 KT693682 KT693925
DTO 232-I1  - KT693572 KT693815 DTO 296-G6 140256 KT693683 KT693926
DTO 232-I8  - KT693573 KT693816 DTO 285-E5 140257 KT693684 KT693927
DTO 232-I9  - KT693574 KT693817 DTO 285-E6 140258 KT693685 KT693928
DTO 233-A1  - KT693575 KT693818 DTO 285-E7  - KT693686 KT693929
DTO 233-A7  - KT693576 KT693819 DTO 285-E8  - KT693687 KT693930
DTO 233-A8  - KT693577 KT693820 DTO 296-F7  - KT693688 KT693931
DTO 233-C1  - KT693578 KT693821 DTO 296-F8  - KT693689 KT693932
DTO 233-C6  - KT693579 KT693822 DTO 296-F9 140259 KT693690 KT693933
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Table 2. (Continued).
Isolate GenBank accession no. Isolate GenBank accession no.

DTO no. CBS no. ITS RPB2 DTO no. CBS no. ITS RPB2
DTO 233-E3  - KT693580 KT693823 DTO 296-G1 140260 KT693691 KT693934
DTO 233-F6  - KT693581 KT693824 DTO 301-G5  - KT693692 KT693935
DTO 233-F8  - KT693582 KT693825 DTO 301-G6  - KT693693 KT693936
DTO 233-G4  - KT693583 KT693826 DTO 301-G9 140261 KT693694 KT693937
DTO 233-H9  - KT693584 KT693827 DTO 301-H1  - KT693695 KT693938
DTO 233-I5  - KT693585 KT693828 DTO 301-H2  - KT693696 KT693939
DTO 234-A2  - KT693586 KT693829 DTO 301-H3  - KT693697 KT693940
DTO 234-B7  - KT693587 KT693830 DTO 300-I2 140262 KT693698 KT693941
DTO 234-C7  - KT693588 KT693831 DTO 300-I3 140263 KT693699 KT693942
DTO 234-D7  - KT693589 KT693832 DTO 300-I4  - KT693700 KT693943
DTO 234-E6  - KT693590 KT693833 DTO 300-I5  - KT693701 KT693944
DTO 234-F4  - KT693591 KT693834 DTO 301-F7 140264 KT693702 KT693945
DTO 234-G2  - KT693592 KT693835 DTO 301-F8  - KT693703 KT693946
DTO 234-G9  - KT693593 KT693836 DTO 301-F9 140265 KT693704 KT693947
DTO 316-G9  - KT693594 KT693837 DTO 300-I8  - KT693705 KT693948
DTO 316-H1  - KT693595 KT693838 DTO 300-I9  - KT693706 KT693949
DTO 316-H2  - KT693596 KT693839 DTO 301-A6  - KT693707 KT693950
DTO 316-H3  - KT693597 KT693840 DTO 301-A7  - KT693708 KT693951
DTO 316-H4  - KT693598 KT693841 DTO 301-A8  - KT693709 KT693952
DTO 316-H5  - KT693599 KT693842 DTO 301-F4 140266 KT693710 KT693953
DTO 316-H6 140244 KT693600 KT693843 DTO 302-E1 140267 KT693711 KT693954
DTO 316-H7 140245 KT693601 KT693844 DTO 302-E2  - KT693712 KT693955
DTO 316-H8  - KT693602 KT693845 DTO 302-E3  - KT693713 KT693956
DTO 316-I1 140246 KT693603 KT693846 DTO 302-E9  - KT693714 KT693957
DTO 316-I2  - KT693604 KT693847 DTO 302-F1 140268 KT693715 KT693958
DTO 316-I3  - KT693605 KT693848 DTO 302-F2 140269 KT693716 KT693959
DTO 316-I4  - KT693606 KT693849 DTO 302-F7  - KT693717 KT693960
DTO 316-I5  - KT693607 KT693850 DTO 302-F8  - KT693718 KT693961
DTO 316-I6  - KT693608 KT693851 DTO 302-H8  - KT693719 KT693962
DTO 316-I7  - KT693609 KT693852 DTO 302-H9  - KT693720 KT693963
DTO 316-I9  - KT693610 KT693853 DTO 302-I1  - KT693721 KT693964
DTO 317-A1  - KT693611 KT693854 DTO 302-I2  - KT693722 KT693965
DTO 317-A2  - KT693612 KT693855 DTO 302-G3  - KT693723 KT693966
DTO 317-A3  - KT693613 KT693856 DTO 302-H1  - KT693724 KT693967
DTO 317-A4  - KT693614 KT693857 DTO 302-H2  - KT693725 KT693968
DTO 317-A5  - KT693615 KT693858 DTO 302-H3  - KT693726 KT693969



Chapter 5

90

Table 3. Aureobasidium and related fungal strains used for molecular identification. 
Species name Strain no. Source Locality GenBank assesion no.

ITS RPB2
Aureobasidium 
leucospermi

CBS 130593 
(epiT)

Leaves of 
Leucospermum 
conocarpodendron

South Africa KT693727 KT693970

Aureobasidium 
melanogenum

CBS 105.22 (T) — — KT693729 KT693972

Aureobasidium 
melanogenum

CBS 110374 Public fountain Thailand, Bangkok KT693728 KT693971

Aureobasidium 
namibiae

CBS 147.97 (T) Dolomitic marble Namibia, Namib 
Desert

KT693730 KT693973

Aureobasidium proteae CBS 114273 
(epiT)

Leaves of 
Protea cv. ‘Sylvia’

South Africa KT693731 KT693974

Aureobasidium proteae CBS 111973 Leaves of 
Protea cv. ‘Sylvia’

South Africa KT693732 KT693975

Aureobasidium 
pullulans

CBS 584.75 (NT) Vitis vinifera, fruit France, Beaujolais, 
Beaujeu

KT693733 KT693976

Aureobasidium 
pullulans

CBS 100280 Salt pan Slovenia KT693734 KT693977

Aureobasidium 
subglaciale

CBS 123387 (T) Subglacial ice from 
sea water

Norway, Svalbard, 
Kongsvegen

KT693735 KT693978

Aureobasidium 
subglaciale

CBS 123388 Glacial ice from sea 
water

Norway, Svalbard, 
Kongsvegen

KT693736 KT693979

Aureobasidium 
thailandense

CBS 133856, 
NRRL 58539 (T)

Leaves of Cerbera 
odollum

Thailand, 
Nakhonratchasima

GenBank no. absent; 
TreeBASE SN4236

Aureobasidium 
thailandense

CBS 133857, 
NRRL 58543

Wood surface Thailand, 
Prachuapkhirikhan

GenBank no. absent; 
TreeBASE SN4236

Columnosphaeria fagi 
(Discosphaerina fagi)

CBS 171.93 Leaf of Populus United Kingdom KT693737 KT693980

Kabatiella bupleuri CBS 131304 
(isoT)

Dead flower 
stems, Bupleurum 
gibraltarium

Spain, Granada, 
Embalse de Canales 

KT693738 KT693981

Kabatiella bupleuri CBS 131303 Dead flower 
stems, Bupleurum 
gibraltarium

Spain, Granada, 
Presa de Quentar

KT693739 KT693982

Kabatiella caulivora CBS 242.64 Trifolium 
incarnatum

U.S.A., Oregon KT693740 KT693983

Kabatiella harpospora CBS 122914 Stems and leaves 
of Viscum album

Spain, Madrid, 
Robledo de Chavela

KT693741 absent

Kabatiella lini CBS 125.21 (T) Linum 
usitatissimum

United Kingdom KT693742 KT693984

Kabatiella microsticta CBS 114.64 Hemerocallis sp. Netherlands, 
Wageningen

KT693744 KT693986

Kabatiella microsticta CBS 342.66 Convallaria majalis, 
dying leave

Germany KT693743 KT693985
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Phylogenetic analysis & identification of isolates

Reference strains of species which were used to generate a benchmark for the molecular identification of 
the Aureobasidium isolates are listed in Table 3. The GenBank accession numbers of the sequences are 
included in the table, except for the sequences of the A. thailandense strains generated by Peterson et 
al. (2013; TreeBASE SN4236). The ITS and RPB2 sequence data sets were aligned using the program 
Muscle within MEGA version 5 (Tamura et al. 2011). Maximum Likelihood (ML) analysis was performed 
using MEGA. The number of bootstrap replicates was set on 1000. Sydowia polyspora CBS 750.71 was 
selected as outgroup. The isolates were identified based on the clustering in the phylogenetic trees with 
the type and other representative strains. A bootstrap value of 70% or more was considered as moderated 
support for the identification of clades.

PCR, cloning and sequencing of biofinish DNA 

ITS-specific cloning libraries were made of biofinishes of two types of substrates of sample set 5 in triplicate: 
pine sapwood & raw linseed oil (library PRL.1 – PRL.3) and pine sapwood & olive oil (library PO.1 – PO.3). 
An area of 2.5 cm × 2.5 cm of the upper surface of a specimen was scratched with a scalpel and DNA 
was extracted of the obtained biomass. The DNA extraction method, ITS primers and PCR-program were 
identical to the method described above. The PCR master mixes with ITS primers were prepared with the 
GoTaq Long PCR Master Mix (Progema) according to the manufacturer’s instructions. The PCR products 
were purified with the QIAquick PCR purification kit. Following the manufacturer’s instructions, 45 ng of 
PCR products was ligated and cloned (pGEM®-T Easy Vector Systems) into an Escherichia coli plasmid 
library. After growing ITS containing competent cells on plate, colonies were aseptically transferred to 
10 μl demineralised water. PCR reactions were performed in 25 μl reaction mixtures containing 3 μL 
aliquots with ITS DNA, 2.5 μl PCR buffer, 2 μl MgCl2 (25mM), 11 μl demineralised sterile water, 5 μL 
dNTP (1 mM), 0.50 μl of each primer (10 µM)) and 0.5 μl Taq polymerase (5 U/μL, Bioline). The ITS-PCR 
program, sequencing, and assembling were similar to the previously described method. Assembled ITS 
sequences were generated of 62-69 cloned colonies per wood sample library. The ITS sequences of the 
cloning libraries were screened against the non-redundant NCBI database, using the program BLASTN. 
Sequences resulting in hits with an identity of 97% or more compared to Aureobasidium sequences of the 
database were used for phylogenetic analysis. Sequences were submitted to GenBank (Table 4).

Table 3. (Continued). 
Species name Strain no. Source Locality GenBank assesion no.

ITS RPB2
Kabatiella zeae CBS 767.71 Leaf of Zea mays Germany, Kiel-

Kitzeberg
KT693745 absent

Selenophoma 
mahoniae

CBS 388.92 Leaf of Mahonia 
repens

 U.S.A., Colorado KT693746 KT693987

Sydowia polyspora CBS 750.71 Pinus strobus, twig Canada, Quebec; 
Lac Normand

KT693747 KT693988

Abbreviations: T = ex-type strain, NT = ex-neotype strain, epiT = ex-epitype strain, isoT= ex-isotype strain
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Table 4. All sequences from the cloning library identified as Aureobasidium and their corresponding 
GenBank accession numbers.
ITS clone Accession no.  ITS clone Accession no.  ITS clone Accession no.  ITS clone Accession no.
PRL.1.05 KT693388 PRL.2.02 KT693421 PRL.2.87 KT693456 PRL.3.80 KT693487
PRL.1.06 KT693389 PRL.2.03 KT693422 PRL.3.02 KT693457 PRL.3.82 KT693488
PRL.1.09 KU671015 PRL.2.05 KT693423 PRL.3.06 KT693458 PRL.3.83 KT693489
PRL.1.21 KT693390 PRL.2.07 KT693424 PRL.3.08 KT693459 PO.1.13 KT693490
PRL.1.25 KT693391 PRL.2.08 KT693425 PRL.3.09 KT693460 PO.1.37 KT693491
PRL.1.26 KT693392 PRL.2.22 KT693426 PRL.3.16 KU671021* PO.1.45 KT693492
PRL.1.27 KT693393 PRL.2.23 KT693427 PRL.3.17 KT693461 PO.1.50 KT693493
PRL.1.30 KT693394 PRL.2.25 KT693428 PRL.3.19 KU671022* PO.1.59 KT693494
PRL.1.31 KT693395 PRL.2.26 KT693429 PRL.3.21 KT693462 PO.1.68 KT693495
PRL.1.32 KU671016 PRL.2.27 KT693430 PRL.3.22 KT693463 PO.1.73 KT693496
PRL.1.33 KT693396 PRL.2.29 KT693431 PRL.3.23 KT693464 PO.1.75 KU671024*
PRL.1.34 KT693397 PRL.2.34 KT693432 PRL.3.24 KT693465 PO.1.81 KT693497
PRL.1.38 KU671017 PRL.2.35 KT693433 PRL.3.25 KT693466 PO.2.78 KT693498
PRL.1.39 KT693398 PRL.2.36 KT693434 PRL.3.28 KT693467 PO.3.05 KT693499
PRL.1.50 KT693399 PRL.2.37 KT693435 PRL.3.31 KT693468 PO.3.24 KT693500
PRL.1.51 KT693400 PRL.2.38 KT693436 PRL.3.32 KT693469 PO.3.68 KT693501
PRL.1.53 KT693401 PRL.2.39 KT693437 PRL.3.36 KT693470 PO.3.69 KT693502
PRL.1.54 KT693402 PRL.2.43 KT693438 PRL.3.37 KT693471 PO.3.81 KT693503
PRL.1.58 KT693403 PRL.2.44 KT693439 PRL.3.39 KT693472 PO.3.88 KT693504
PRL.1.61 KT693404 PRL.2.47 KT693440 PRL.3.42 KT693473
PRL.1.62 KT693405 PRL.2.49 KT693441 PRL.3.43 KT693474
PRL.1.67 KT693406 PRL.2.50 KT693442 PRL.3.44 KT693475
PRL.1.69 KT693407 PRL.2.51 KT693443 PRL.3.47 KT693476
PRL.1.70 KT693408 PRL.2.62 KT693444 PRL.3.51 KT693477
PRL.1.71 KT693409 PRL.2.63 KT693445 PRL.3.54 KT693478
PRL.1.74 KT693410 PRL.2.64 KT693446 PRL.3.55 KT693479
PRL.1.75 KT693411 PRL.2.65 KT693447 PRL.3.56 KT693480
PRL.1.76 KT693412 PRL.2.70 KT693448 PRL.3.57 KT693481
PRL.1.77 KT693413 PRL.2.73 KT693449 PRL.3.65 KT693482
PRL.1.78 KT693414 PRL.2.74 KU671018 PRL.3.66 KT693483
PRL.1.79 KT693415 PRL.2.76 KT693450 PRL.3.68 KU671019
PRL.1.81 KT693416 PRL.2.78 KT693451 PRL.3.70 KU671023
PRL.1.82 KT693417 PRL.2.80 KT693452 PRL.3.71 KU671020*
PRL.1.85 KT693418 PRL.2.82 KT693453 PRL.3.73 KT693484
PRL.1.86 KT693419 PRL.2.83 KT693454 PRL.3.74 KT693485
PRL.1.88 KT693420 PRL.2.86 KT693455 PRL.3.78 KT693486
* Sequences were trimmed to remove chimeric parts
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Table 5. Overview of the (number of) Aureobasidium isolates per substrate (with or without biofinish) 
of each sample set.  (- = not relevant)
Sample set Substrate Biofinish 

present
Number of 
isolates

DTO isolate code (CBS number added when available)

set 1

pine sapw. &  
raw linseed oil

no 13 212-D8, 212-F1, 212-G1, 212-I7, 213-A2 , 213-A9 , 214-C3, 
214-C4, 214-C8, 214-D1, 214-D8, 214-D9, 228-C6

glass - 17 212-H1, 212-H2,214-E2, 214-E3, 214-F3, 214-F4, 214-G4, 
214-G5, 214-I2, 214-I4, 214-I5, 215-B3, 215-B9, 215-C2, 215-
C3, 215-D8, 215-E3

set 2

pine sapw. &  
raw linseed oil

no 19 217-F3, 217-F4, 217-F5, 217-G4 (CBS 140240), 217-G5 (CBS 
140241), 217-H2, 218-A8, 218-B9, 218-D1, 218-F5 , 218-F7, 
218-G1, 218-G4, 218-G6, 218-G8, 218-H6, 218-H8, 218-I1, 
228-D1

glass - 13 218-I3 (CBS 140242), 218-I4 (CBS 140243), 219-A4, 219-B9, 
219-D5, 219-E8, 219-E9, 219-G2, 219-H1, 219-I3, 219-B8, 
219-F9, 219-B2

set 3

pine sapw. &  
raw linseed oil

no 19 232-D6, 232-D7, 232-E6, 232-E7, 232-H8, 232-I1, 232-I8, 
232-I9, 233-A1, 233-A7, 233-A8, 233-C1, 233-C6, 233-E3, 
233-F6, 233-F8, 233-G4, 233-H9, 233-I5

glass - 8 234-A2, 234-B7, 234-C7, 234-D7, 234-E6, 234-F4, 234-G2, 
234-G9

set 4

spruce & raw 
linseed oil

no 5 316-G9, 316-H1, 316-H2, 316-H3, 316-H4

ilomba & raw 
linseed oil

no 4 316-H5, 316-H6 (CBS 140244), 316-H7 (CBS 140245), 316-
H8

pine sapw. & 
raw linseed oil

yes 7 316-I1 (CBS 140246), 316-I2, 316-I3, 316-I4, 316-I5, 316-I6, 
316-I7

pine sapw. & 
olive oil

yes 8 316-I9, 317-A1, 317-A2, 317-A3, 317-A4, 317-A5, 317-A6, 
317-A7

pine sapw. & 
stand oil

no 5 317-A8, 317-A9, 317-B1, 317-B2, 317-B3

untreated pine 
sapw.

no 7 317-B4, 317-B5, 317-B6, 317-B8, 317-B9, 317-C1, 317-C2

set 5

pine sapw. & 
stand linseed oil

no 7 277-B5, 277-B6, 277-B7, 277-B8, 277-B9, 277-C1, 277-C2

ilomba & olive oil yes 7 277-C3, 277-C4, 277-C5, 277-C6, 277-C7, 277-G5, 277-G6
spruce & olive 
oil

yes 10 277-F4 (CBS 140247), 277-F5 (CBS 140248), 277-F6, 277-
F7, 277-F8, 277-F9, 277-G1, 277-G2, 277-G3, 277-G4

set 6

spruce & raw 
linseed oil   

no 3 227-C6, 227-C7, 227-C8

ilomba & raw lin 
linseed . oil

no 3 227-D3, 227-D4, 227-D5

pine sapw. & 
raw linseed oil

no 2 227-D7 (CBS 140249), 227-D8

pine sapw. & 
olive oil

no 2 227-E3, 227-E4

untreated pine 
sapw.

no 3 227-E6, 227-E7, 227-E8
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RESULTS

Biofinish assessment

All wood samples of sample set 3–9 showed dark discolorations, but a biofinish was only established 
on a few samples (Table 5). Biofinishes were detected on specific samples exposed for more than one 
year at the sample site in the Netherlands (sample set 4 and 5): pine sapwood samples treated with raw 
linseed oil or olive oil and spruce and ilomba samples treated with olive oil. Furthermore, biofinishes were 
detected on the pine sapwood sample treated with olive oil that was exposed in South Africa (sample set 
7) and the pine sapwood sample treated with raw linseed oil that was exposed in Norway (sample set 9).

Table 5. (Continued).
Sample set Substrate Biofinish 

present
Number of 
isolates

DTO isolate code (CBS number added when available)

set 7

spruce & raw 
linseed oil

no 4 285-D3, 285-D4, 285-D5, 296-E8 (CBS 140250)

ilomba & raw 
linseed oil

no 4 285-D6, 285-D7 (CBS 140251), 285-D8, 285-D9

pine sapw. & 
raw linseed oil

no 9 285-E1 (CBS 140252), 285-E2 (CBS 140253), 285-E3, 285-
E4 (CBS 140254), 296-F6, 296-G3, 296-G4, 296-G5 (CBS 
140255), 296-G6 (CBS 140256)

pine sapw. & 
olive oil

yes 4 285-E5 (CBS 140257), 285-E6 (CBS 140258), 285-E7, 285-E8

untreated pine 
sapw.

no 4 296-F7, 296-F8, 296-F9 (CBS 140259), 296-G1 (CBS 140260)

set 8

spruce & raw 
linseed oil

no 2 301-G5, 301-G6

ilomba & raw 
linseed oil

no 4 301-G9 (CBS 140261), 301-H1, 301-H2, 301-H3

pine sapw. & 
raw linseed oil

no 7 300-I2 (CBS 140262), 300-I3 (CBS 140263), 300-I4, 300-I5, 
301-F7 (CBS 140264), 301-F8, 301-F9 (CBS 140265)

pine sapw. & 
olive oil

no 2 300-I8, 300-I9

untreated pine 
sapw.

no 4 301-A6, 301-A7, 301-A8, 301-F4 (CBS 140266)

set 9

spruce & raw 
linseed oil

no 3 302-E1 (CBS 140267), 302-E2, 302-E3

ilomba & raw 
linseed oil

no 3 302-E9, 302-F1 (CBS 140268), 302-F2 (CBS 140269)

pine sapw. & 
raw linseed oil

yes 6 302-F7, 302-F8, 302-H8, 302-H9, 302-I1, 302-I2

pine sapw. & 
olive oil

no 1 302-G3

untreated pine 
sapw.

no 3 302-H1, 302-H2, 302-H3
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Collection of Aureobasidium isolates

The number of isolates used in this study varied per substrate of each set (Table 5). These isolates 
were obtained from CFU’s on agar plates after culturing biomass of the substrates. They represent a 
small number of all the CFU’s which phenotypically resembled Aureobasidium species. For example 7-10 
isolates were studied per sample in set 5 (Table 5), while the total amount of the counted Aureobasidium 
CFU’s on MEA and DG18 was up to 9 × 103 per sampled surface (Chapter 4).

Phenotypic diversity of Aureobasidium strain DTO 217-G5

The macromorphology of various inoculations of DTO 217-G5 were compared to study the limitations of 
a phenotypic classification method for Aureobasidium species. The ITS barcode of isolate DTO 217-G5 
and all its inoculations were identical. Based on this data, the isolate was identified as A. melanogenum 
(Supplementary Data Fig. 1). The studied colonies of DTO 217-G5 (Fig. 2) were considered to be pure 
single strains since they were obtained as CFU’s after plating a serial diluted yeast-like cell suspension. 
After the first transfer of four of the CFU’s, which had different phenotypic characteristics on OA, to 
MEA P/S plates all colonies showed dark pigmentation and aerial hyphae in the margin and a more or 
less equal colony diameter (at 6 days of incubation). The colony texture, degree of pigmentation and 
mycelial production varied. The colonies after another three consecutive times of transfer and incubation 
showed more variation in their macromorphology. Although almost all examined cultures showed dark 
pigmentation, the degree varied widely and was even absent in one culture. Also the colony surface area 
and appearance varied. Some colonies produced aerial hyphae at the margin and the degree of hyphal 
production varied between isolates. Furthermore, the slimy appearance of the colonies which is described 
as cultural characteristic of A. melanogenum (Zalar et al. 2008), was also absent in some cultures. 

Identification of Aureobasidium isolates

The majority of all 222 sequenced Aureobasidium isolates could be unambiguously identified (Fig. 3). 
Aureobasidium proteae and Columnosphaeria fagi resided in a clade with A. pullulans (Fig. 3) and are 
considered as synonyms of A. pullulans. The majority of the strains clustered together with the type of 
A. melanogenum (CBS 105.22T). Eleven strains had similar sequences as the type of A. melanogenum; 
however, these strains couldn’t be confidentially resolved in the A. melanogenum clade (bootstrap values 
below 7 0%, Fig. 3). The sequence variation could be fully attributed to the RPB2 part of the concatenated 
sequences. These strains were therefore identified as Aureobasidium confer (cf.) melanogenum. Three 
clades with moderate bootstrap support (Fig. 3) did not contain any type or other reference strains and 
the isolates in these groups were tentatively named Aureobasidium sp. 1, sp. 2 and sp. 3. Sequences 
of strains named K. microsticta, K. harpospora, and K. zeae were excluded from the Aureobasidium 
phylogenetic overview. Kabatiella microsticta was represented by two strains that were placed in two far 
apart clades in the phylogenetic tree while none of these strains were classified as type strain. The latter 
two Kabatiella species were closer related to the outgroup than to the other Aureobasidium species.

Interestingly, 18 of the 222 Aureobasidium isolates had ambiguous nucleotide sites in their RPB2 
sequences. Eleven of these isolates were identified as A. melanogenum, one as A. pullulans and six as 
Aureobasidium sp. 1. The bootstrap values were above 70% (Supplementary Data Fig. 2).
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Aureobasidium species composition on stained wood surfaces
Isolates from the biofinish containing wood samples revealed that all six biofinishes contained A. 
melanogenum (Fig. 4). Other detected species were A. leucospermi, A. namibiae and A. pullulans. The 
isolates consisted of 42 Aureobasidium colonies that were selected after culturing biomass from biofinish 
containing wood. 81% of these isolates were identified as A. melanogenum.

Isolates from the 27 mould stained wood samples without biofinish, showed that 80% of these wood 
specimens contained A. melanogenum. In addition to this species, also A. cf. melanogenum, A. namibiae, 
A. pullulans, K. lini, and Aureobasidium sp. 1, sp. 2, and sp. 3 were detected on the mould stained wood 
samples without biofinish (Fig. 4). These isolates consisted of 110 Aureobasidium colonies that were 

Figure 2. Macromorphology of various inoculations of A. melanogenum strain DTO 217-G5; 1p-4p: first 
inoculation on MEA P/S of four single CFU’s, grown at 25 ˚C for 6 days; 1*-4*: inoculation of the same 
four single CFU’s on MEA P/S after four consecutive transfers,  grown at 25 ˚C for 7 days in triplicate.
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Figure 3. Maximum Likelihood tree of concatenated ITS and RPB2 sequences from outdoor 
Aureobasidium isolates and the classified reference strains. The bar indicates the number of 
substitutions per site. Abbreviations: T = ex-type strain, NT = ex-neotype strain, epiT = ex-epitype strain, 
isoT= ex-isotype strain
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selected after culturing biomass from the sample surfaces. 60% of these isolates were identified as A. 
melanogenum. 

Impact of different wood and (oil) treatments on the species composition
A. melanogenum was detected on 21 of the 25 wood samples of sets 4 and 6–9 after exposure at the five 
different sites. A. melanogenum was (one of) the most detected species for each substrate. Per substrate 
3 to 6 other species were found. The species were identified as A. leucospermi, A. namibiae, A. pullulans, 
A. cf. melanogenum, Aureobasidium sp. 1, Aureobasidium sp. 2, Aureobasidium sp. 3 or K. lini. These 
species were in most cases detected on one to two samples per substrate. 

Impact of exposure sites on the species occurrence
A. melanogenum was detected in the sample sets exposed outdoors in the Netherlands, Cameroon, 
South Africa, Australia and Norway (Fig. 5). Other Aureobasidium species were detected as well, but were 
not obtained from all locations (Fig. 5). This outcome could be influenced by the limited number of isolates 
analysed per location. For example, 13-25 isolates were obtained from samples exposed at sites outside 
the Netherlands (Table 5).

Samples exposed in Australia and South Africa contained the highest Aureobasidium species diversity 
(Fig. 5). In the Netherlands, only A. melanogenum and A. pullulans isolates were detected, despite the 
relatively high number of substrate types (9) and identified isolates (149). This indicates that the detectable 
species diversity of outdoor placed substrates is influenced by the location of the exposure site.
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Aureobasidium species composition on oil-treated wood in time
The isolates from the pine sapwood samples treated with raw linseed oil (sample sets 1–4) showed that 
the number of colonies identified as A. pullulans decreased over time and the number of colonies identified 
as A. melanogenum increased over time (Fig. 6). At 5 and 12 months of outdoor exposure of the samples, 
when mould staining on the wood surface was present, the majority of the corresponding analysed colonies 
were identified as A. melanogenum. This in contrast to the results of the analysed colonies isolated from 
the reference material glass and the pine sapwood samples that had a shorter exposure time. More than 
80% of a colony set retrieved from glass was identified as A. pullulans regardless the exposition time.

PCR, cloning and sequencing of biofinish DNA 

In order to analyse the Aureobasidium species composition of biofinishes on wood without a cultivation 
step, cloning libraries were generated of the DNA of six biofinishes. Each of the six cloning libraries 
contained clones with ITS DNA that belonged to several genera. In all libraries at least one sequence 
was identified as Aureobasidium by BLASTN on the NCBI database. Most of the sequences obtained 
from clones with Aureobasidium DNA clustered together in the phylogenetic trees with either the two A. 
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melanogenum or the A. pullulans reference strains (bootstrap values above 63%). A few Aureobasidium 
sequences (PRL.1.31, PRL.1.69, PRL3.16, PRL.3.19, PRL.3.70 and PO1.75) could not be identified on 
species level (Table 6), because they did not cluster with any of the known species. Further investigation 
revealed that these sequences contained parts of more than 100 nucleotides that differed largely from the 
reference strains. 

The cloning libraries of the biofinishes on the samples treated with raw linseed oil had more than 50% 
of all 62-69 clones per library identified as Aureobasidium. The predominant species of these cloning 
libraries was A. melanogenum (Table 6). The predominant species within the Aureobasidium DNA of 
biofinishes obtained from pine sapwood samples treated with olive oil remains unclear. Firstly the amount 
of clones identified as Aureobasidium per library was much lower, varying from 1-8 clones, and secondly 
one library showed the number of clones identified as A. pullulans to be equal to the ones identified as A. 
melanogenum (Table 6). 

Figure 6 
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Figure 6. Composition of Aureobasidium isolates obtained from outdoor exposed oil treated pine 
sapwood samples or glass sheets.

Table 6. Aureobasidium sequences of ITS-specific clones generated from biofinishes of sample set 5, 
identified to species level.
Biofinish Substrate Number of clones identified as Aureobasidium Predominant species

Total A. melanogenum A. pullulans Unidentified 
PRL.1

pine sapw. & 
raw linseed oil

35 33 2
A. melanogenumPRL.2 37 37

PRL.3 38 35 3
PO.1

pine sapw. & 
olive oil

9 7 1 1
unclearPO.2 1 1

PO.3 6 3 3
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DISCUSSION

Identification of Aureobasidium species

Morphology
Different phenotypic characteristics are described per Aureobasidium species (Zalar et al. 2008, 
Samson et al. 2010). The deviation of the general macromorphological characteristics of a strain within 
an Aureobasidium species can be explained by degeneration (Zalar et al 2008) or phenotypic plasticity 
(Slepecky & Starmer 2009). Morphological changes of fungal strains on culture media after serial transfers 
have also been observed for other fungal species, for example Aspergillus flavus (Horn & Dorner 2002) 
and Metarhizium anisopliae (Ryan et al. 2002). The results in this study of the culturing of strain DTO 
217-G5 showed, that phenotypic characteristics of various isolates of a single strain inoculated on the 
same media can differ widely. Although the original isolate DTO 217-G5 could accidently be a mixture of 
strains, the studied subcultures of DTO 217-G5 were likely to be pure single strains and they still showed 
phenotypic diversity. Regardless the phenotypic variation of these cultures, the ITS sequences were 
identical. This made the use of molecular techniques, instead of morphological characteristics, essential 
to identify the Aureobasidium isolates on species level.

Multi-locus DNA analysis
Several isolates had ambiguous nucleotide positions in their RPB2 sequence. The accidental presence of 
more than one strain in an examined isolate could explain these ambiguous nucleotide positions. In order 
to exclude the presence of multiple strains in a single isolate, biomass of an isolate was cultured in liquid 
media and after plating, separate colony forming units were used for PCR and sequencing; however, 
ambiguous nucleotide positions remained present in the sequences (unpublished data). Since RPB2 is 
regarded as a single-copy protein coding gene (Schmitt et al. 2009, Schoch et al. 2012), more tests are 
needed to study this phenomenon.

The reference data set for identification of Aureobasidium strains contained 16 different described 
taxa (Table 3) and 13 were shown in the Aureobasidium phylogenetic overview (Fig. 3). The distant 
relationship of K. harpospora (CBS 122914) to the Aureobasidium species and the placement of the 
K. microsticta strains (CBS 114.64 and CBS 342.66) in different phylogenetic clades is in concordance 
with Zalar et al. (2008) and Bills et al. (2012). The placement of Kabatiella zeae CBS 767.71 apart from 
the other Aureobasidium species can be supported by the outcome of a homology search of the ITS 
sequence of CBS 767.71 on GenBank: the best hit was Lecythophora sp. (KF624793.1).

Composition of Aureobasidium species

The composition of Aureobasidium species in a biofinish on wood can be studied with different techniques. 
However, no single technique is available that ensures the exact result (Nevalainen et al. 2015). It is well 
known that techniques that are based on culturing fungi have limitations that will influence the outcome of 
the fungal composition (Pitkäranta et al. 2008). For example: a) conidia might produce more colonies on 
an agar plate than the same amount of biomass represented by hyphae (Pitt & Hocking 2009), b) some 
fungi only grow on a specific culturing conditions (Samson et al. 2010, Pitt & Hocking 2009), c) some 
fungi are not culturable (Pitkäranta et al. 2011, Dei-Cas et al. 2006, Blackwell 2011) and d) some species 
are overgrown by other fungi in mixed samples (Samson et al. 2010). Culture independent techniques, 
such as targeted cloning and sequencing of DNA regions or next generation amplicon sequencing, have 
been used increasingly over the last years to study the composition of fungal communities, for example 
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in the area of soil ecology (Orgiazzy et al. 2013, Clemmensen et al. 2013), wood decay (Lindner et al. 
2011, Van der Wal et al. 2014) and human health (Ghannoum et al. 2010, Findley et al. 2013). Although 
culture independent techniques are the state of the art, they also have drawbacks. Each step of a DNA-
based method can introduce a bias. Examples are the differences in efficiency of DNA extraction per 
fungal species or morphologic structure (Saad et al. 2004, Fredricks et al. 2005) and the differences in 
efficiency of PCR amplification per species and primer set (Vainio & Hantula 2000, Bellemain et al. 2010). 
In the case of amplification of the ITS region, the species dependent number of copies of the targeted 
rDNA region per cell (Vilgalys & Gonzalez 1990, Simon & Weiß 2008, Lindner & Banik 2011) contributes 
to the different PCR amplification efficiencies. Another example of a bias is the absence of registration of 
taxa which are relatively scarcely present in a DNA mixture (Adams et al. 2013a, Prakitchaiwattana et al. 
2004). 

The origin of the fungal isolates, retrieved from the outdoor exposed specimens, is considered to be 
the concerned exposure site. The natural occurrence of Aureobasidium on outdoor exposed materials is 
well known and the distribution of Aureobasidium occurs by wind disturbance (Taylor et al. 2006), water 
drops (Hudson 1992, Madelin 1995) or insects (Zacchi & Vaughan-martini 2003, Pagnocca et al. 2008). 
Not only wood has been reported as outdoor substrate (Dix & Webster 1995, Schmidt 2006), but also other 
organic materials, such as leaves (Andrew et al. 2002, Woody et al. 2007), grapes (Prakitchaiwattana et 
al. 2004), as well as painted surfaces (Shirakawa 2002, Kelley et al. 2006), plastic (Reynolds 1950, Webb 
et al. 2000), glass (Gorbushina & Palinska 1999, Schabereiter-Gurtner et al. 2001) and stone (Urzì et al. 
2001, Ruibal 2005). It should be noted that several wood samples in this study were subjected to unsterile 
handling and packaging. 

Although analysis of bigger data sets and the use of other methods might generate a more complete 
view on the species compositions, the results obtained in this study indicated the predominance of A. 
melanogenum within the Aureobasidium population of biofinishes using a culture-based method. No 
deviation was observed among the different substrates of the long term exposed wood samples. The 
predominance of A. melanogenum in biofinishes on pine sapwood treated with raw linseed has been 
confirmed using a DNA-based method without a cultivation step. In order to confirm the indication that 
A. melanogenum is predominant within the Aureobasidium population of biofinishes generated on other 
substrates or at other exposition sites, more studies are needed. For example, the use of a next generation 
sequencing approach that allows sequencing of the whole ITS region (Chapter 4). Also the potential 
predominance of this species within the entire fungal population of biofinishes should be investigated 
further. Next to Aureobasidium other wood stain fungi, such as species of Cladosporium and Sydowia, 
are to be expected (Schmidt 2006, Viitanen & Ritschkoff 2011). 

The assets of A. melanogenum in biofinish formation

The finding of A. melanogenum as native of biofinishes on oil-treated wood is a first step in understanding 
and controlling biofinish formation. More research is recommended on the growth mechanisms of 
biofinishes. The deposition (natural inoculation), attachment, survival and reproduction of fungal fragments 
on the oil-treated wood surface are all development steps of biofinish growth outdoors.

The natural inoculation of the substrate will be influenced by the natural occurrence of certain species at 
a specific location. Although Aureobasidium has been detected in outdoor air with short-term air sampling 
(Larsen & Gravesen 1991, Beaumont et al. 1985, Spicer & Gangloff 2005, Pyrri & Kapsanaki-Gotsi 2007) 
and outdoor located sedimentation plates (Urzì et al. 2001, Adams et al. 2013b), the occurrence of some 
Aureobasidium species seem to depend on the specific outdoor location. Both A. melanogenum and A. 
pullulans are widely spread and might be globally present species. A. melanogenum isolates in this study 
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originated from five widespread locations and this species has been isolated outdoors by others in South 
Africa (CBS 131917, isolated by Van der Walt), Japan, Thailand and Norway (Zalar et al. 2008). Strains 
of A. pullulans originated from the Netherlands, South Africa, Australia and Norway (this study) and at 
least five other countries (Zalar et al. 2008). The absence of this species in the isolates originating from 
Cameroon could be explained by the relative low number of isolates (Fig. 5). In contrast, the widespread 
occurrence of various other Aureobasidium species is less likely, because the relative high number of 
isolates from the Netherlands only consisted of A. melanogenum and A. pullulans. 

The results in this study on short term exposed samples indicated that in the first weeks of outdoor 
exposure A. pullulans was more present than A. melanogenum on raw linseed oil-treated wood as well as 
on glass. This did not disturb the predominance of A. melanogenum in a later stage of the biofinish formation. 
Especially since the composition of Aureobasidium species in time seemed different on glass, the dominant 
influence of developments steps other than deposition, such as survival and reproduction, seems likely. 

Thus far no data has been found as to why A. melanogenum is predominant within the Aureobasidium 
population of biofinishes on oil-treated wood. It is currently unknown whether A. melanogenum is better 
in attachment, survival and/or reproduction on outdoor wood surfaces than other Aureobasidium species. 

With respect to attachment: the biosynthesis of pullulan, an extracellular polymeric substance 
(EPS) adhesive, is described for at least four Aureobasidium species (Gostinčar et al. 2014) and also 
the production of other EPS, such as β-glucan and acidic polysaccharides, by different Aureobasidium 
species is known (Leal-Serrano et al. 1980, Hamada & Tsujisaka 1983, Yurlova & de Hoog 1997, Lotrakul 
et al. 2013). 

Obviously, the production of melanin by Aureobasidium seems to be involved in its survival (Rättö et al. 
2001, Hernández 2012, Nosanchuk 2003, Ruan 2004, Paolo et al. 2006, Kogej et al. 2007). However, it is 
currently unknown whether A. melanogenum has an overall higher melanin content in comparison to the 
other species. Genetic evidence, based on the presence of the number of genes possibly related to melanin 
synthesis in an A. melanogenum strain (CBS 110374) and other full genome-sequenced Aureobasidium 
strains (Gostinčar et al. 2014) does not indicate obvious differences between the Aureobasidium species. 
Not only the amount, but also the type of melanin, that is produced by each species and the impact 
of different melanin types on specific stressors (e.g. UV, oxidizing agents) needs to be unravelled to 
understand the role of melanin. This requires an extensive investigation since many complicating factors 
are involved such as the difference in pigmentation of various isolates of a single A. melanogenum strain 
(Fig. 2), the existence of many other colours besides black in pigments resulting from melanin (Langfelder 
et al. 2003, Pal et al. 2014), the impact of exposure conditions on the amount of (unspecified) melanin 
produced by a single strain (Hernández & Evans 2015a, Hernández & Evans 2015b) and the inability of 
easy melanin quantification methods, such as spectrophotometric measurements, to determine the type 
of melanin (Pal et al. 2014). 

Next to survival, organisms need to multiply in order to support dark mould staining. Substrates are 
considered to play a role in this. One of the factors influenced by substrates is the availability of nutrients 
for fungal growth (Chapter 2). For example, Horvath et al. (1979) presumed that nutrients for A. pullulans 
formation on wood substrates are derived from the wood. Schoeman & Dickinson (1997) also concluded 
that this species uses nutrients derived from wood, in particularly the products of lignocellulosic photo 
degradation at weathered wood surfaces. However, one should keep in mind that these referred studies 
were performed before the recognition of A. pullulans and A. melanogenum as separate species. Next 
to the wood also additional materials such as oil in the case of biofinishes on oil-treated wood (Van 
Nieuwenhuijzen et al. 2013, Chapter 7) or the attracted organic matter such as pollen (Hudson 1992) might 
be used for growth of Aureobasidium. Possibly the nutrients on oil-treated wood are more favourable for 
A. melanogum than other Aureobasidium species. More research is needed to understand the impact of 
substrates on the biofinish population. 
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CONCLUSIONS

The culture-based study showed the common presence of Aureobasidium melanogenum in biofinishes 
that were naturally formed outdoors on oil-treated wood. This fungus was also commonly found on wood 
samples with non-biofinish mould staining. On most of the outdoor exposed wood samples that contained 
stained surfaces, A. melanogenum was isolated, regardless the type of (oil) treatment or wood species. 
A. melanogenum was detected on samples of all five widespread exposure sites. Other Aureobasidium 
species were detected on the wood samples as well, including several potentially new species in the case 
of the non-biofinish samples. The results indicated that the diversity of culturable Aureobasidium species 
depends on the geographical location of the exposure site. Larger data sets for these and other locations 
will be required to allow more defined conclusions. ITS-specific PCR, cloning and sequencing of biofinish 
DNA confirmed the predominance of A. melanogenum within the Aureobasidium population of biofinishes 
generated in the Netherlands on pine sapwood samples treated with raw linseed oil. To allow a detailed 
composition analysis of the entire fungal population of biofinishes, the use of data obtained with culturing, 
PCR cloning and a next generation sequencing approach is suggested for future works. 
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ABSTRACT

A culture-based survey of staining fungi on oil-treated timber after outdoor exposure in Australia and 
the Netherlands uncovered new taxa in Pezizomycotina. Their taxonomic novelty was confirmed by 
phylogenetic analyses of multi-locus sequences (ITS, nrSSU, nrLSU, mitSSU, RPB1, RPB2, and EF-1α) 
using multiple reference data sets. These previously unknown taxa are recognised as part of a new order 
(Superstratomycetales) potentially closely related to Trypetheliales (Dothideomycetes), and as a new 
species of Cyanodermella, C. oleoligni in Stictidaceae (Ostropales) part of the mostly lichenised class 
Lecanoromycetes. Within Superstratomycetales a single genus named Superstratomyces with three 
putative species: S. flavomucosus, S. atroviridis, and S. albomucosus are formally described. Monophyly 
of each circumscribed Superstratomyces species was highly supported and the intraspecific genetic 
variation was substantially lower than interspecific differences detected among species based on the 
ITS, nrLSU, and EF-α loci. Ribosomal loci for all members of Superstratomyces were noticeably different 
from all fungal sequences available in GenBank. All strains from this genus grow slowly in culture, have 
darkly pigmented mycelia and produce pycnidia. The strains of C. oleoligni form green colonies with slimy 
masses and develop green pycnidia on oatmeal agar. These new taxa could not be classified reliably at 
the class and lower taxonomic ranks by sequencing from the substrate directly or based solely on culture-
dependent morphological investigations. Coupling phenotypic observations with multi-locus sequencing 
of fungi isolated in culture enabled these taxonomic discoveries. Outdoor situated timber provides a great 
potential for culturable undescribed fungal taxa, including higher rank lineages as revealed by this study, 
and therefore, should be further explored.

TAXONIMIC NOVELTIES

New order: Superstratomycetales van Nieuwenhuijzen, Miadlikowska, Lutzoni & Samson; New 
family: Superstratomycetaceae van Nieuwenhuijzen, Miadlikowska, Lutzoni & Samson; New genus: 
Superstratomyces van Nieuwenhuijzen, Miadlikowska & Samson; New species: Cyanodermella oleoligni 
van Nieuwenhuijzen & Samson, Superstratomyces albomucosus van Nieuwenhuijzen & Samson, S. 
atroviridis van Nieuwenhuijzen & Samson, S. flavomucosus van Nieuwenhuijzen & Samson.
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INTRODUCTION

Microbial community composition can be an informative characteristic of an organism, substrate, or 
habitat. A distinction is made between desirable balanced microbial communities and unbalanced or 
disturbed communities, for example, in intestines (Roeselers et al. 2011, Gouba et al. 2013) and on skin 
(Findley et al. 2013, Lloyd-Price et al. 2016), as well as in tap water (Roeselers et al. 2015, Babič et al. 
2016), soils (Barot et al. 2007, Creamer et al. 2016) or on wood (Sailer et al. 2010, Purahong et al. 2016). 
In order to broaden the understanding, and improve applications, of beneficial microbial communities, it is 
essential that all taxa in these communities are identified. 

As part of a study on natural fungal-based wood finishes (biofinishes), fungal compositions on outdoor 
exposed wood samples were studied using a culture-based method. Fungi were sampled from untreated 
and oil-treated wood that contained dark fungal stains due to outdoor exposure. Several oil-treated wood 
samples had dense stained surfaces that met the desirable biofinish criteria of surface coverage and 
pigmentation (Chapter 2). DNA sequencing of the resulting fungal cultures showed that these biofinishes 
were composed of multiple genera, always containing the common wood staining fungus Aureobasidium 
(Chapter 4, Chapter 5). However, not all cultures, even if characterised with molecular data, could be 
identified taxonomically. 

Among the predominant cultured fungal colonies obtained from fungal stained wood surfaces, two 
types of coelomycetes remained unclassified (Chapter 4). One type involved isolates with darkly coloured 
pycnidia (referred here as the “dark” group) obtained from several oil-treated and untreated wood samples 
situated at an outdoor test site in the Netherlands. Isolates of the other type had green coloured pycnidia 
(referred here as the “green” group) and were obtained from a single oil-treated wood sample exposed to 
outdoor conditions at a selected site in Australia. Neither morphological nor molecular data for these two 
fungal groups matched currently known described species.

The aim of this study was to further investigate the phylogenetic affiliations and taxonomic identities 
of 26 pycnidia-producing fungi isolated from oil-treated wood exposed to outdoor conditions. We 
sequenced four ribosomal and three protein-coding loci of representative fungal strains and inferred their 
phylogenetic relationships using multiple data sets including kingdom-, subphylum-, class- and order-wide 
taxonomic contexts. Furthermore, we conducted a detailed morphological investigation of these fungal 
isolates. As a result, a new monogeneric order Superstratomycetales (Dothideomycetes) containing three 
newly proposed species, and a new species Cyanodermella oleoligni (Ostropales, Lecanoromycetes) are 
formally described here.

MATERIALS AND METHODS

Fungal-stained substrates

The substrates from which fungal isolates were obtained for this study consists of thirteen oil-treated wood 
samples that contained dark fungal stains due to outdoor exposure. The samples were prepared, exposed 
and handled as described in Chapter 2. Wood samples were impregnated with olive oil (Carbonel, iodine 
value 82 and 0,34% free fatty acids), raw linseed oil (Vereenigde Oliefabrieken, iodine value 183 and 0,81% 
free fatty acids), or stand linseed oil (Vliegenthart, viscosity P45). Fungi were sampled from the following 
oil-treated types of wood: pine (Pinus sylvestris L.) sapwood (sw), pine that mainly contained heartwood 
(hw), spruce (Picea abies) and ilomba (Pycnanthus angolensis). Information about the substrate (wood 
species and oil type used) and the geographical location of the outdoor exposure sites for each fungal 
isolate is provided in Table 1.
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Fungal isolation

Wood staining fungi were collected using the the swab sampling 
method as described in Chapter 2. After incubation on agar plates, 
the total number of colonies and the number of phenotypically 
predominant colonies were counted (Chapter 4). Twenty-
two colonies representing dark pycnidia producing fungi that 
originated from wood samples in the Netherlands (“dark” group) 
and four colonies representing green pycnidia producing fungi that 
originated from Australia (“green” group) were transferred to fresh 
malt extract agar (MEA) plates. These isolates were deposited 
in the CBS Culture Collection and/or in the working collection of 
the Applied and Industrial Department (DTO), both housed at the 
Westerdijk Fungal Biodiversity Institute, The Netherlands (Table 1). 

Molecular data acquisition

Isolates were grown on MEA plates, prepared according to 
Samson et al. (2010), for at least one week prior to DNA extraction. 
Genomic DNA was extracted from cultures using the Ultraclean 
Microbial DNA isolation kit (MoBio Laboratories, Carlsbad, CA, 
USA) according to the manufacturer’s instructions. The first DNA 
amplifications and sequencing were done on the following two loci: 
the two nuclear internal transcribed spacers and 5.8S rRNA gene 
(ITS) for each of the 26 fungal wood-stain isolates, and the nuclear 
ribosomal large subunit (nrLSU) for 23 isolates.  All ITS and nrLSU 
sequences of both types of pycnidia producing fungi (“dark” and 
“green” groups) were subjected to BLAST searches (Wheeler 
et al. 2007) using the NCBI database to confirm fungal origin of 
each sequence fragment and to reveal their putative taxonomy. 
Top hits based on both ‘maximum identity’ and ‘maximum query 
cover’ were recorded. Subsequently, ITS and nrLSU sequences 
were screened against the CBS-KNAW database. Based on this 
screening, strain CBS 353.84 was added to the 22 fungal isolates 
of the “dark” group, subjected to morphological examination, and 
DNA was extracted from a fresh culture (Table 1). Subsequently, 
the translation elongation factor 1 alpha (EF-1α) was obtained for 
all strains of the “dark” group.  The nuclear ribosomal small subunit 
(nrSSU), the mitochondrial ribosomal small subunit (mitSSU), 
and two additional protein-coding genes, namely the largest and 
second largest subunits of RNA polymerase II (RPB1 and RPB2, 
respectively), were obtained for five strains (Table 1). Each of the 
selected strains represented either a group of isolates with identical 
ITS sequences (“green” group) or one of the resulting clades of the 
ITS single-locus phylogenetic analysis (“dark” group). 

Primers and PCR conditions used for the amplification and the 
resulting amplicon lengths are provided in Table S1. PCR reactions 
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were performed as described in Chapter 2, including 0.50 μL of each (forward/reverse) primer (10 μM) 
and 0.1 μL Taq polymerase per 25 μL reaction mixture. PCR-products were sequenced with the BigDye 
Terminator v. 3.1 Cycle Sequencing Kit (Applied Biosystems, USA) and the same primer sets as used 
for PCR amplification. Sequence products were analysed on an ABI PRISM 3730XL genetic analyser 
(Applied Biosystems, USA) and Seqman Pro v. 9.0.4 (DNAstar Inc.) was used to assemble bio-directional 
traces into sequence contigs.
 
Reference data sets and multi-locus phylogenetic analyses

To determine the phylogenetic affiliation and taxonomic identities of the two unknown fungal groups based 
on multi-locus sequences, we assembled seven different data sets. Phylogenies were inferred based on 
Maximum Likelihood (ML) using RAxML-HPC2 version 7.2.8 (Stamatakis 2006, Stamatakis et al. 2008) 
as implemented on the CIPRES portal (Miller et al. 2010). Optimal tree and bootstrap searches were 
conducted with the rapid hill-climbing algorithm for 1000 replicates with GTRGAMMA substitution model 
(Rodríguez et al. 1990). Five data sets were used to infer the phylogenetic placement of the “dark” group 
and three data sets were used for the “green” group (Table 2). Sequences of the unknown fungi were added 
to each reference data set and aligned manually with MacClade 4.08 (Maddison & Maddison 2005) using 
the “Nucleotide with AA color” option for guiding all alignments for protein-coding genes. Ambiguously 
aligned regions (Lutzoni et al. 2000) of the alignments were re-adjusted manually and excluded from 
subsequent phylogenetic analyses. Partition subsets for the RAxML searches and rooting of the resulting 
phylogenies were in accordance to the original studies that generated the reference data matrices (James 
et al. 2006 - Analysis 1; Carbone et al. 2016 - Analysis 2; Nelsen et al. 2014 and Ertz et al. (2015) - 
Analysis 5; Miadlikowska et al. 2014 - Analysis 6; Resl et al. 2015 - Analysis 7), except for Analyses 3 and 
4, which were based on a newly assembled data set by restricting the Pezizomycotina (Carbone et al. 
2016) taxon sampling to Arthoniomycetes + Dothideomycetes only. For these two analyses, two members 
of Geoglossomycetes were used to root the trees. The data set for Analysis 3 was partitioned into seven 
subsets corresponding to each non-protein coding locus and each coding position, whereas for Analysis 
4 the data set was partitioned into nine subsets (5.8S+nrLSU; mitSSU; nrSSU; 1st position RPB1, RPB2; 
2nd position RPB1, RPB2; 3rd position RPB1, RPB2; 1st position EF-1α; 2nd position EF-1α; and 3rd position 
EF-1α).  Data partitions were estimated with PartitionFinder (greedy algorithm to explore all the nucleotide 
substitution models under the BIC selection criterion; Lanfear et al. 2012). 

To infer the general phylogenetic placement (at the class level) of the two unknown pycnidia producing 
groups within the fungal kingdom, and to delineate the phylogenetic context for the next round of 
phylogenetic analyses, we added multi-locus sequences of five unknown strains to a data set which 
has been used to infer the phylogeny of the kingdom Fungi (Analysis 1). Based on these results, the 
subsequent data sets were restricted to Pezizomycotina (Analysis 2), “Dothideomyceta”: Dothideomycetes 
and Arthoniomycetes (Analyses 3), “Dothideomyceta” with additional Trypetheliales data (Analysis 4) and 
Trypetheliales (Analysis 5) for the phylogenetic placement of the “dark” group, and to Lecanoromycetes 
(Analysis 6) and Ostropomycetidae (Analysis 7) for the placement of the “green” group. 

Analysis 1: The multi-locus sequences of four strains from the “dark” group (CBS 353.84, CBS 140270, CBS 
140271 and CBS 140272) and one strain from the “green” group (CBS 140290) were added to the James et 
al. (2006) data set containing six gene regions (three nuclear ribosomal loci:  nrLSU, nrSSU, and 5.8S, and 
three protein-coding genes: EF-1α, RPB1 and RPB2). The maximum likelihood analyses were performed 
on 8482 characters for 219 taxa (Table 2). Analysis 2: Sequences of the four representatives from the 
“dark” group were added to the six-locus supermatrix (5.8S, nrLSU, nrSSU, mitSSU, RPB1, RPB2) used to 
generate the most comprehensive phylogeny for Pezizomycotina (986 taxa) as part of the online T-BAS tool 
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(http://tbas.hpc.ncsu.edu; Carbone et al. 2016). We also completed analyses on the same data set but our 
fungal strains were represented by the ribosomal (Analysis 2A; 5.8S, nrLSU, and nrSSU) or protein-coding 
loci (Analysis 2B; RPB1, RPB2, and EF-1α) only. Analysis 3: Based on the placement of the unknown 
isolates resulting from Analyses 1 and 2 (inside of Dothideomycetes, sister to Trypetheliales), we restricted 
this data set to Dothideomycetes + Arthoniomycetes using the T-BAS function for downloading alignments of 
selected clades (http://tbas.hpc.ncsu.edu; Carbone et al. 2016). We supplemented the six-locus supermatrix 
by sequences of another protein-coding locus, EF-1α available in GenBank (70 sequences; Schoch & Grube 
2015) and completed a maximum likelihood analysis on 7072 unambiguously aligned characters for 236 
taxa. Analysis 4: For this set of analyses, we extended the seven-locus data set (5.8S, nrLSU, nrSSU, 
mitSSU, RPB1, RPB2, EF-1α) used in Analysis 3 by adding more members of Trypetheliales (24 taxa; 
Nelsen et al. 2009, 2011) for a total of 260 taxa (7072 characters) to better infer the placement of the four 
fungal strains from the “dark” group within the Dothideomycetes. Analysis 5: To infer, more specifically, the 
phylogenetic placement of the unknown “dark” group fungi with regard to Trypetheliales, we used the two-
locus (nrLSU and mitSSU) data set for the family Trypetheliaceae from Nelsen et al. (2014) supplemented by 
nrLSU sequences of six representatives from the recently described family Polycoccaceae (Ertz et al. 2015), 
for a total of 95 taxa and 1011 characters. Analysis 6: Based on the placement of the single representative 
from the “green” group resulting from Analysis 1, we used the Lecanoromycetes data set generated by 
Miadlikowska et al. (2014) and added the same representative for a total of 1319 taxa (7433 characters). 
Analysis 7: Phylogenetic analyses for the “green” group was performed with the most recent data set (ITS, 
nrLSU, nrSSU, mitSSU, MCM7, RPB1, RPB2, EF-1α) available for Ostropomycetidae (Resl et al. 2015) 
and the addition of Cyanodermella viridula for a total of 207 taxa and 6665 included characters (Table 2). 
Selected multi-locus matrices and the resulted RAxML trees are available in TreeBASE (http://purl.org/phylo/
treebase/phylows /study/TB2:S20205).

Single-locus phylogenetic analyses

To delimit species (and to identify clades for which we obtained additional genes for selected representatives; 
Table 2) within the “dark” group, we followed the phylogenetic species concept relying on the monophyly 
criterion and the pattern of congruence among single-locus phylogenies. We assembled and completed 
ML analyses (as described above) on single-locus data sets of 23 strains: for the ITS (702 sites, one indel 
excluded), nrLSU (759 sites), and EF-1α (960 sites). Strain CBS 353.84 was used to root the trees based 
on the phylogenetic relationships among strains inferred with Analyses 1-4 (Table 2). Pairwise distances 
among 23 strains representing the “dark” pycnidia- containing fungal clade were calculated with PAUP 
4.0a147 (Swofford 2003).

Morphological data

To characterise phenotypically the newly delimited taxa, the isolates of the “green” and the “dark” group 
were subjected to morphological observations. Strains were inoculated in a three point positions onto 
MEA, potato dextrose agar (PDA), oatmeal agar (OA) and synthetic nutrient-poor agar (SNA) plates. In 
addition, the strains of the “dark” group were inoculated on a sterilised nettle stem embedded in OA. All 
agar media were prepared as described by Samson et al. (2010). Strains were grown in dual sets and 
incubated at 25°C. Isolates representing the “green” group were studied after seven days of incubation 
and the “dark” group strains were studied after two and five weeks of incubation. Culture images were 
captured with a Canon 400D digital camera and a Nikon SMZ25 stereomicroscope. Colony diameters, 
colony colours and other macroscopic features were recorded. Microscopic characteristics of cultures on 
OA were studied with an Axio Imager A2 light microscope. 
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RESULTS

Taxonomic identity of fungal isolates based on BLAST 

The results of BLAST searches against GenBank data using ITS and nrLSU sequences were highly 
inconclusive and varied considerably even at the class level. The top matches, depending on the locus, 
length of the entry sequence and sorting option of the GenBank hits, indicated that the newly sequenced 
strains represent two taxonomically different groups of fungi: the top hits for the “dark” group were mostly 
Dothideomycetes or Sordariomycetes (based on 22 isolates), whereas for the “green” group top hits 
represented Lecanoromycetes or Leotiomycetes (based on four isolates) (Table S2). Overall, the top 
BLAST matches, regardless of the locus, had relatively low maximum identity scores (≤ 85% and 92% 
for the “dark” and “green” groups, respectively) and most query coverages were low as well (≤ 91% and 
94% for each group), except for the largest fragment of the nrLSU for the “green” isolate (100%). The 
sequences of the “dark” fungi could represent Dothideomycetes based on top matches ranked by maximal 
identity score of ITS (top hit: Valsaria neotropica), nrLSU long fragment (LR0R-LR7 sequence top hits: 
Vermiconia calcicola and Preussia minima), and nrLSU short fragment (top hit LR0R-LR5: Cystocoleus 
ebeneus). However, some top BLAST matches with the higher query cover showed affiliation with other 
fungal classes, Leotiomycetes and Sordariomycetes (Table S2). The “green” isolates matched mostly the 
class Lecanoromycetes, subclass Ostropomycetidae when using ITS sequences (top hit Stictis radiata) or 
Umbilicariomycetidae when using nrLSU sequences (top hit Umbilicaria torrefacta). Only the top hit of the 
ITS based on maximum identity showed an affiliation with another class, Leotiomycetes (Leptodontidium 
elatius, Table S2). 

After screening the ITS and nrLSU sequences from the CBS database, one strain (CBS 353.84) had a 
high LSU sequence similarity (more than 97%) to isolates from the “dark” group. This strain was isolated 
from a leaf of Hakea multilinearis in Australia by W. Gams in 1984, however, it lacked a proper taxonomic 
name. The strain was included in the subsequent phylogenetic analyses and morphological examinations 
of the “dark” group (Table 1). 

Because all four ITS sequences from the “green” group were identical, a single strain (CBS 140290) 
was selected to represent this group in all multi-locus phylogenies. The ITS sequences from the “dark” 
group were more variable. They contained ten different sequences in total. The ML phylogeny based on 
ITS showed at least four clades (Fig. 2) and strains CBS 353.84, CBS 140272, CBS 140271, and CBS 
140270 were selected to represent these clades in the multi-locus phylogenies.

Figure 1. (Pages 118 and 119) ML phylogeny based on a seven-locus data set (5.8S, nrSSU, nrLSU, 
mitSSU, RPB1, RPB2, and EF-1α) for 236 taxa representing “Dothideomyceta” (Analysis 3, Table 
2): Arthoniomycetes (21 taxa) and Dothideomycetes (209 taxa) including four strains from the “dark” 
group, and two representatives of Geoglossomycetes (used to root the tree). Families and higher taxa 
in Arthoniomycetes were delimited following Ertz et al. (2014) and in Dothideomycetes according to 
Wijayawardene et al. (2014). Because of incomplete taxon sampling for Pleosporales, many families 
are underrepresented and not monophyletic and, consequently, are not annotated. Bootstrap support 
values above 70% (with the exception for Dothideomycetes and Dothideomycetidae; BS = 68% and 
65%, respectively) are shown for each internode. Taxon selection and alignments (except for EF-1α 
locus; Schoch & Grube 2015) were assembled using T-BAS (Carbone et al. 2016). Arrow indicates the 
placement of “dark” group strains as a separate monophyletic lineage (BS = 100%; a putative new order) 
sister to Trypetheliales (BS = 86%). 



Chapter 6

118

Trichoglossum hirsutum
Geoglossum nigritum

Chrysothrix caesia
Phaeococcomycetaceae sp. TRN529 

Phaeococcomycetaceae sp. TRN456  
Phaeococcomycetaceae sp. TRN452 

Simonyella variegata
Alyxoria varia

Opegrapha dolomitica
Combea mollusca

Roccellographa cretacea
Schismatomma pericleum

Lecanactis abietina
Roccellina hypomecha

Dendrographa decolorans
Dendrographa leucophaea

Chiodecton natalense
Syncesia farinacea

Roccella fuciformis
Roccella montagnei

Roccella boergesenii
Roccella canariensis
Roccella tuberculata

CBS 353.84
CBS 140272

CBS 40271
CBS 140270

Trypethelium virens
Laurera megasperma

Trypethelium nitidiusculum
Astrothelium cinnamomeum

Dothideomycetes sp. AN13 
Phaeotrichum benjaminii

Trichodelitschia munkii
Caproventuria hanliniana

Tyrannosorus pinicola
Cryomyces antarcticus

Aff. Cryomyces sp. CCFEE 5476
Strangospora pinicola

Dothideomycetes sp. CCFEE 5416
Dothideomycetes sp. CCFEE 5460
Saxomyces alpinus

Dothideomycetes sp. TRN235 
Myriangium duriaei
Elsinoe veneta

Elsinoe centrolobi
Elsinoe phaseoli

Dothideomycetes sp. TRN11 
Aureobasidium pullulans
Delphinella strobiligena

Sydowia polyspora
Dothiora cannabinae

Dothidea ribesia
Dothidea hippophaes

Stylodothis puccinioides
Dothidea insculpta
Dothidea sambuci

Cladosporium cladosporioides
Cladosporium herbarum

Cladosporiaceae sp. AN1 
Cladosporium sphaerospermum

Cladosporiaceae sp. CCFEE 5211 
Dothideomycetes sp. TRN43  

Cladosporiaceae sp. CCFEE 5456
Dothideomycetes sp. TRN42 

Dothideomycetes sp. TRN44 
Cladosporiaceae sp. CCFEE 5388

Scorias spongiosa
Capnodium coffeae
Microxyphium citri
Dothideomycetes sp. TRN87  

Arthrocatena tenebrio
Dothideomycetes sp. TRN437

Capnodiales sp. CCFEE 5410
Dothideomycetes sp. TRN129 

Dothideomycetes sp. TRN122 
Piedraia hortae

Teratosphaeria readeriellophora
Teratosphaeriaceae sp. CCFEE 5501

Teratosphaeriaceae sp. CCFEE 5457
Dothideomycetes sp. TRN279 

Catenulostroma abietis
Dothideomycetes sp. TRN123

Devriesia thermodurans
Teratosphaeriaceae sp. CCFEE 502

Teratosphaeriaceae sp. CCFEE 5401
Dothideomycetes sp. TRN245

Dothideomycetes sp. TRN79 
Teratosphaeriaceae sp. CCFEE 5499
Elasticomyces elasticus

Friedmanniomyces endolithicus
Dothideomycetes sp. TRN211 

Dothideomycetes sp. TRN5 
Dothideomycetes sp. TRN267 

Cercospora beticola
Pseudocercospora fijiensis

Zymoseptoria tritici
Ramularia endophylla

Mucomycosphaerella eurypotami
Neodevriesia strelitziae

Tripospermum myrti
Dothideomycetes sp. TRN142 

Dothideomycetes sp. TRN152 
Dothideomycetes sp. TRN153 

Capnodiales sp. A73 
Dothideomycetes sp. TRN124 
Capnodiales sp. CCFEE 5459
Capnodiales sp. CCFEE 5502

Dothideomycetes sp. TRN77 
Dothideomycetes sp. TRN138 

Dothideomycetes sp. TRN62 
Dothideomycetes sp. TRN111 
Dothideomycetes sp. TRN66 

Dothideomycetes sp. TRN137 
Dothideomycetes sp. TRN80 

Capnodiales sp. CCFEE 5389
Extremus antarcticus
Capnodiales sp. CCFEE 5205

Geoglossomycetes (Outgroup)

100
100

100

100
100

100

100

100 100
77

97
100
99

100

100

100

9665

89
99

97

100
99 100

100

100

71

100

100
99

100

95

78

99

100
100

99

96

78

76

100

100

100
100

95

98
76

100

100

100
73

100
100

100
100

98

98

87 92

100

68

100

100
100

100
100

100

86

100

100
100

A
R

TH
O

N
IO

M
YC

ET
ES

100

Trypetheliaceae/TRYPETHELIALES

Venturiaceae/VENTURIALES
Phaeotrichaceae/PHAEOTRICHALES

Elsinoaceae
Myriangiaceae MYRIANGIALES

DOTHIDEALES

Cladosporiaceae

Capnodiaceae

Teratosphaeriaceae
incl. Piedraiaceae

Mycosphaerellaceae

D
ot

hi
de

om
yc

et
id

ae

C
A

P
N

O
D

IA
LE

S

ORDER NOVUM

D
O

TH
ID

EO
M

YC
ET

ES
Phaeococcomycetaceae/LICHENOSTIGMATALES

Chrysothrichaceae/ARTHONIALES

ARTHONIALES

Dothideaceae

Aureobasidiaceae

Neodevriesiaceae

Extremaceae

Figure 1.  



Wood staining fungi revealed taxonomic novelties 

119

6

Hysteropatella elliptica
Hysteropatella clavispora

Hysterium pulicare 
Kirschsteiniothelia aethiops   1
Kirschsteiniothelia aethiops

Tubeufia cerea
Tubeufia helicomyces
Helicomyces roseus

Phyllosticta ampelicida
Phyllosticta capitalensis
Phyllosticta philoprina

Phyllosticta elongata
Phyllosticta gaultheriae

Macrophomina phaseolina
Botryosphaeria dothidea

Lasiodiplodia theobromae
Diplodia mutila

Diplodia tsugae
Neofusicoccum ribis
Neofusicoccum kwambonambiense

Spencermartinsia viticola
Otthia spiraeae
Dothiorella sarmentorum

Dothideomycetes  sp. A6  
Abrothallus cladoniae
Abrothallus secedens

Abrothallus  sp. 2
Abrothallus  sp. 1

Abrothallus suecicus
Abrothallus usneae

Abrothallus acetabuli
Abrothallus hypotrachynae
Abrothallus buellianus
Abrothallus parmotrematis
Abrothallus parmeliarum

Farlowiella carmichaeliana
Manglicola guatemalensis

Aliquandostipite khaoyaiensis
Jahnula aquatica

Jahnula granulosa
Jahnula bipolaris

Jahnula appendiculata
Jahnula bipileata

Jahnula sangamonensis
Mytilinidion andinense

Mytilinidion mytilinellum
Lophium mytilinum

Mytilinidion scolecosporum
Mytilinidion rhenanum
Mytilinidion resinicola

Glonium circumserpens
Oedohysterium insidens

Oedohysterium sinense
Gloniopsis praelonga
Rhytidhysteron rufulum
Gloniopsis subrugosa

Hysterobrevium smilacis
Ostreichnion sassafras
Hysterium angustatum

Psiloglonium clavisporum
Psiloglonium simulans

Psiloglonium araucanum
Delitschia winteri
Massariosphaeria typhicola

Lepidosphaeria nicotiae
Didymosphaeria enalia

Ulospora bilgramii
Massariosphaeria roumeguerei

Arthopyrenia salicis
Sirodesmium olivaceum

Massariosphaeria grandispora
Lophiostoma arundinis

Trematosphaeria heterospora 
Lophiostoma crenatum

Melanomma radicans
Massariosphaeria triseptata

Preussia terricola
Preussia minima

Westerdykella cylindrica
Herpotrichia diffusa  

Pleomassaria siparia
Trematosphaeria pertusa

Herpotrichia juniperi
Byssothecium circinans

Splanchnonema platani
Wettsteinina lacustris

Montagnula opulenta
Phaeodothis winteri

Bimuria novae-zelandiae
Phoma herbarum
Didymella rabiei

Didymella pisi
Ophiosphaerella herpotricha

Pleosporales sp.
Sclerostagonospora opuntiae

Parastagonospora nodorum
Phaeosphaeria eustoma
Parastagonospora avenae

Leptosphaeria maculans
Cucurbitaria elongata

Coniothyrium palmarum
Coniothyrium cereale

Pyrenochaeta cava
Pyrenochaeta nobilis

Pleospora halimiones
Pleospora herbarum
Paradendryphiella arenariae

Curvularia geniculata
Curvularia brachyspora
Bipolaris sorokiniana

Bipolaris maydis
Pyrenophora phaeocomes

Drechslera erythrospila
Pyrenophora triticirepentis

Alternaria eureka
Alternaria alternata

Alternaria tenuissima
Alternaria sp.0.1 length units

80

100

100

100
100

70
99

99

100

100

100

10010073

82

100

9972100

100
100

92

78
100

99
93

100

94

75

100
100
100

98

100

100
96

97

100

100
79

99 79
100

90

75

71

100

100
100

89
86

77

99

94

88
99

100
100

100

88

78

87

73

84

94

83

100

92

78

78

70

97
87

Tubeufiaceae/TUBEUFIALES

Phyllostictaceae

Botryosphaeriaceae
BOTRYOSPHAERIALES

Abrothallaceae/ABROTHALLALES

Manglicolaceae

Aliquandostipitaceae

JA
H

N
U

LA
LE

S

100

100

Mytilinidiaceae

Pl
eo

sp
or

om
yc

et
id

ae

Gloniaceae

Hysteriaceae/HYSTERIALES

P
LE

O
S

P
O

R
A

LE
S

Pl
eo

sp
or

in
aeRAxML phylogeny;

Arthoniomycetes
and Dothideomycetes;

236 taxa; 7-locus matrix; 
     7072 sites

Kirschsteniotheliaceae
Patellariaceae/PATELLARIALES

MYTILINDIALES

Figure 1. (Continued).



Chapter 6

120

Phylogenetic placement of the “dark” group of isolates within Dothideomycetes

The four strains representing the “dark” group formed monophyletic clades in all reconstructed multi-
locus phylogenies (bootstrap support [BS] of 100%; Fig. 1, S1–S4). Based on the phylogenetic analysis 
of the James et al. (2006) data set that covered the fungal kingdom (Analysis 1; Fig. S1, Table 2), the 
“dark” group lineage was found sister to Trypethelium sp., a member of the family Trypetheliaceae in the 
order Trypetheliales (taxa from the family Polycoccaceae were not included in the multi-locus analyses 
1–4 because only the nrLSU sequences were available in GenBank; Ertz et al. 2015). Although, this 
relationship, as well as the monophyly of the entire class Dothideomycetes where Trypetheliales are 
currently classified (e.g., Spatafora et al. 2006, Nelsen et al. 2009, 2011, Schoch et al. 2009a), received 
a low bootstrap support (of 39% and 64%, respectively), “Dothideomyceta” (a clade encompassing 
Arthoniomycetes and Dothideomycetes; Schoch et al. 2009b, Nelsen et al. 2009) was highly supported 
(80%) in this phylogeny. Overall, the phylogenetic relationships and their stability in this tree are congruent 
with the phylogeny from James et al. (2006).  

For the subsequent phylogenetic analysis, we restricted the reference taxa to Pezizomycotina utilizing 
the most taxon-, and locus-comprehensive data set available (Analysis 2, 986 taxa; Carbone et al. 2016). 
Based on this multi-locus analysis, the sister relationship of the “dark” group lineage with Trypetheliaceae 
(represented by five genera) was also recovered, but similar to the results from Analysis 1, with very low 
support (BS = 37%). Both relationships, the monophyly of Dothideomycetes and its close affiliation with 
Arthoniomycetes, were poorly supported as well (Fig. S2, Table 2). 

Because the ribosomal genes from the “dark” group were very different from fungal sequences available 
in GenBank, we performed additional analyses on the Pezizomycotina data set where isolates from the 
“dark” group lineage were represented exclusively by the ribosomal (Analysis 2A) versus the protein 
coding loci (Analysis 2B). Only the latter analysis showed an increased support (BS 40%) compared to 
analysis 2, but still remained below 70%. In all three analyses, the phylogenetic relationships of known 
taxa and their stability within Pezizomycotina were generally in agreement with published phylogenies 
(e.g., Schoch et al. 2009b, Carbone et al. 2016). 

Because the subphylum-wide context (Pezizomycotina) of this data set resulted in numerous and often 
large ambiguously aligned regions that had to be excluded from the phylogenetic analyses, we limited the 
taxon sampling to “Dothideomyceta” in order to increase the phylogenetic resolution and tree robustness 
for Analyses 3 and 4 (Tables 2 and Table S3). The phylogeny resulting from Analysis 3 confirmed for the 
first time the sister relationship of the “dark” fungal lineage to Trypetheliaceae with high confidence (BS = 
86%; Fig. 1, Table 2). Because in Analyses 2 and 3, the order Trypetheliales was represented by a few taxa 
only (five and four, respectively; Fig. S2 and 1), in Analysis 4 we increased the number of individuals to 
28 from twelve genera (Fig. S3, Table 2, Table S3). Although the sister relationship of the unknown fungal 
lineage with Trypetheliaceae was recovered, bootstrap support went down from 86% (Fig. 1) to 49% 
(Fig. S3, Table 2). Clades representing Dothideomycetes received bootstrap support above 70%, and the 
relationships among orders and families within both classes were in agreement with previous phylogenies 
(e.g., Schoch et al. 2009b). While the phylogenetic placement of Trypetheliales within Dothideomycetes 
remains unsettled (e.g., Schoch et al. 2009a, Nelsen et al. 2009, and this study), the order Trypetheliales 
was often recovered as one of the earliest evolutionary splits in the class Dothideomycetes, but always 
with low support. To better infer the phylogenetic placement of the “dark” fungal lineage in relation to 
Trypetheliales (i.e., outside versus nested within the order) we used a two-locus (nrLSU and mitSSU) data 
set (Nelsen et al. 2014) encompassing 79 members from Trypetheliaceae and six from Polycoccaceae 
(Analysis 5). The resulting phylogeny demonstrated that the unknown fungal lineage was placed outside 
of the order (its monophyly as well as the monophyly of each family was highly supported; >70%), and 
therefore recognized as sister to Trypetheliales (Fig. S4, Table 2). Delimitations of the putative genera 
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and informal groups, and their relationships in Trypetheliaceae and Polycoccaceae are in agreement with 
Ertz et al. (2015) and Nelsen et al. (2014), however, bootstrap support for many internodes went down 
compared to their phylogenies, most likely because we excluded broader ambiguously aligned regions. 

Species delimitation within the unknown lineage of Dothideomycetes 

All multi-locus phylogenies suggested the presence of multiple species in the “dark” group of fungi, which 
were phylogenetically placed in Dothideomycetes. Within this unknown lineage of Dothideomycetes, the 
sister relationship between strains CBS 140271 and CBS 140270, and their close affiliation with strain CBS 
140272 was recovered in all (Fig. 1, S1–S3) but one phylogeny (Fig. S4 shows the alternative arrangement 
involving sister relationship of the latter strain with CBS 353.84 based on two ribosomal loci, nrLSU and 
mitSSU with BS = 75%). Using the relationships among strains in the multi-locus phylogenies, we chose 
CBS 353.84 (the only non-wood isolate) to root single-locus (ITS, nrLSU, and EF-1α) phylogenies inferred 
for 22 strains for which these three markers were sequenced (Fig. 2, Table 1). In all phylogenies the wood 
isolates were clustered in two highly supported (BS = 100%) groups. We considered strain CBS 353.84 as 
putative species 1, while the two main clades were recognised as putative species 2 and 3. The ITS and 
EF-1α provided more phylogenetic structure than nrLSU within species 3, which was also represented by 
the greatest number of isolates (19 strains versus three in species 2, and one in species 1) and may include 
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Figure 2. Single-locus ML phylogenies based on the ITS (701 characters), nrLSU (759 characters), and 
EF-1α (960 characters) for 23 dark pycnidia-forming fungal strains (indicated by CBS culture numbers) 
strongly supporting the monophyletic delimitation of clades recognized as putative species (sp. 2 and 
sp. 3) within the newly discovered order of Dothideomycetes (Fig. 1). The third putative species (sp. 1) 
represented by strain CBS 353.84 was used to root each tree based on the multi-locus phylogenies (Fig. 
1, S2 and S3). Bootstrap support values ≥ 70% are shown above internodes. The branch length units 
represent the number of substitutions per site. 
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additional putative taxa. The recognition of three potential species, as shown in Fig. 2, is corroborated by 
the higher genetic distance observed among them in comparison to genetic variation found within each 
species (Table S4). The EF-1α sequence for CBS 140344 was very different from the remaining individuals 
in species 3 (differ by 15 nucleotides) and might represent another taxon. However, multiple copies of EF-
1αα in fungi have incidentally been reported (James et al. 2006, Henk & Fisher 2012, Ekanayake et al. 2013) 
since the first evaluation of this gene as a phylogenetic marker in eukaryotes (Roger et al. 1999). 

Phylogenetic placement of the “green” group of isolates within Ostropales 

Based on the phylogeny spanning the fungal kingdom (James et al. 2006), the selected representative 
strain of the “green” group was placed within the order Ostropales (BS = 80%), subclass Ostropomycetidae 
in the mostly lichenised class Lecanoromycetes (Fig. S1, Table 2). Analysis 6 on the data set restricted 
to Lecanoromycetes (Miadlikowska et al. 2014) confirmed the affiliation of these fungi with Ostropales, 
although with low bootstrap support (Fig. S5).  More specifically, it showed a sister relationship with 
Cyanodermella viridula (BS = 100%; Fig. S5), a member of the family Stictidaceae (Eriksson 1981). The 
large scale Ostropomycetidae data set for eight loci from the study by Resl et al. (2015) used in Analysis 
7, enabled us to confirm the placement of the “green” group within Ostropales (BS = 76%) (Fig. 3). 
However, the family Stictidaceae, including the highly supported clade containing Cyanodermella viridula 
and the unknown fungal lineage, was poorly supported (below 50%). Ambiguously aligned regions in our 
reassembled alignments were more broadly delimited, and therefore more characters were excluded, 
compared to Resl et al. (2015), especially from the ITS1 and ITS2 regions (6665 sites were included in 
our phylogenetic study versus 8978 sites in Resl et al. 2015). Nevertheless, the overall delimitation of 
taxa and their relationships (with a few exceptions above the order level, but not well supported), as well 
as branch robustness, remained at a similar level (37 internodes supported above 70%). We observed 
a decrease in bootstrap values (below 70%) for eleven nodes, but also an increase in support for two 
internodes in Ostropales (Fig. 3) in comparison to the phylogeny from Resl et al. (2015).

Taxonomy of the newly discovered taxa

Superstratomycetales van Nieuwenhuijzen, Miadlikowska, Lutzoni & Samson, ord. nov. 
MycoBank MB819160.
Etymology: From Latin “super” = above / on the top, and “stratum” = layer of material and from Greek 
“myces” = organisms, referring to fungal stains forming a top layer or covering the surface of a material. 

Diagnosis: Phylogenetically placed in the class Dothideomycetes and potentially affiliated with 
Trypetheliales, but outside all currently recognised orders of fungi (James et al. 2006, Carbone et al. 
2016; Schoch & Grube 2015). 

Type genus: Superstratomyces van Nieuwenhuijzen, Miadlikowska & Samson

Includes a single family Superstratomycetaceae and a single genus Superstratomyces. 

Superstratomycetaceae van Nieuwenhuijzen, Miadlikowska, Lutzoni & Samson, fam. nov. MycoBank 
MB819161.
Type genus: Superstratomyces van Nieuwenhuijzen, Miadlikowska & Samson

Diagnosis: Same as the order Superstratomycetales (see above).
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Figure 3. ML phylogeny (Analysis 7, Table 2) based on an eight-locus data set (ITS, nrLSU, nrSSU, 
mitSSU, MCM7, RPB1, RPB2, EF-1α) for 207 taxa representing Ostropomycetidae, the outgroup from 
Lecanoromycetes and Lichinomycetes, and one representative of Geoglossomycetes (used to root 
the tree). Sequences of the fungal strain CBS 140290 and Cyanodermella viridula were added to the 
concatenated matrix of the 205 reference taxa derived from Resl et al. (2015). Branches outside Ostropales 
represent genera and families (collapsed when monophyletic and represented as grey triangles). Families 
and higher taxa were delimited following Miadlikowska et al. (2014) and Resl et al. (2015). Bootstrap 
support values above 50% and its comparison to ML bootstrap support values obtained by Resl et al. 
(2015) are provided above each internode (see figure legend for symbol explanations).
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Superstratomyces van Nieuwenhuijzen, Miadlikowska & Samson, gen. nov. 
MycoBank MB819162

Diagnosis: Same as the order Superstratomycetales (see above).

Type species: Superstratomyces albomucosus van Nieuwenhuijzen & Samson
Includes three species.
 
Superstratomyces albomucosus van Nieuwenhuijzen & Samson, sp. nov. MycoBank MB819163 
Fig. 4.
Etymology: From Latin “albus” = white, “mucosus” = slimy; refers to conidia in white slimy masses.

Diagnosis: Slow growing olive to light grey green colonies with thin white edge (MEA and OA), pycnidia 
forming aggregated masses (MEA and OA) and white coloured slimy masses (OA). Differs phylogenetically 
(based on the ITS, nrLSU and EF-1α loci) from the remaining two species in the genus.

Type: The Netherlands, Utrecht, outdoor exposed Pycnanthus angolensis impregnated with olive oil, 
collector E.J. van Nieuwenhuijzen, 09 Sept 2013 (holotype H-22668; culture ex type CBS 140270 = DTO 
277-D2).

Colony characteristics: colony diameters, 2 wk, in mm, 25°C: MEA 2–13; OA 4–13; PDA 4–12; SNA: 1– 5, 
poor growth. MEA colony: obverse olive to grey-green or light grey-green with thin white edge; reverse 
dark green or dark green with thin white edge; knotted cone-shaped; slimy masses inconspicuous. OA 
colony: obverse olive to grey-green or light grey-green with thin white edge; reverse dark green; colony 
edge slightly elevated; white slimy masses containing abundant amounts of conidia. PDA colony: obverse 
light grey with thin white edge; reverse dark green or dark green with thin white edge or light brown with 
thin white edge, tufted colony with centre elevated; slimy masses absent.

Micromorphology OA, 25°C, 2–5 wk: pycnidia forming brown to black aggregated masses, individual 
fruiting bodies not present; dark pigmented hyphae; conidia smooth walled, oval typically with blunt ends, 
length 2.8 – 6.0 μm, width 1.5 – 3.0 μm; aerial mycelium hyaline. Micromorphology nettle stem OA, 25°C, 
4–5 wk: pycnidia brown / black, spherical to subspherical, diameter 80–300 μm; conidiogenous cells 
phialidic.

Ecology and distribution: All strains were isolated from wood impregnated with olive or linseed oil that was 
exposed to the outdoors in Utrecht, The Netherlands. 

Additional cultures examined: The Netherlands, Utrecht, outdoor situated log of timber impregnated 
with oil (wood species and oil types specified in Table 1) 09 Sept 2013 (CBS 140273 = DTO 277-C8, 
CBS 140274 = DTO 277-C9, CBS 140275 = DTO 277-D3, CBS 140276 = DTO 277-D4), 13 Sept 2013 
(CBS 140271 = DTO 277-I3, CBS 140277 = DTO 277-H6, CBS 140278 = DTO 277-H7, CBS 140279 = 
DTO 277-H8, CBS 140280 = DTO 277-I2, CBS 140281 = DTO 277-I4, CBS 140282 = DTO 277-I5, CBS 
140283 = DTO 277-I6, CBS 140284 = DTO 277-I7, CBS 140285 = DTO 277-I8, CBS 140286 = DTO 
277-I9, CBS 140287 = DTO 278-A3), 1 May 2014 (CBS 140289 = DTO 305-E2 and CBS 140344 = DTO 
305-E3 ), E.J. van Nieuwenhuijzen.
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Figure 4. Superstratomyces albomucosus: A-H. Colonies 2 wk old 25°C; A. MEA obverse; B. OA obverse; 
C. PDA obverse; D. SNA obverse; E. MEA reverse; F. OA reverse; G. PDA reverse; H. SNA reverse; 
I. Macroscopic structure of colony on OA showing aerial hyphae and white coloured slimy masses; J. 
Pycnidia, hyphae and released conidia; K. Conidia; L. Macroscopic structure of a partly scratched colony 
on a nettle stem embedded in OA; M. Pycnidia and released conidia; N-O. Conidiogenous cells. Scale 
bars: I, L = 1000 μm; J, K, M-O = 10 μm
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Superstratomyces atroviridis van Nieuwenhuijzen & Samson, sp. nov. MycoBank MB819165. Fig. 5.
Etymology: From Latin “ater” = dark, black, “viride“ = green; referring to colonies coloured dark green/ 
black on agar plates.

Diagnosis: Slow growing grey/olive to dark green colonies, with pycnidia forming aggregated masses 
(MEA and OA) and little or no slimy masses up to five weeks (OA). Differs genetically (based on the ITS, 
nrLSU and EF-1α loci) from the remaining two species in the genus.

Type: Utrecht, The Netherlands, outdoor exposed Pinus sylvestris impregnated with raw linseed oil, 
collector E.J. van Nieuwenhuijzen, 01 May 2014 (holotype = H-22669; culture ex type = CBS 140272).

Colony characteristics: colony diameters, 2 wk, in mm, 25°C: MEA 4–11; OA 7–13; PDA 6–9; SNA: 
3–5, poor growth. MEA colony: obverse dark olive to grey green; reverse dark green; tufted colonies 
with centre elevated; slimy masses inconspicuous. OA colony: obverse dark green; reverse dark green; 
tufted colonies with centre elevated; incidentally small spots of superficial transparent slimy masses. PDA 
colony: obverse dark green or grey brown centre and dark green edge; reverse dark green; tufted colonies 
with centre elevated; slimy masses absent.

Micromorphology OA, 25°C, 2–5 wk: aggregated mass of dark brown to black pycnidia, individual fruiting 
bodies not visible; dark pigmented hyphae; conidia smooth walled, oval typically with blunt ends, length 
(2 wk) 2.6 – 6.5 μm, width 1.6 – 2.8 μm; aerial mycelium hyaline. Micromorphology nettle stem OA, 25°C, 
4–5 wk: individual fruiting bodies inconspicuous; conidiogenous cells phialidic.

Ecology and distribution: All three strains were isolated from wood impregnated with linseed oil that was 
exposed to the outdoors in Utrecht, The Netherlands. 

Additional cultures examined: The Netherlands, Utrecht, outdoor situated log of Pinus sylvestris sapwood 
impregnated with raw linseed oil, 01 May 2014 (CBS 140288  = DTO 305-D9) and Pycnanthus angolensis 
impregnated with raw linseed oil, 13 Sept 2013 (CBS 140343 = DTO 278-A2), E.J. van Nieuwenhuijzen. 

Superstratomyces flavomucosus van Nieuwenhuijzen & Samson, sp. nov. MycoBank MB819164. Fig. 
5.
Etymology: From Latin “flavus” = yellow, “mucosus” = slimy; refers to conidia in yellow slimy masses.

Diagnosis: Slow growing olive to grey green colonies with pycnidia forming aggregated masses and 
yellow coloured slimy masses (MEA and OA). Differs genetically (based on the ITS, nrLSU and EF-1α 
loci) from the remaining two species in the genus.

Type: Australia, Perth, leaf of Hakea multilinearis, collector W. Gams, 01 Aug 1983 (holotype H-22667; 
culture ex type CBS 353.84).

Colony characteristics: colony diameters, 2 wk, in mm, 25°C: MEA 8–16; OA 13–16; PDA 10–13; SNA: 
4–5, poor growth. MEA colony: obverse olive to grey green; reverse dark green; knotted cone-shaped; 
yellow slimy masses containing abundant amounts of conidia. OA colony: obverse olive to grey green; 
reverse dark green; colony edge slightly tufted; yellow slimy masses containing abundant amounts of 
conidia. PDA colony: light grey with dark green edge; reverse dark green; colony centre clearly tufted; 
slimy masses absent.
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Figure 5. Superstratomyces atroviridis. A–D. Colonies 2 wk old 25 °C; A. MEA obverse; B. OA obverse; 
C. PDA obverse; D. SNA obverse; E. Macroscopic structure of colony on OA showing aerial hyphae and 
one spot of a white coloured slimy mass; F. Clusters of hyphae and conidia; G. Conidiogenous cells. 
Superstratomyces flavomucosus. H–K. Colonies 2 wk old 25 °C; H. MEA obverse; I. OA obverse; J. PDA 
obverse; K. SNA obverse; L. Macroscopic structure of colony on OA showing aerial hyphae and yellow 
coloured slimy masses; M. Pycnidia; N. Clusters of hyphae and conidia; O. Conidiogenous cells. Scale 
bars: E, L = 1 000 μm; F, G, M, N, O = 10 μm.
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Micromorphology OA, 25°C, 2 wk: pycnidia forming yellow to dark brown aggregated masses, individual 
fruiting bodies not visible; dark pigmented hyphae; conidia smooth walled and oval; conidia length 3.4 
– 6.1 μm, width 2.0 – 3.4 μm; aerial mycelium hyaline. Nettle stem OA, 25°C, 4–5 wk: pycnidia brown / 
yellow, spherical to subspherical, diameter 80 –170 μm; conidiogenous cells phialidic. 

Ecology and distribution: A single strain representing this species was isolated from a leaf of Hakea 
multilinearis, Perth, Australia.

Cyanodermella oleoligni van Nieuwenhuijzen & Samson, sp. nov. MycoBank MB819166. Fig. 6. 
Etymology: From Latin “lignum” = wood, which is the main element of the substrate and “oleum” = oil, 
which is describing the special type of wood. The genitive of the noun is selected to refer to the isolation 
(of the fungus) from the substrate.

Diagnosis: Medium to slow growing grey green (MEA) and green colonies (OA) with transparent to white 
coloured slimy masses (MEA) or green spherical pycnidia, which are mostly solitary, but occasionally 
aggregated (OA). Phylogenetically placed in the order Ostropales (Ostropomycetidae, Lecanoromycetes), 
sister to Cyanodermella viridula.

Type: Australia, Adelaide, Pinus sylvestris impregnated with raw linseed oil, collector E.J. van 
Nieuwenhuijzen, 05 Feb 2014 (holotype H-22666; ex type = CBS 140290).

Colony characteristics: colony diameters, 1 wk, in mm, 25°C: MEA 7–10; OA 6–10; PDA 6–10; SNA: 3–4, 
poor growth. MEA colony: obverse wrinkled and greenish white with white edge; reverse dark green with 
white edge; transparent to white coloured slimy masses. OA colony: obverse pattern  of green to dark 
green pycnidia and a white edge without green pycnidia; reverse dark green with white edge; transparent 
slimy masses. PDA colony: obverse wrinkled and white to olive green with white edge; reverse white to 
olive green with white edge; slimy masses absent.

Micromorphology OA, 25°C, 1 wk: pycnidia green, spherical, diameter 25 – 150 μm, typically solitary, 
occasionally aggregated. Separated or single layered hyphae and conidia hyaline, dense or double 
layered biomass dark green. Conidiogenous cells phialidic. Conidia smooth walled, oval typically with 
blunt ends, length 4.9 – 8.1 μm, width 1.9 – 3.0 μm. Aerial mycelium and teleomorphic structures absent. 

Ecology and distribution: Four strains were isolated from the surface of a piece of wood (Pinus sylvestris) 
treated with raw linseed oil, located outdoors in Dover gardens, Adelaide, Australia.

Additional cultures examined: Australia, Adelaide, outdoor situated log of Pinus sylvestris impregnated 
with raw linseed oil (DTO 301-G2, DTO 301-G3, DTO 301-G4; deposited in culture collection of the 
Applied and Industrial Department [DTO] housed at the CBS-KNAW Fungal Biodiversity Centre), 05 Feb 
2014, E.J. van Nieuwenhuijzen.

DISCUSSION

All reconstructed phylogenies (Fig. 1, S1–S4) were in agreement (although mostly with low support, 
except for analyses 3 and 4; see Table 2, S3 and Fig. 1) for the placement of the fungal “dark” group as 
sister to Trypetheliales in Dothideomycetes. Although the order Trypetheliales, recently extended with 
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Figure 6. Cyanodermella oleoligni. A-D. Colonies 1 wk old 25 °C; A. MEA obverse; B. OA obverse; C. 
PDA obverse; D. SNA obverse; E-H. Colonies 2 wk old 25 °C; E. MEA reverse; F. OA reverse; G. PDA 
reverse; H. SNA reverse; I. Macroscopic structure of colony on OA; J. Macroscopic structure of
pycnidia on OA; K. Pycnidia, hyphae and conidia; L. Pycnidia; M. Macroscopic structure of colony on 
MEA; N. Cluster of hyphae and conidia; O. Conidia; P. Conidiogenous cells. Scale bars: I, M = 1 000 μm; 
J = 100 μm; L, N, K, O, P = 10 μm.
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two lichenicolous genera (Clypeococcum and Polycoccum; Ertz et al. 2015), also includes non-lichenised 
taxa, the fungal “dark” group is morphologically and phylogenetically distinct. We propose to recognise 
this new lineage at the order level – Superstratomycetales, with a single family Superstratomycetaceae 
and a single genus Superstratomyces containing three species (S. albomucosus, S. flavomucosus, and 
S. atroviridis), each representing a distinct monophyletic lineage based on multiple multi- and single-locus 
phylogenies (Fig. 1, 2, S2–S4). All three species are well defined by the barcoding gap approach based 
on three loci, including ITS (the official DNA barcode marker for fungi; Schoch et al. 2012). Morphological 
characteristics, mainly of the slimy masses produced on agar plates, support the classification of these 
three species within the genus Superstratomyces. 

Molecular data are necessary for the reliable identification of species in the genus Superstratomyces 
and for distinguishing them from other pycnidia-producing coelomycetous fungi. To our knowledge, 
members of the newly described genus Superstratomyces lack unique characteristics and, therefore, 
cannot be identified based solely on their phenotypes. For example, the observed shapes of the 
conidiophores and conidia were also observed in pycnidia of species belonging to other genera. DNA 
sequencing facilitated numerous systematic revisions, and resulted in the addition of new genera to the 
long-standing coelomycetes such as Septoria, Mycosphaerella, Phoma, Coniothyrium and Phomopsis 
(Diaporthe) (Crous et al. 2001, de Gruyter et al. 2013, Gomes et al. 2013, Verkley et al. 2013, Verkley et 
al. 2014). Therefore, a comprehensive study was needed to place them with high confidence in the context 
of a phylogenetically-based classification. The ITS and nrLSU loci, which are the markers commonly used 
in molecular systematic studies of fungi, were particularly different for Superstratomyces compared to all 
available sequences in GenBank, when we conducted this study.

The 23 examined strains of the fungal “dark” group have enlightened the existence of a new order with 
at least three species. Nevertheless, it is likely that one can find other Superstratomyces taxa if a larger 
set of isolates is examined, especially when strains are included from other substrates or locations. For 
example, Superstratomyces was also abundant among the culturable fungi of untreated wood samples 
in Utrecht, The Netherlands (Chapter 4) and might be present on other substrates at the same test site.  

Based on the close phylogenetic relationship of the “green” group to Cyanodermella viridula (Fig. 3 
and S5), a species classified in Stictidaceae (Ostropales, Lecanoromycetes) (Lumbsch & Huhndorf 2010) 
we propose to recognise the green pycnidia-producing fungal strains as a new species within the genus 
Cyanodermella and provided a formal description for C. oleoligni.  Our phylogenies (Fig. 3 and S5) show a 
strong support for the placement of the genus Cyanodermella in Ostropales, however, its affiliation with the 
family Stictidaceae received a low bootstrap support (Table 2). Most phylogenetic studies on Stictidaceae 
did not include Cyanodermella (Wedin et al. 2005, Fernández-Brime et al. 2011, Baloch et al. 2013), 
however, the two phylogenies, which contain this taxon, showed similar results to ours (Winka 2000, 
Baloch et al. 2010). The placement of Cyanodermella within Ostropales seems to be well established, 
but its affiliation at the family level remains to be confirmed with higher confidence. Currently, the genus 
Cyanodermella contains two species: C. viridula and C. candida. Both species were initially classified 
based on their teleomorph structure by Berkeley & Curtis in 1919 and Setchell in 1924 (Eriksson 1967), and 
were later renamed by Eriksson (Eriksson 1967, 1981). Molecular data and herbarium samples (including 
old leaves of Leymus arenarius) are available for C. viridula only.  Although descriptions of cultured 
isolates of C. viridula and C. candida are missing, their general characteristics include the presence of 
ascomata with a characteristic blue-green colour. Because the pycnidia of C. oleoligni clearly showed 
a blue-green colour, the classification of this species within Cyanodermella based on its phylogenetic 
relationship, is corroborated by this phenotypic trait. The order Ostropales includes mostly crustose taxa 
with high species richness in the tropics. This order is well known, especially Stictidaceae species, for 
their non-lichenised members in addition to mostly lichen-forming taxa (Lutzoni et al. 2001, Wedin et 
al. 2006, Cannon & Kirk 2007; Schoch et al. 2009b, Baloch et al. 2010, 2013, Spribille et al. 2014). The 
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inclusion of another, most likely, saprotrophic wood-inhabiting species of Cyanodermella (C. oleoligni) 
in the order Ostropales fits well within the broad biological spectrum of life strategies of this order (and 
Ostropomycetidae) where multiple shifts from symbiotrophy (lichen-forming fungi) to saprotrophy (wood-
inhabiting fungi), i.e., losses of lichenisation, have been reported (Lutzoni et al. 2001, Spribille et al. 2014). 

A culture-based approach coupled with multi-locus phylogenetics is confirmed here as a powerful 
methodology to classify fungi that generate highly inconclusive BLAST searches. This strategy was 
implemented by Gazis et al. (2012) and Chen et al. (2015) and led to the discovery of a new class of 
Fungi – Xylonomycetes, and a new order – Phaeomoniellales – within Eurotiomycetes.  ITS or nrLSU 
BLAST results from GenBank can be used to identify the taxonomic placement of fungal strains, but 
our study showed that for fungi with top hits below 92% identity and low coverage (Table S2) BLAST 
results can be misleading. For example, the top hits based on maximum identity scores turned out to be 
accurate in predicting the class to which the unknown “dark” group belong (Dothideomycetes), while most 
of the hits based on highest query coverage were contradictory (Table S2). For the “green” group, the 
accuracy of the class assignment was the other way around, i.e., where the top hits based on the highest 
query coverage were correct (Lecanoromycetes), whereas the maximum identity score also suggested 
an affinity with Leotiomycetes (Table S2). The BLAST results obtained for lower taxonomic levels, such as 
family and genus, were even more scattered across various fungal taxa and inconsistent. In some cases, 
the contradictory results may be due to misidentifications or co-sequenced fungi submitted to GenBank.

A comprehensive understanding of microbial communities in time and space, relies on large-scale 
and robust phylogenies. Fungi, are among the most species-rich clades of the tree of life (Gazis 
et al. 2012). Estimations of their species number range from 1,5 million (Hawksworth 2001) to 5,1 
million (O’Brien et al. 2005, Blackwell 2011). Only a small fraction of the fungal biodiversity has been 
taxonomically described (Blackwell 2011, Bass & Richards 2011), whereas the remaining diversity is 
known only from molecular data or remains to be discovered (e.g., U’Ren et al. 2016, Arnold et al. 
2009). The number of newly described higher-level taxa, especially in the class Dothideomycetes, 
has been increasing substantially. For example, since the recognition of the Dothideomycetes as a 
supraordinal taxa of Ascomycota (Eriksson & Winka 1997), sixteen new orders have been added to 
this class and half of them in the last four years (according to the current information from GenBank). 
The increase of accessible DNA sequences for fungi across the fungal kingdom in the last ten years 
coupled with the application of multi-locus phylogenetic analyses facilitates the recognition of new 
families and orders. A recent phylogenetic treatment of the class Dothideomycetes based on a four-
gene combined analysis provided support for 75 of 110 currently recognized families and 23 orders, 
including seven newly described taxa (Wijayawardene et al. 2014).

Exploration of unique habitats, such as sapwood in remote forests (Gazis et al. 2012, 2014), cacti in 
tropical dry forest (Bezerra et al. 2013, 2016), marine borderline lichens (Pérez-Ortega et al. 2016), deep 
sea water (Jebaraj et al. 2010), and of the Antarctic (Stchigel et al. 2001), revealed new deep lineages in 
the fungal tree of life. This study, as part of a research project on fungal-based wood finishes, showed that 
mundane substrates modified by humans, are also a valuable potential source of hidden fungal taxonomic 
novelties. 
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Additional file 1: Table S1. The targeted loci, primers and PCR conditions used for DNA amplification, and 
the resulting amplicon lengths.

Additional file 2: Table S2. Top BLAST hits for ITS and nrLSU sequences of isolates from the two groups 
of pycnidia forming fungi studied in this paper. BLAST results were sorted by Maximum identity and by 
Maximum query cover. 

Additional file 3: Table S3. Sequence data sets used for multigene phylogenies in analysis 3 and 4 (Table 
2). Names of taxa as used in these phylogenies are listed together with the number of used loci and the 
GenBank accession numbers of the available sequences.

Additional file 4: Table S4. Absolute pairwise distances within and between species delimited in the new 
fungal lineage (“dark” group) based on the ITS, nrLSU, and EF-1α loci. 

Additional file 5: Figure S1. ML majority rule bootstrap tree (Analysis 1; Table 2) based on the six-locus 
data set (5.8S, nrLSU, nrSSU, RPB1, RPB2, EF-1α) for 219 taxa of which 204 represent the kingdom 
Fungi, including four strains from the “dark” group and one from the “green” group (indicated by arrows). 
Members of Viridiplantae were used to root the tree. Sequences of the unknown fungal strains were 
added to the concatenated matrix of the reference 214 taxa derived from the study by James et al. 
(2006). Taxonomic groups were delimited following James et al. (2006). Bootstrap support values for all 
topological bipartitions are shown above the internodes.

Additional file 6:  Figure S2. ML majority rule bootstrap tree (Analysis 2, Table 2) based on the six-
locus data set (5.8S, nrLSU, nrSSU, mtSSU, RPB1, RPB2) for 986 taxa of which 963 represent 
Pezizomycotina, including four Dothideomycetes-related strains (indicated by an arrow) and 23 outgroup 
taxa (Taphrinomycotina and Saccharomycotina). The Taphrinomycotina clade was used to root the tree. 
Sequences of strains from the “dark” group were added to the concatenated matrix of the reference 959 
taxa, part of the online T-BAS tool (http://tbas.hpc.ncsu.edu; Carbone et al. 2016). Taxonomic groups 
were delimited following Carbone et al. 2016. Bootstrap support values for all topological bipartitions are 
shown above the internodes.
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Additional file 7:  Figure S3. ML majority rule bootstrap tree (Analysis 4, Table 2) based on the seven-locus 
data set (5.8S, nrLSU, nrSSU, mtSSU, RPB1, RPB2, EF-1α) for 260 taxa representing “Dothideomyceta”: 
Arthoniomycetes (21) and Dothideomycetes (237) including four strains from the “dark” group (indicated 
by an arrow) and two members of Geoglossomycetes used to root the tree. This is the data set used in 
Analysis 3 (Fig. 1) that was supplemented with additional members of Trypetheliales (24 taxa; Nelsen et 
al. 2009, 2011). Taxonomic groups in Arthoniomycetes were delimited following Ertz et al. (2014) and in 
Dothideomycetes according to Wijayawardene et al. (2014). Bootstrap support values for all topological 
bipartitions are shown above the internodes.

Additional file 8:  Figure S4. ML majority rule bootstrap tree (Analysis 5, Table 2) based on a two-locus 
data set (nrLSU and mitSSU) for 85 taxa representing Trypetheliales (79 taxa from Trypetheliaceae and 
six from Polycoccaceae), four strains from the “dark” group (indicated by an arrow) and six outgroup 
taxa used to root the tree. Sequences of Polycoccaceae (Ertz et al. 2015) and the strains from the “dark” 
group were added to the matrix from Nelsen et al. 2014. Taxa were delimited following Nelsen et al. 2014. 
Bootstrap support values for all topological bipartitions are shown above the internodes.

Additional file 9:  Figure S5. ML majority rule bootstrap tree (Analysis 6, Table 2) based on a five-locus 
data set (nrLSU, nrSSU, mtSSU, RPB1, RPB2,) for 1319 taxa representing mostly Lecanoromycetes 
(cumulative supermatrix from Miadlikowska et al. 2014, but sequences representing potential contaminants 
were removed as suggested in that study) including the strain from the “green” group (indicated by an 
arrow). Taxonomic groups were delimited following Miadlikowska et al. (2014). Bootstrap support values 
for all topological bipartitions are shown above the internodes.
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ABSTRACT

Aims
The aims of this study are to determine which of the vegetable oils that have been used to generate 
biofinishes on wood will provide carbon and energy for the growth of the biofinish-inhabiting fungus 
Aureobasidium melanogenum, to determine the effect of the tested oil types on the cell yield of A. 
melanogenum when cultivated with a vegetable oil as a sole carbon-based nutrient and to explain the 
differences in cell yield.

Methods & Results

A. melanogenum was cultivated in shake flasks with different carbon-based nutrients. The total cells and 
colony forming units (CFU’s) of the fungal suspensions were periodically quantified.  Oil-related total cell 
and CFU growth was demonstrated in suspensions with initially 1% (w/v) raw linseed, stand linseed and 
olive oil. Oil-related cell growth was also demonstrated with raw linseed oil, using an initial amount of 
0.02% (w/v) and an extra oil addition during cultivation. Nile red staining of cultivated cells showed the 
accumulation of fatty acids inside cells grown in the presence of oil.

Conclusions

Each tested vegetable oil was used as carbon and energy source by A. melanogenum during batch 
cultivation. The results indicated that in the case of equal initial oil concentration stand linseed oil provides 
less carbon and energy for A. melanogenum growth than olive and raw linseed oil. This might be caused 
by the high degree of cross-linked molecules in stand linseed oil.  

Significance and Impact of Study

Dark homogenous fungal-based layers called biofinishes and vegetable oils are the key ingredients of an 
innovative and sustainable wood protecting system. This research is a fundamental step in unravelling the 
effects of different vegetable oils on natural biofinish formation.



Vegetable oils for Aureobasidium melanogenum

139

7

INTRODUCTION

Timber situated outdoors and above ground is susceptible to discoloration caused by dark wood staining 
fungi. Dark staining of untreated wood is common, but also of coated and/or modified wood (Beckers 
et al. 1994, Bussjaeger et al. 1999,  Schmidt 2006, Gobakken & Westin 2008, Metsä-Kortelainen et 
al. 2011, Gobakken et al. 2013, de Windt et al.  2014). The use of raw linseed oil and olive oil as a 
wood impregnating agent has been identified to stimulate the amount of dark stains on the wood surface 
Chapter 2-3). Remarkably, some wood species impregnated with these oils have shown to form a 
beneficial homogenous kind of fungal-based staining called biofinish (Sailer et al. 2010, Chapter 2-3). 
However, after outdoor exposure of wood samples impregnated with stand linseed oil and untreated 
wood, none of the stained wood surfaces could meet the criteria of a biofinish. Currently, natural biofinish 
formation is exploited to manufacture and apply a sustainable wood protection system with decorative and 
self-repairing abilities (Xyhlo biofinish 2018).

Till now, the growth mechanisms of dark wood staining fungi on the surface of oil-treated wood is poorly 
understood. Chapter 5 shows the common presence of Aureobasidium melanogenum, formerly known as 
A. pullulans variety melanogenum (Gostinčar et al. 2014), in natural biofinishes of wood. Also the impact 
of other fungal species, such as Superstratomyces sp., has to be considered (Chapter 4, Chapter 5, 
Chapter 6). Although many parameters define the growth conditions on the surface of a material outdoors, 
e.g. rain, air temperature or solar radiation, one of the controllable parameters is the type of vegetable oil 
used for the wood impregnation. The presences of oil on the wood surface might have an effect on 1) the 
spore adhesion of dark staining fungi, 2) the local moisture content at the substrate surface, 3) loosening 
of dark stained wood fibres, 4) attraction of other organisms, which enable dark mould growth and 5) the 
availability of nutrients for wood staining fungi (Chapter 2). These potential effects are hardly studied. This 
paper will target the latter aspect. 

The use of vegetable oils by fungi, including A. melanogenum (Leelaruji et al. 2013), is frequently 
studied in the light of lipase production (Fadiloğlu & Erkem 2002, Açikel et al. 2011, Najjar et al. 2011). 
Generally lipases are described as enzymes that catalyze the hydrolysis of triglycerides to glycerol and 
free fatty acids at an oil water interface (Treichel et al. 2010, Kudanga et al. 2007). In some studies, a 
vegetable oil was used as a sole carbon-based nutrient instead of a commonly used monomeric sugar 
and biomass growth in time was measured (Del Rio et al. 1990, Molokwu & Okpokwasili 1997). Several 
tested vegetable oils and fungal species showed fungal growth. For example, the use of olive oil resulted 
in growth of Candida rugosa, Malassezia spp., Yarrowia lipolytica, Aspergillus and Penicillium (Del Rio 
et al. 1990, Tan & Gill 1984, Shibata et al. 2006, Papanikolaou & Aggelis 2011). In the case of the yeast 
Saccharomyces cerevisiae, contradicting results have been found on its ability to grow on lipid substrates 
(Shirazi 1998, Darvishi 2012). In the study of Peeters et al. (2018), colony growth of A. melanogenum was 
demonstrated on layers made of a raw linseed and olive oil. Thus far, it is unknown if A. melanogenum can 
use all types of linseed and olive oil as carbon and energy source for growth. 

The linseed and olive oils used to explore natural biofinish formation, are complex substrates. Raw 
linseed oil and olive oil, mainly contain triglycerides, but also contain small quantities of mono-/diglycerides, 
phosphatides, triterpenes, fat-soluble vitamins, carotenes and chlorophylls (Karleskind 1996). The triglycerides 
are derived from glycerol (C3 alcohol with three hydroxyl groups) and C16 and/or C18 fatty acids. The fatty 
acid composition of vegetable oils varies, especially between oil types (Schuster 1992, Karleskind 1996). 
Vegetable oils, including linseed and olive oil are prone to autoxidation and photo-oxidation (Psomiadou & 
Tsimidou 2002a, 2002b, Juita et al. 2012). Raw linseed oil is highly reactive due to the high number of non-
conjugated polyunsaturated fatty acids, including linoleic acid (Stenberg et al. 2005). Subsequent to oxidation 
processes the amount of double bonds in the oil will decrease, while cross-links are formed between fatty 
acids of different triglycerides (Sailer 2001, Van den Berg 2002). Due to this process, a solid film of linseed oil 
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can be formed in the presence of air (Lazzari & Chiantore 1999). Olive oil mainly contains oleic acid and does 
not form a solid or highly viscous material upon exposure to air (Rheineck & Austin 1968). Stand linseed oil 
is made of raw linseed oil. It is produced by heating raw linseed oil to about 300°C for a few days, generally 
in the absence of oxygen (Van den Berg 2002, Juita et al. 2012). The chemical reactions during this process 
include cross-linking of triglycerides and isomerization of double bonds (Van den Berg 2002, Colombini et 
al. 2009, Zovi et al. 2011). The final chemical composition of stand linseed oil is hard to measure. To which 
extent stand linseed oil, but also raw linseed oil and olive oil may be used as carbon and energy source by 
A. melanogenum is hard to predict.

The first aim of the study is to determine which of the vegetable oils that have been used to generate 
natural biofinishes provide carbon and energy for the growth of the biofinish-inhabiting fungus A. 
melanogenum. The second aim is to determine the effect of the oil type and the amount of oil on the cell 
yield of A. melanogenum when cultivated with a vegetable oil as a sole carbon-based nutrient. The third 
aim is to explain the similarities and differences in cell yield. Raw linseed oil, olive oil, stand linseed oil and 
the commonly used nutrient glucose were tested as sole carbon-based nutrient in a shake flask test setup. 
Different amounts of carbon-based nutrients were tested, including second oil additions during incubation, 
in order to gain insight in oil-dependent growth. This way, a start was made to understand the effects of 
the use of different vegetable oils on natural biofinish formation of oil-treated wood.

MATERIAL & METHODS

Aureobasidium inoculum 

The A. melanogenum isolate CBS 140241, obtained from the Westerdijk Fungal Biodiversity Centre, 
was used for all growth experiments. This isolate originates from oil-treated wood in the initial stage of 
biofinish formation (Chapter 5). An Aureobasidium inoculum was made with young hyaline yeast-like 
cells. At first, biomass was obtained of the edge of an 8-18 days old Aureobasidium colony on dichloran 
18% glycerol agar (DG18) and combined in a shake flask with minimal media (MM), including NaNO3, 
KH2PO4, KCl, MgSO4 and trace elements as designed by De Vries et al. (2004), and with 2% glucose 
(D(+) Glucose Anhydrous, Merck KGaA). After 24 hours of rotary shaking at 200 rpm at 25 °C, the 
suspension was washed twice and resuspended in 2% glucose MM. After another 24 hours of incubation 
the Aureobasidium biomass was washed, suspended in MM (so without any carbon) and ready for use.

Growth media

Each suspension contained 98-99 v/v % MM and 1 v/v % Aureobasidium inoculum. The total cell 
concentration in a suspension at the start of cultivation was at least 5 x 105 cells ml-1 up to 8 x 106 cells 
ml-1. The type and amount of the carbon-based nutrient used varied (Table 1). The different carbon-based 
nutrients tested were: raw linseed oil (Vereenigde Oliefabrieken; iodine value 183 and 0.81% free fatty 
acids), stand linseed oil (Vliegenthart, viscosity P45), olive oil (Carbonel, extra vierge, iodine value 82 and 
0.34% free fatty acids), D (+) glucose (Merck, anhydrous for biochemistry). Most tested media contained 
the concentration of 1 w/v % (10 g/l), further referred to in this paper as 1% (Table 1). In addition, glucose 
was used with an initial concentration of 0.2 w/v % (2 g/l) and raw linseed oil with an initial concentration 
of 0.02 w/v %, further referred to in this paper as 0.2% and 0.02%, respectively. Suspensions with initially 
1% vegetable oil and an extra oil supply during incubation had a second oil addition (1 w/v %) at day 6. In 
order to apply an oil addition that allows detectable population growth before nutrient depletion, the raw 
linseed oil suspensions with an initial concentration of 0.02% had a second oil addition at day 8 of 0.2%. 
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Cultivation method

Each type of growth media was tested at least in one sample set, containing three replicates each, to enable 
analyses of the spread of the growth data. Multiple samples sets of the raw linseed oil containing media 
were tested in order analyse the reproducibility: Two sample sets of the 1% raw linseed oil suspensions 
(media 1), two samples sets of the initial 1% raw linseed oil suspensions that obtain a second oil addition 
(media 3) and two samples sets of the raw linseed oil suspensions starting with 0.02% raw linseed oil 
(media 9) (Table 1). Minimal media without an additional carbon source was used as control media: four 
times a set of three shake flasks suspensions with minimal media and cells were tested. Incubation sets, 
each containing sample sets of one to four types of growth media (Table 1), were tested at different 
time points. Suspension volumes below 80 ml were incubated in baffled shake flasks (BELLCO 500ml) 
with rotary shaking at 200 rpm, aiming at a uniform distribution of media components, oxygen and cells. 
Suspensions were incubated at 25 °C for at least eight, up to 28 days. 

Cell count & CFU count method

A cell count method was used to measure the total number of cells during cultivation and a CFU count 
method was used to estimate the number of viable cells. Total cell counts were made of all suspensions. 
They were performed at the start of each experiment and at least four times during incubation. CFU 
counts were made of the 1% oil suspensions and their corresponding control suspensions without carbon 
at three different incubation times. CFU counts were made seven times during incubation for each type of 
1% oil suspensions with a second oil feed. To obtain a biomass sample, cultivation at 200 rpm at 25 °C 
was temporarily stopped. Each time up to 1.1 ml suspension was aseptically removed from a flask, directly 
after it was vigorously vortexed. A Bürker-Türk counting chamber with a depth of 0.01 mm (Marienfeld) 
was used to count cells. In the case of the CFU count method, 1 ml of a decimal dilution series up to 
106 was plated on agar. Malt Extract Agar supplemented with Pencilline and Streptomycine (MEA p/s) 
was used in duplicate for the 1% raw linseed oil CFU counts and in triplicate for 1% oil suspensions that 

Table 1. The culture media tested, including the initial concentration of the carbon-based nutrient, 
type of carbon-based nutrient, concentration of the second carbon addition, number of sample sets 
and incubation set. ( - = not relevant).
Media Initial concentration of 

carbon-based nutrient 
(w/v)

Type of carbon-
based nutrient

Concentration of second 
addition of carbon-based 
nutrient  (w/v)

Number of 
sample sets

Incubation set

1

1%

raw linseed oil  - 2 A, B
2 olive oil - 1 A
3 raw linseed oil 1% 2 C, D
4 olive oil 1% 1 C
5 stand linseed oil 1% 1 C
7 glucose - 1 E
8 0.2% glucose - 1 E
9 0.02% raw linseed oil 0.2% 2 F, G
10 0% no-carbon  - 4 A , B, C, F
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obtained an additional oil supplement during incubation. MEA p/s was prepared according to Samson 
et al. (2004). The CFU’s on the agar plate were counted after four to seven days of incubation at 25 °C.

Nile-red staining of cultivated cells

A fluorescent dying method, based on Greenspan et al. (1985) and Beopoulos et al. (2008), was applied 
to stain intracellular fatty acids in A. melanogenum cells cultivated in shake flasks (Table 1). A 1 mg/ml 
stock solution of nile-red (9-diethylamino-5H-benzo[alpha]phenoxazine-5-one, Sigma Aldrich) in acetone 
was prepared. A. melanogenum samples were obtained from glucose suspensions and suspensions with 
initially 1% raw linseed oil, 1% stand linseed oil, 1% olive oil and 0.2% raw linseed oil at least three times 
in the first 8 days of incubation (at day 1, 5 and 8 or at day 1, 2, 5 and 6). Cells were washed twice with 10 
mmol l-1 ACES (Sigma) and 0.1% Tween 80, pH 6-8 and resuspended in 0.1 ml ACES-buffer with 0.02% 
Tween (Van Leeuwen et al. 2009). The Nile-red solution (1 μl) was added and incubated for a minimum of 
five minutes at room temperature. Microscopy was performed with a Zeiss Axioplan II microscope, a Zeiss 
Plan NeoFluar 40x/0.75 objective, and a red 510-560 (FT 580, LP 590) filter.

Data analysis

Descriptive analysis was performed with Graphpad Prism version 7.02. To enable statistical analyses, 
concentrations were analysed using logarithmic transformations (Agalloco & Akers 2017, International 
Commission on Microbial Specifications for Food 2018). The mean log concentrations and standard 
deviations are calculated for each type of suspension at a single time point. These results are transformed 
back to median and relative standard deviations to visualize the results. Fixed effects two-way analysis 
of variance (ANOVA) was used on log concentrations for data from single incubation sets to determine 
differences between suspensions at certain time points and differences between time points for the same 
suspension. Fixed effects three-way ANOVA was used for comparisons of data from multiple incubation 
sets. Wald test statistics were calculated for the formulated differences, using specific contrast statements, 
to determine if these contrasts were different from zero (P = 0.05). Effect sizes with their 95% confidence 
intervals were transformed to median values in the original scale of CFU’s and cell concentrations. ANOVA 
was performed with SAS version 9.4 (SAS Institute Inc., Cary, NC, USA). 

RESULTS

Growth on 1% vegetable oil

The counting chamber measurements performed on the suspensions with 1% vegetable oil showed an 
increase in total cell concentration in the first few days of incubation (Fig. 1, 2). The median total cell 
concentration of the raw linseed oil suspensions set B at the start of the test was slightly, but significantly 
higher than the median total cell concentration of the raw linseed oil suspensions set A and the olive oil 
suspensions at the start of the test (P < 0.001, Fig. 1, 2). The P-values of the comparison of the median total 
cell concentration at the start of the test (Time = 0 days) and during incubation (Time > 0 days) are listed in 
Table 2. Looking at the total cell count data of the no-carbon suspensions in more detail, the median total 
cells concentrations of set A show an increase in the first days of incubation, while the median total cells 
concentrations of set B does not show an increase (Fig. 1, Fig. 2). In addition, the results of the analysis of 
variance show that the median of the measurements of the no-carbon suspensions of set A before day 14 
are significantly different from the median concentration of the measurements at day 14 and later (P < 0.001). 
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In the last column of Table 2 the P-values of the comparison of final median total cell concentration 
among different suspension types and incubation sets are shown. For example, the median final total 
cell concentration of the raw linseed oil suspensions set A was similar compared to the median cell 
concentrations of the olive oil suspensions (Table 2). All measurements included in the median final 
total concentration are noted as well (Table 2). In case of the suspensions of set B, a median final total 
concentration is calculated including the measurements of day two (Time > 0 days) and final concentration 
is calculated without day two (Time ≥ 5), because it is uncertain if the final concentration is reached at day 
2. The cell concentrations at day 2 and day 5 were significantly different (P < 0.001).  

In Table 3 the P-values of the comparison of final median total cell concentration among different 
suspension types and incubation sets are shown. For example, the median CFU concentration of the 
olive oil suspensions during incubation (Time > 0 days) was significantly higher than the median CFU 
concentration of the raw linseed oil suspensions set A (Table 3). The measurement at day 8 revealed the 
lowest median CFU concentration of the raw linseed oil suspensions set A. The median CFU concentration 
at day 8 was significantly different compared to the concentration at day 3 and 14 (P < 0.001). In case 
of the suspensions of set B, a median final CFU concentration is calculated including the measurements 
at day two (Time > 0 days) and a concentration is calculated without day two (Time ≥ 5), because it is 
uncertain if the final concentration is reached at day 2. The CFU concentrations at day 2 and the median 

Table 3. Median CFU concentrations of the 1% oil suspensions (media 1 and 2) and the reference 
media without carbon (media 10) during incubation and statistical data (CI =confidence interval, - = 
not applicable and bold P = significant P). The statistical data includes the ANOVA test results of the 
comparison of the median total cell concentration between different types of media and the comparison 
the median of all measured CFU concentrations versus the median of the corresponding total cell 
concentrations. 
Media Measurements 

included in final 
CFU concentration 

(day)

Median final 
CFU conc. 
(CFU’s ml-1)

95% CI 
lower

95% CI 
upper

P 
comparison 
final CFU 
conc. of 
different 
media 

No-carbon A (media 10) > 0 2.0E+06 1.7E+06 2.3E+06  -
Raw linseed A (media 1) > 0 4.8E+07 4.1E+07 5.5E+07  -
Olive oil (media 2) > 0 8.5E+07 7.4E+07 9.9E+07  -
No-carbon B (media 10) > 0 6.1E+06 5.1E+06 7.3E+06  -
Raw linseed B (media 1) > 0 7.9E+07 6.6E+07 9.5E+07 -
Raw linseed B (media 1) ≥ 5 1.1E+08 9.2E+07 1.4E+08  -
No-carbon A, Raw linseed oil A > 0  -  - < 0.001
No-carbon A, Olive oil > 0  -  - < 0.001
Raw linseed oil A, Olive oil > 0  -  - < 0.001
No-carbon B, Raw linseed oil B > 0  -  - < 0.001
No-carbon A, No-carbon B > 0  -  - < 0.001
Raw linseed A, Raw linseed B > 0  -  - < 0.001
Raw linseed A, Raw linseed B > 0, ≥ 5  -  - < 0.001
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Figure 1. Total cell concentrations of A. melanogenum (isolate CBS 140241) in cultures of liquid media 
with 1% raw linseed oil, 1% olive oil or without an additional carbon-based nutrient during shake flask 
cultivation (set A). The amount of vegetable oil tested was 1% (w/v). A counting chamber was used to 
determine the cell concentrations. Each data point represents the average of three suspensions. Error 
bars denote the SD. For some points, the error bars were shorter than the height of the symbol. 

Figure 2. Total cell concentrations of A. melanogenum (isolate CBS 140241) in cultures of liquid media 
with 1% raw linseed oil or without an additional carbon source during shake flask cultivation (set B). 
Raw linseed oil was used as carbon source and the amount of oil tested was 1% (w/v). Each data point 
represents the average of three suspensions. For some points, the error bars were shorter than the height 
of the symbol. In these cases, the graph does not show error bars.
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Figure 3. CFU concentrations of plated A. melanogenum (isolate CBS 140241) suspensions with 1% raw 
linseed oil, 1% olive oil and without a carbon source during shake flask cultivation (set A). MEA plates 
were used to grow the fungal colonies. Each data point represents the average of three suspensions. 
Error bars denote the SD. For some points, the error bars were shorter than the height of the symbol.

Figure 4. CFU concentrations of plated A. melanogenum (isolate CBS 140241) suspensions with 1% raw 
linseed oil and without a carbon source during shake flask cultivation (set B). MEA plates were used to 
grow the fungal colonies. Each data point represents the average of three suspensions.
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concentration of the measurements at day 5 and later were significantly different (P < 0.001). The CFU 
concentration at the start of the test of the raw linseed oil suspensions set A and set B could not be 
compared, because the initial CFU concentration was not measured.

An increase of CFU concentration is observed for the no-carbon suspension set A, but not for set B 
(Fig 3, 4). In addition, the median CFU concentration of the first two measurements (at day 3 and 8) and 
the last measurement (at day 12) of the no-carbon suspensions of set A did show a significant difference 
(P < 0.001), while in the case of the no-carbon suspensions of set B, the first two measurements (at day 
2 and 5) were similar compared to the last measurements at day 14 (P = 0.025). 

The median of the CFU concentrations measured at day 3, 8 and 14 (Fig. 3) of the no-carbon 
set A suspensions were significantly similar (P = 0.121) to the median of the corresponding total cell 
concentrations (Fig. 1). However, the CFU concentrations measured at day 2, 5 and 12 (Fig. 4) of the no-
carbon suspensions set B were significant (P = 0.013) lower than the median of the corresponding total 
cell concentrations (Fig. 2). Also, the median of the CFU concentrations of the 1% oil suspensions (Fig. 
3, Fig. 4) were significantly different (set A: P < 0.001, set B: P < 0.001) compared to the median of the 
corresponding total cell concentrations (Fig. 1, Fig. 2). 

Growth in suspensions with an initial amount of 1% oil and second oil supply

The counting chamber measurements performed on the suspensions with an initial amount of 1% oil and 
a second oil supply of 1% during incubation showed an increase in total cell concentration in the first 
few days of incubation (Fig. 5). In these first few days the second oil addition was not yet added (Fig. 5). 
In the case of stand linseed oil suspensions (set C), the measurement at day 2 was significantly similar 
compared to the median total cell concentration of the next measurement at day 5 (P = 0.878). In contrast, 
the median total cell concentration of the olive and raw linseed oil suspensions was significantly different 
compared to the median concentration at day 5 (P < 0.001). 

The median total cell concentration of the stand linseed oil suspensions after the extra oil supply at 
day 6 (Time ≥ 7 days) was higher than the median concentration just before the extra oil supply, but not 
in the case of the raw linseed oil and olive oil suspensions of set C. For example, the median total cell 
concentration of the raw linseed oil suspension (set C) measurements at day 5 and the median total 
cell concentration of the measurements after the extra oil supply at day 6 (at day 7, 8 and 12) were 
significantly similar (P = 0.727), while these median total cell concentrations were significantly different in 
the case of the stand linseed oil suspensions (P = 0.013).

The median total cell concentration at day 4 and later (Time > 2 days) and at day 7 and later (Time ≥ 7 
days) of the different media are listed in Table 4. They were significantly different for each combination of 
media type and sample set (Table 5). The oil containing suspensions had significant higher median total 
cell concentrations than the no-carbon suspension (Table 5). Among the oil suspensions, stand linseed oil 
suspensions had the lowest median total cell concentrations (Table 5).

The suspensions with an initial amount of 1% oil and a second oil supply of 1% during incubation 
showed an increase in CFU concentration in the first few days (Fig. 6). The median CFU concentration at 
day 2 was similar compared to the median CFU concentration of the next two measurements at day 5 and 
6 in the case of raw linseed oil (P = 0.370), but was lower at day 2 in the case of olive oil (P < 0.001) and 
higher at day 2 in the case of stand linseed oil (P < 0.001). Each type of oil containing suspension had a 
significant higher median CFU concentrations during incubation at day 5 and later (Time > 2 days) or at 
day 7 and later (after the extra oil supply) than the no-carbon suspension (Table 5). 

The median CFU concentrations of the oil suspensions after the extra oil supply (Time ≥ 7 days) 
significantly differed compared to the median concentration just before the extra oil supply. Only in the 
case of the olive oil suspensions, the median CFU concentration after the extra oil was lower than the 
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median CFU concentration before the extra oil (Table 6). The median CFU concentration at day 5 and 
later (Time > 2 days) and the median CFU concentration after the second oil supply (Time ≥ 7 days) 
significantly differed among the oil types (Table 5). For both time periods (Time > 2 days and Time ≥ 7 
days resp.) the raw linseed oil suspensions had the highest median CFU concentration and stand linseed 
oil the lowest (Table 6).

The median CFU concentration at day 5 and later (Time > 2 days) of the different type of oil suspensions 
was lower than the median total cell concentrations at day 5 and later (Table 4, Table 6). The median of 
the CFU concentrations measured during incubation at day 2, 5, 7, 8 and 12 of the suspensions with an 
initial amount of 1% oil and a second oil supply were significantly different compared to the median of the 
corresponding total cell concentrations (raw linseed oil: relative difference = 0.54, 95% CI = [0.46; 0.63], 
P < 0.001; olive oil: relative difference = 0.27, 95% CI = [0.23; 0.32], P < 0.001; stand linseed oil: relative 
difference = 0.51, 95% CI = [0.44; 0.60], P < 0.001).

The median CFU concentration of the no-carbon suspensions at day 5 and later (Time > 2 days) 
was lower than the median total cell concentrations at day 5 and later (Table 4, 6). The median CFU 
concentration of the no-carbon suspensions measured during incubation at day 2, 5, 7 and 12 were 
significantly different compared to the median of the corresponding total cell concentrations (P < 0.001).

Growth on 1% and 0.2% glucose

The counting chamber measurements performed on the glucose suspensions showed an increase in 
total cell concentration in the first days of incubation (Fig. 7). The 0.2% glucose suspensions showed that 
the total cell concentration all measurements at the different time points had a similar level, while the 1% 
glucose suspensions revealed that their final concentration does not include measurements before day 
2. The suspensions with an initial amount of 1% glucose had a median total cell concentration at day 4, 5 
and 6 of 1.3 x 108 cells ml-1 (95% confidence interval = [1.2 x 108, 1.5 x 108]), while the suspensions with 
an initial amount of 0.2% glucose had a concentration of 1.9 x 107 cells ml-1 (95% confidence interval = 
[1.7 x 107; 2.1 x 107]). Results of the ANOVA test showed that these medians were significantly different 
(P < 0.001). The different amount of glucose resulted in a different yield of A. melanogenum cells.

The 1% glucose suspensions had a similar median cell concentration during incubation after day 2 
(Time >2 days) compared to the suspension of the 1% raw linseed oil suspensions of set A (P = 0.113). 
It shows that the use of 1% glucose or 1% raw linseed oil as sole carbon-based nutrient can result in a 
similar final total cell concentration.

Table 4. Median total cell concentrations of suspensions with initially 1% oil and a second oil supply and 
of the corresponding no-carbon suspensions during two time periods (Time > 2 days, Time ≥ 7 days). 
CI =confidence interval.
Media Median total cell 

concentration 
Time > 2 (cells 
ml-1) 

95% CI 
lower

95% CI 
upper

Median total cell 
concentration 
Time ≥ 7 (cells 
ml-1) 

95% CI 
lower

95% CI 
upper

No-carbon C (media 10) 9.5E+05 8.1E+05 1.1E+06 9.4E+05 7.8E+05 1.1E+06
Raw linseed C (media 3) 1.3E+08 1.1E+08 1.5E+08 1.3E+08 1.0E+08 1.5E+08
Olive oil  C(media 4) 1.1E+08 9.0E+07 1.3E+08 9.3E+07 7.7E+07 1.1E+08
Stand linseed oil C (media 5) 4.6E+07 3.9E+07 5.4E+07 5.2E+07 4.3E+07 6.3E+07
Raw linseed D (media 3) 2.0E+08 1.7E+08 2.3E+08 2.0E+08 1.6E+08 2.5E+08
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Figure 5. Cell concentrations of A. melanogenum (isolate CBS 140241) in liquid media with raw linseed 
oil, olive oil or stand linseed oil as sole carbon source during shake flask cultivation up to 12 days. The 
initial amount of oil was 1% (w/v). At day 6 a second amount of oil (approx. 1% w/v) was added. A counting 
chamber was used to determine the cell concentrations. Each data point represents the average of three 
suspensions. Error bars denote the SD. For some points, the error bars were shorter than the height of 
the symbol.

Table 5. The ANOVA test results of the comparison of median total cell concentrations and CFU 
concentrations between different media, including media with 1% oil and a second oil addition (media 
3-5) and media without additional carbon (media 10).
Media P  

comparison 
total cell 

concentration 
Time > 2 

P  
comparison 

total cell 
concentration 

Time ≥ 7

P  
comparison 

CFU 
concentration 

Time > 2

P 
comparison CFU 

concentration 
Time ≥ 7 

No-carbon C, raw linseed oil C < 0.001 < 0.001 < 0.001 < 0.001
No-carbon C, olive oil C < 0.001 < 0.001 < 0.001 < 0.001
No-carbon C, stand linseed oil C < 0.001 < 0.001 < 0.001 < 0.001
No-carbon C, raw linseed oil D < 0.001 < 0.001 - -
Raw linseed oil C, olive oil C < 0.001 < 0.001 < 0.001 < 0.001
Raw linseed oil C, stand linseed oil C < 0.001 < 0.001 < 0.001 < 0.001
Raw linseed oil C, raw linseed oil D < 0.001 0.031 - -
Olive oil C, stand linseed oil C < 0.001 < 0.001 < 0.001 0.002
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Figure 6. CFU concentrations of A. melanogenum (isolate CBS 140241) in liquid media with raw linseed 
oil, olive oil or stand linseed oil as sole carbon source during shake flask cultivation (set C). The initial 
amount of oil was 1% (w/v). At day 6 a second amount of oil (approx. 1% w/v) was added. MEA plates 
were used to grow the fungal colonies. Each data point represents the average of three suspensions. 
Error bars denote the SD. For some points, the error bars were shorter than the height of the symbol.

Figure 7. Total cell concentrations of A. melanogenum (isolate CBS 140241) in cultures of liquid media 
with 0.2% or 1% glucose as sole carbon-based nutrient. A counting chamber was used to determine the 
cell concentrations. Each data point represents the average of three suspensions. Error bars denote the 
SD. For some points, the error bars were shorter than the height of the symbol.
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Growth in suspensions with an initial amount of 0.02% oil and second oil supply

The raw linseed oil suspensions with an initial amount of 0.02% showed an increase in total cell 
concentration in the first days of incubation and after the second oil supply (Fig. 8). In contrast, the total 
cell concentration of the no-carbon suspension showed similar cell concentrations during incubation (fig. 
8). The total median cell concentration of the measurements of the no-carbon suspensions at day 0 till 6 
were significantly similar to day 9 till 13 (P = 0.266). 

The median total cell concentration of the measurements at day 2, 5 and 6 of set F of the 0.02% raw 
linseed oil suspensions, so before the extra oil addition, was significantly higher than the median concentration 
of the corresponding no-carbon suspensions (Table 7, P < 0.001). After the extra oil addition to the 0.02% 
raw linseed oil suspensions of set F, the median total cell (Table 7) was significantly higher than before the 
extra oil addition (P < 0.001). Samples of the 0.02% raw linseed oil suspensions of set G also showed a 
significantly higher cell concentration after the extra oil addition than before (Table 7, P < 0.001). 

Both sets revealed that the increase after the second oil addition was higher compared to the first 
increase in terms of absolute numbers of total cell concentration, but lower in relative numbers. For 
example, the difference in total cell concentration of set G between the median of measurements after 
the second oil supply (day 11, 12 and 14) and just before the second oil supply is higher (6.3 x 107 cells 
ml-1) than the difference between the median of measurements just before the second oil supply (day 5, 6, 
6.3 and 8) and the median of measurements at the start (1.0 x 107 cells ml-1). In addition, the ratio of the 

Table 6. Median CFU concentrations of suspensions with initially 1% oil and a second oil supply and of 
the corresponding no-carbon suspensions during two time periods (Time > 2 days, Time ≥ 7 days). CI 
= confidence interval.
Media Median CFU 

concentration 
Time > 2 (CFU’s 

ml-1)

95% CI 
lower

95% CI 
upper

Median CFU 
concentration 

Time ≥ 7 
(CFU’s ml-1)

95% CI 
lower

95% CI 
upper

No-carbon C (media 10) 3.8E+05 3.6E+05 4.1E+05 4.0E+05 3.6E+05 4.3E+05
Raw linseed C (media 3) 5.2E+07 4.9E+07 5.6E+07 7.2E+07 6.6E+07 7.9E+07
Olive oil C(media 4) 3.1E+07 2.9E+07 3.4E+07 2.8E+07 2.6E+07 3.1E+07
Stand linseed oil C (media 5) 1.9E+07 1.8E+07 2.0E+07 2.3E+07 2.1E+07 2.5E+07

Table 7. Median total cell concentrations of A. melanogenum in the suspensions with an initial amount 
of 0.02% oil and second oil supply (media 9) and the reference media without carbon (media 10) during 
incubation and the statistical data obtained (CI =confidence interval, -  = not applicable).
Media Measurements 

included in 
median total cell 
concentr. before 

extra oil (day)

Median cell 
conc. before 

extra oil 
(cells ml-1)

95% CI 
lower

95% CI 
upper

Median 
cell conc. 
after extra 
oil (cells 

ml-1)

95% CI 
lower

95% CI 
upper

No-carbon F (media 10) 2, 5, 6 8.8E+05 7.4E+05 1.1E+06  -  -  -
Raw linseed F (media 9) 2, 5, 6 1.3E+07 1.1E+07 1.6E+07 7.4E+07 6.2E+07 8.8E+07
Raw linseed G (media 9) 5, 6, 6.3, 8 1.1E+07 9.4E+06 1.4E+07 7.5E+07 9.4E+07 5.5E-30
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median total cell concentration after the second oil supply versus just before the second oil supply (6.5) 
was lower than the ratio of the median total cell concentration just before the second oil supply versus at 
the start of the test (1.1 x 101).

Nile-red staining of cultivated cells

Staining of the cultivated cells with Nile-red revealed the presence of fatty acids inside the cells of 
suspensions that initially contained 1% vegetable oil (Fig. 9). In suspensions with olive and raw linseed 
oil, red coloured round shaped dots were observed at each selected time point during the first 8 days of 
incubation (starting at day 1). In suspensions supplemented with stand linseed oil red dots inside the cells 
were recognized after two days of incubation. In suspensions with glucose as carbon source or without 
carbon intracellular red dots were absent. Red coloured halos were present around cells of each type of 
suspension.

DISCUSSION

Restrictions of the test results

In this study a batch cultivation method was used to grow A. melanogenum. When using other setups the 
growth conditions, for example the amount of oxygen or distribution of cells, might be different. This can 
influence the growth behaviour of a fungal population (Rahman et al. 1998, Jafari et al. 2007). Therefore, 
conclusions that are obtained from the growth results in this paper are related to the specific cultivation 
method used in this study. 

Figure 8. The development of A. melanogenum cell concentrations in time of suspensions with 0.02% 
initial raw linseed oil and a second carbon source addition of 0.2 w/v% at day 8 (set F). The suspensions 
without carbon had no oil addition at day 8. Each data point represents the average of concentrations 
measured in three suspensions. Error bars denote the SD. For some points, the error bars were shorter 
than the height of the symbol.
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In this study the final or stationary growth phase of different types of oil suspension are compared. 

It  provides information on the use of vegetable as carbon and energy for the growth of the biofinish-
inhabiting fungus A. melanogenum. It also shows effects of the oil type and the amount of oil on the cell 
yield of A. melanogenum. Increasing the number of measurements performed on the oil suspensions in 
the first few days of incubation may allow the use of biological growth curves (Zwietering et al. 1990). This 
can provide a scientific backing for the data points that are included in a stationary growth phase. Also, 
variables such as lag time, maximal growth rate and moment of maximal growth, could provide additional 
information on the effect of the oil type and the amount of oil on the cell yield of A. melanogenum when 
cultivated with a vegetable oil as a sole carbon-based nutrient.

Effect of different concentrations of oil on fungal growth

Fungal growth requires an organic carbon-based nutrient together with several other elements such as 
water, nitrogen and trace metals (Griffin 1994, Deacon 2006). Glucose is a commonly used carbon and 
energy source (Griffin 1994). The glucose suspensions in this study showed fungal population growth, 
which could be related to the presence of glucose and more specifically to the amount of glucose (Fig. 7). In 
all the tested oil suspensions the vegetable oils were the only carbon-based nutrients present in the media. 
The median final concentration of the 1% glucose suspensions were similar to the 1% raw linseed oil 

12 
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Figure 10: A. melanogenum cells from various suspensions stained with Nile Red: A. 0.2 % glucose 397 
suspension; B. 1% glucose suspension; C. No-carbon suspension; D. 1% Linseed oil suspension; E. 1% 398 
Olive oil suspension; F. 1% Stand linseed oil suspension. Red coloured halos are present around cells 399 
of each type of suspension. Red dots inside cells show intracellular clusters of fatty acids (examples 400 
are marked by an arrow). Scale bar = 10 µm. 401 

  402 

Figure 9. A. melanogenum cells from various suspensions stained with Nile Red: A. 0.2% glucose 
suspension; B. 1% glucose suspension; C. No-carbon suspension; D. 1% Linseed oil suspension; E. 1% 
Olive oil suspension; F. 1% Stand linseed oil suspension. Red coloured halos are present around cells 
of each type of suspension. Red dots inside cells show intracellular clusters of fatty acids (examples are 
marked by an arrow). Scale bar = 10 µm.
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suspensions (set A). This raises the question if the same mechanism, namely providing utilizable sources 
of carbon and energy, plays a role.

The suspensions without a carbon-based nutrient showed, in general, a similar level of the total 
cell concentration during incubation. No clear gradual increase nor gradual decrease of the total cell 
concentration in time was observed for the no-carbon suspension of set B, C and F. Only an incidental 
increase of total cell concentration was measured in the no-carbon suspensions of set C (day 2), but 
this increase is not confirmed by the CFU data (Fig. 5, Fig. 6). However, looking at the results of the 
no-carbon suspension set A (Fig. 1, Table 2), a significant increase in total cell concentration appeared 
in the first 14 days of incubation. The CFU concentration data of this suspension set also showed an 
increase in time. This could be either caused by measuring errors or it indicates that cell production 
has occurred without the obvious presence of a carbon-based nutrient in the provided media. Fungal 
cell division or sporulation in media, where carbon-based nutrients appear to be non-existent, has been 
mentioned in other studies (Parkinson et al. 1989, Wainwright 2005, Segers et al. 2017). However, it 
should be noted that it is unknown and, with respect to the general requirements for fungal growth, 
unlikely that cell production in media without carbon-based nutrients is related to an increase in biomass 
of the fungal population. 

The different initial oil concentrations used had an effect on the fungal growth. The oil suspensions 
with 1% and 0.02% oil all showed an increase of total cells concentration, followed by a stationary phase. 
A stationary phase is generally caused by the lack of an essential nutrient or the accumulation of toxic 
compounds (Mazzoleni et al. 2015). The stationary median total cell concentration of the measurements 
performed on the oil suspensions related to the initial oil amount of 1% was at least 108 cells ml-1. These 
cell densities are within the range of yeast cell densities that can be grown under typical experimental 
conditions (Bath 2008). As to why the 1% raw linseed oil suspensions of set B had a higher final total 
cell concentration compared to the 1% raw linseed oil suspensions of set A is unclear (Fig. 1-2, Table 2). 
Effects on the initial growth parameters due to different initial cell densities are mentioned in literature, 
but in these studies the total cell concentration of the suspension with different initial densities in the 
stationary phase is similar (Augustin et al. 2000, Zhang et al. 2010). Nevertheless the initial amount of 
0.02% raw linseed oil clearly resulted in a lower median stationary total cell concentration than when an 
initial amount of 1% oil was used. The results show that the final level of total cell concentrations depends 
on the concentration of oil used at the start of the batch cultivation. 

The use of vegetable oils as carbon and energy source by A. melanogenum is likely, because the 
tested vegetable oils contain carbon-based compounds which are known to be used for growth by various 
fungal species. For example, a carbon containing compound that is present in many vegetable oils is the 
long chain fatty acid named oleic acid. This acid is known to be used by several yeasts, e.g. Malassezia 
spp., Saccharomyces cerevisiae, Candida sp., and filamentous fungi e.g. Aspergillus Nidulans, Aspergillus 
Niger, Arthrobotrys oligospora (Han et al. 2002, Nazarro Porro et al. 1976, Radman & Soliman 1988, 
Sulter et al. 1990, Del Rio et al. 1990, Dijksterhuis et al. 1993, Maggio-Hall & Keller 2004, Trotter et 
al. 2005). Also, the compound glycerol is known to provide a carbon and energy source for the growth 
of many fungal species, e.g. Aspergillus Nidulans, Candida species, Cryptococcus curvatus, Fusarium 
Oxysporum, Pichia membranifaciens, Saccharomyces cerevisiae, and oleaginous fungi formerly classified 
in the class Zygomycetes (Castro & Loureiro-Dias 1991, Hondmann et al. 1991, Meesters 1996, Holst 
et al. 2000, Chatzifragkou et al. 2011, Fabiszewska et al. 2014, Hao et al. 2015). However, not all of the 
carbon containing compounds might be easily freed from vegetable oil. For example, the use of glycerol 
for growth requires the full breakdown of the triglyceride or cross-linked triglycerides that are present in 
oil. Aureobasidium isolates, including an A. melanogenum isolate, are known to produce extracellular 
lipases (Kudanga et al. 2007, Liu et al. 2008, Leathers et al. 2013, Wongwatanapaiboon et al. 2016), but 
they might not be able to break down all types of triglycerides because lipases act chemo-specific and 
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region-specific. Also, triglyceride networks of cross-linked triglycerides might inhibit binding and activity of 
lipases (Shogren et al. 2004).

The accumulation of fatty acids in A. melanogenum cells of the oil containing suspensions (Fig. 9) 
indicates the uptake of fatty acids derived from oil present in the growth medium. The accumulated 
intracellular fatty acids are expected to be derived from the extracellular oil. First of all, it is likely that A. 
melanogenum has a fatty acid uptake and transport mechanism like other well studied fungal species, 
e.g. Aspergillus Nidulans, Cryptococcus neoformans, Saccharomyces cerevisiae and Yarrowia lipolytica 
(Black & DiRusso 2003, Kretschmer et al. 2012, Dulermo et al. 2015). Secondly, free fatty acids are 
present in the surroundings of the cells. Not only a low amount of FFA is present in vegetable oils, but 
the A. melanogenum cells might also increase the amount of FFA in the oil suspensions. As mentioned 
before Aureobasidium is known to produce lipases, which may stimulate the breakdown of triglycerides 
in an oil containing suspension into FFA. Thirdly, the production of intracellular oil without the use of 
any extracellular oil from the media is unlikely. Several Aureobasidium strains are known to produce 
intracellular oil when grown in an oil-free medium (Manitchotpisit et al. 2011, Wang et al. 2014). In the 
study of Wang et al. 2014 the production of intracellular lipids in an A. melanogenum strain is related 
to the amount of carbon-based nutrient that is present in the medium. An A. melanogenum strain that 
was considered to have a small amount of intracellular lipid particles still had an oil content of more than 
30 g per 100g of cell dry weight. In this study the A. melanogenum strain (CBS 140241) showed small 
intracellular lipid particles in the cells that were cultivated with oil, but it did not show intracellular fatty acid 
accumulation during cultivation in the oil-free media (Fig. 9). Theoretically the presence of extracellular oil 
might stimulate cells to produce intracellular lipids, but it seems unlikely that A. melanogenum can supply 
itself with carbon-based nutrients that enables growth of cells and the production of intracellular fatty acid 
without the use of carbon-based nutrients that were supplied to the medium.

The demonstration of oil-related acceleration in population growth and accumulation of fatty acids in 
A. melanogenum cells indicates that the tested olive oil, raw linseed oil and stand linseed oil provide a 
carbon and energy for the growth of the biofinish-inhabiting fungus in shake flaks cultivation. The finding 
of oil-related A. melanogenum growth when using raw linseed or olive oil as carbon-based nutrient is in 
line with the findings of Peeters et al. (2018). Although the methods to demonstrate growth differed, it 
indicates that various types of raw linseed oil or olive oil are suitable sources of carbon and energy for A. 
melanogenum. To our knowledge, stand linseed oil has not been tested as carbon and energy source for 
A. melanogenum before. Therefore, the conclusion that stand linseed oil provides carbon and energy for 
A. melanogenum is restricted to the specific stand linseed oil that was used in this study. 

Differences in total cell versus CFU concentration

The median CFU concentrations of the oil suspensions was lower than the corresponding total cell 
concentrations. This difference can be attributed to the fact that total cell counts include dead cells and 
viable cells, while CFU counts only reveal the colony forming ability of viable cells. In addition, the CFU 
counts are an estimate of the viable cells, because some CFU will represent a budding cell or agglomerated 
singles cells and not a well separated single cells (Sutton 2012). Manual CFU counts and total cell counts 
are both known for their high inherent error (Sutton 2012, Prescott 1975). These methods are subjected to 
variety of random error including, sampling, dilution and technician counting errors (Sutton 2012, Prescott 
1975). It explains why the SD of the measured total cell and CFU concentrations at a single time point 
were frequently in the same order of magnitude as the median cell concentration. 

More distinct fluctuations were observed in the CFU concentrations along the time line of the incubated 
oil suspensions than in the corresponding total cell concentrations (Fig. 1, 3, 5 and 6). For example, the 
raw linseed oil suspension of set A showed a drop of CFU concentration at day 8, which significantly 
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differed from the other data points (Fig. 3). In addition, the stand linseed oil suspension showed a lower 
median CFU concentration at day 5 than at day 2, while the corresponding total cell counts had a similar 
concentration at these two time points. These fluctuations in CFU concentration can be attributed to an 
actual fluctuation in viable cells, but are more likely related to the high measuring error of this method.   

Effect of second oil addition on fungal growth

Not all second oil additions showed an effect on the A. melanogenum growth in batch cultivation. In the 
case of the suspension with initially 1% the olive and raw linseed oil and a second oil supply, a second 
oil increase of the total cell concentration was absent. This suggests that the oil present in the 1% oil 
suspensions is not a limiting growth factor. The significant increase after the second oil addition in CFU 
concentration of the initially 1% raw linseed oil suspensions lowers the credibility of this assumption, but 
the significant decrease in CFU concentration of the olive oil suspensions after the second oil supply 
indicates that the CFU method might not be very accurate.

In contrast to the suspension with initially 1% the olive and raw linseed oil and a second oil supply, two 
stationary phases were observed in the total cell and CFU data of the stand linseed oil suspensions. The 
first stationary phase is assumed to be caused by a shortage of a consumable carbon and energy source, 
as both the cell and CFU concentration showed a further increase after the second oil supply. Probably 
the second stationary phase is caused by a limiting growth factor, other than the amount of oil available.

In the case of the 0.02% raw linseed oil suspensions a second increase in total cell concentration 
occurred due to the second oil addition. This suggests that the first stationary phase is caused by a 
limitation in the amount of raw linseed oil available. It is unclear if the second stationary phase (final total 
cell concentration) is induced by the lack of raw linseed oil, by the lack of another essential nutrient or the 
accumulation of toxic compounds.

The effect of different carbon-based nutrients on the cell yield of A. melanogenum

A clear effect between the use of olive and raw linseed oil on the total cell yield in 1% oil suspensions is 
absent. The use of 1% raw linseed oil and olive oil as sole carbon-based nutrient revealed similar final 
total cell concentrations. This conclusion is based on the results of the 1% raw linseed suspensions of set 
A and of the 1% oil suspensions with a second oil addition of set C (Fig. 1, Table 2, Fig. 5). It is unclear if 
the use of 1% raw linseed oil and olive oil as sole carbon-based nutrient revealed similar final viable cell 
concentration. The viable cell concentration in this study was estimated by a CFU counting method. The 
median CFU concentration of all data points measured in the raw linseed oil suspensions with 1% oil at the 
start of the test was significantly different compared to the olive oil suspensions. However, this measured 
difference might be explained by the inaccuracy of the selected method. In the 1% oil suspensions (media 
1, 2) the median CFU concentration of the raw linseed oil suspensions is significantly lower than the olive 
oil suspensions due to a drop in CFU concentration at day 8. In contrast, the initially 1% oil suspensions 
with a second oil addition show a higher median CFU concentration of measurements performed before 
the second oil addition for the raw linseed oil suspensions than for the olive oil suspensions. Again, the 
difference is due to a drop in CFU concentration at a single time point (day 6). 

The absence of a clear effect between the use of olive and raw linseed oil in 1% oil suspensions 
might be explained by the absence of information on the initial growth behaviour and the high amount of 
oil in the tested media. At first, the absence of a clear difference in the total cell yield of the 1% olive and 
raw linseed oil suspensions is surprising. For one thing, fungi are known to grow differently due to the 
use of different carbon sources (Yang et al. 2000, Sati et al. 2006, Benoit et al. 2012, Vasylkowska et al. 
2015). In addition, lipases in the A. melanogenum suspensions are suspected to free different amounts 
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of potentially utilisable fatty acids and glycerol compounds when using different oil types, because 
substrate-specific activities of fungal lipases are common (Song et al. 2008, Supakdamrongkul et al. 
2010, Dheeman et al. 2011, Avelar et al. 2013). However, comparing the final total cell concentration 
(stationary phase) of suspensions that are cultivated in conditions where the limiting growth factor is 
something other than the carbon-based nutrient is probably a poor method to find differences between 
oil types. Parameters that can be obtained from the initial growth phase when sufficient data points are 
present, such as maximal growth rate, are more likely to be different in this type of growth conditions 
(Naher et al. 2008).

The total cell and CFU results indicated that in the case of an equal initial oil concentration stand 
linseed oil provides less carbon and energy for A. melanogenum growth than olive and raw linseed oil. 
The stand linseed oil suspension reached a stationary phase of total cell concentration due to the use of 
the initial 1% oil earlier in time than the raw linseed oil olive oil suspensions, and revealed a lower final 
total and viable cell concentration (Fig. 5, Table 4-6). The assumed shortage of a consumable carbon and 
energy source in the case of stand linseed oil could be explained by the degree of cross-linking. Stand 
linseed oil has a higher degree of cross-linked triglycerides than raw linseed and olive oil (Zovi et al. 2010) 
and cross-linking can influence the growth of A. melanogenum on oil (Peeters et al. 2018). The lipases 
produced by A. melanogenum might be unable to act on big molecules of cross-linked triglycerides. Other 
enzymes are probably needed as well to breakdown these big molecules, which might not be produced 
by A. melanogenum.  

Recommendations

The use of fluorescence-activated cell sorting (Veal et al. 2000) or other automated cell counting 
methods is suggested for future research on Aureobasidium growth in batch cultivation, aiming for 
a decrease in the spread of future total cell counts. Alternatively, biomass measurements can be 
considered, but one should keep in mind that non-consumed oil products in the suspensions should 
be removed from the cells without altering the amount and quality of the cells (Papanikolaou et al. 
2001). Although the methods used in this study provided sufficient data to reveal that tested vegetable 
oils are a suitable carbon and energy source for growth of A. melanogenum in liquid cultivation, an 
accurate and easy count method is recommended for further research on the effect of different types 
of vegetable oils on the cell yield.

In addition, analyses of the type and amount of oil-derived compounds in the cultivated suspensions 
are recommended. Not only the residual oil-derived component in the medium should be analysed, 
but also the fatty acids in the cells. These analyses might provide a better insight into the oil-related 
parameters that might explain the differences in cell growth between different oil containing A. 
melanogenum suspensions.
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CONCLUSIONS 

The main conclusions of this thesis are:
•	 For the first time, a method for biofinish assessment on outdoor exposed wood has been 

developed (Chapter 2).
•	 Natural biofinishes did not form on untreated wood, however they did form on certain oil-treated 

wood, depending on the combination of wood species, oil type and outdoor exposure site (Chapter 
2, 3).

•	 The natural biofinishes on the oil-treated wood studied were composed of multiple fungal genera 
and species, always including Aureobasidium and A. melanogenum (Chapter 4-6).

•	 A. melanogenum can use the tested raw linseed, olive and stand linseed oil as a carbon and 
energy source for growth during batch cultivation (Chapter 7).

•	 The results indicated that in the case of equal initial oil concentration stand linseed oil provides 
less carbon and energy for A. melanogenum growth than olive and raw linseed oil (Chapter 7). 

Other key findings of this thesis are:
•	 Wood staining fungi revealed taxonomic novelties in Pezizomycotina: the new order 

Superstratomycetales and the new species Cyanodermella oleoligni (Chapter 6).
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OUTLOOK 

A full understanding of the fundamental principles and control mechanisms of biofinish formation on wood 
would stimulate the large-scale industrial application of biofinished wood. The results obtained during this 
PhD research contributed to the understanding of natural biofinish formation. However, several general 
research questions remain unanswered. In this section further research to build upon the findings of this 
thesis are recommended across three topics, described below.

Which characteristics of the oil, wood species and outdoor test site contribute to natural biofinish 
formation on oil-treated wood?

This work has demonstrated that some, but not all outdoor exposed oil-treated wood samples allowed natural 
biofinish formation on oil-treated wood (Chapter 2-3). The selected oil type was not the only factor involved, 
the research indicated that wood species and location of the outdoor test also have some effect on natural 
biofinish formation. Elaborated research is needed to understand why certain combinations of oil type, wood 
species, and outdoor location allowed biofinish formation. All the characteristics of the oil, wood species and 
outdoor test site that contribute to natural biofinish formation on oil-treated wood should be revealed.

First of all, the impact of outdoor environmental characteristics on natural biofinish formation on oil-
treated wood should be studied. Both physical (at a micro-scale) and biological characteristics should 
be included. In previous papers on the wood staining abilities of moulds, the effect of macro-climate 
characteristics were studied e.g. global irradiation or the temperature of outdoor air, but the findings did 
not show a constant significant effect of a single macro-climate characteristic (Creemers et al. 2002, 
Gobakken et al. 2010a, 2010b, Shirakawa et al. 2010). Instead of continuing the use of macro-climate 
characters for future research, it is recommended to study the effect of micro-climate conditions, such as 
the time (duration) of wetness on the wood surface. In addition, research investigating the potential effect 
of naturally occurring outdoor organisms in relation to wood staining and biofinish formation is lacking. 
Without identification and enumeration of the organisms that support or hinder biofinish formation, the 
biological conditions of the outdoor environment generally remain a black box. For example, the outdoor 
air is full of fungi, but the amount and species diversity is known to be highly variable in space and 
time. Therefore, it is recommended to study the biological conditions, such as the deposition of biofinish 
supporting fungi onto oil-treated wood at a selected site in time.

Secondly, it is recommended to study the effect of different substrates on biofinish formation in relation 
to physical properties of the selected vegetable oils and wood species. The physical properties tested 
should include the viscosity of the oil, the stickiness of the oil over time and the oil leaching abilities of the 
wood species. 

Thirdly, further work should investigate whether any relation between the effect of different substrates 
on biofinish formation and chemical characteristics of the tested vegetable oils exist. Examples of chemical 
characteristics of vegetable oils include the ability to cross-link and the amount of fatty acids with a single 
double bond. However, as vegetable oils are comprised of many chemical compounds, which may be 
difficult to precisely quantify, it is recommended in any further studies that single vegetable oil compounds 
(e.g. glycerol and triolein) are used alongside vegetable oils as an impregnation agent for wood. 

Which conditions in biofinishes on oil-treated wood determine the competitive advantage of 
Aureobasidium and other abundant biofinish taxa?

Revealing fungal compositions of natural biofinishes formed on outdoor exposed oil-treated wood is a 
first step to understand and control biofinish formation for industrial application. A next step should be to 
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understand why certain fungal taxa are present in biofinishes on oil-treated wood and why some taxa are 
predominant. This PhD thesis showed that it is hard to pinpoint which taxa were truly predominant, due 
to the variation in the compositions obtained with different methods (Chapter 4-5). Application of other 
techniques, such as PacBio sequencing which generates long read lengths, or adjustments of the recently 
used techniques, e.g. selecting another culture media, are likely to generate different results, because 
each step in the process of fungal community profiling is known to influence the outcome. Of course the 
discovery of a new technique that qualifies and quantifies fungal communities without any bias would 
be ideal. It would reduce the effort needed to understand the presence and predominance of different 
fungal taxa in biofinishes on wood. However, it is recommended, instead of doing more fungal profiling, 
future studies should focus on determining the competitive advantage of biofinish taxa that are detected 
in abundance with at least one of the fungal community profiling methods with respect to conditions that 
occur in biofinishes on oil-treated wood.

One of the climate conditions of outdoor exposed biofinishes on wood is the presence of ultra-violet 
(UV) light. Hydrophobic pigment biopolymers called melanins play a role in the protection against UV-
light (Pal et al. 2014, Sapmak et al. 2015). Dark pigmented Aureobasidium cultures and especially A. 
melanogenum strains are associated with the presence of melanin (Gadd 1980, Hernández & Evans 
2015). However, the results of Chapter 3 showed the presence of several other melanin producing fungi 
on weathered wood surfaces such as Cladosporium and Exophiala. Correlations between the amount 
of eumelanins, allomelanins and pheomelanins produced and the specific UV protection of each type of 
melanin needs to be investigated to understand the competitive advantage of Aureobasidium and other 
abundantly detected wood stain fungi. A melanin extraction method which is suitable for all types of melanin 
is required. Different types of melanin should be identified after analysis of the morphology and particle 
size distribution, for example with Scanning Electron Microscopy (SEM), and the chemical composition 
should be identified using techniques such as Energy dispersive X-ray Spectroscopy (Mbonyiryivuze et 
al. 2015) and electron paramagnetic resonance spectroscopy (Nosanchuk et al. 2015). In addition, the 
concentration of a fungal melanin solution needs to be determined properly, in order to determine its UV 
absorbance using spectrophotometry and the Beer-Lambert Law.

The water present at the surface of outdoor exposed oil-treated wood samples is another important 
environmental condition for the growth of biofinishes. All fungi need water to grow, but species behave 
differently under changing water conditions. At first sight, the surfaces of wood samples treated with 
oils seem to be dry, unless it rains. However, during this PhD research dew drops have been noticed 
frequently on the hydrophobic surfaces during outdoor exposure. Although a few fungal species 
including Aureobasidium sp. and Cladosporium spp. are known to survive periods of low relative 
humidity (Park 1982, Segers et al. 2016), fungal structures of Aureobasidium might benefit more than 
others from the considerably wet conditions. For example, this genus quickly formed visible colonies 
after inoculation of the biomass on MEA plates (water activity 0.99), while other genera needed more 
time to appear (data not shown). The water conditions on the surface of oil-treated wood samples that 
allow biofinish formation and the impact of different water conditions on growth of wood-inhabiting 
genera should be studied.

Furthermore, compounds originating from oil-treated wood that support or hinder fungi to grow during 
biofinish formation outdoors should be studied. For example, the use of vegetable oils as carbon source 
by A. melanogenum as shown in Chapter 7 suggests that the impregnated oil will support the growth 
of this species during biofinish formation. However, it is unknown how much of the impregnated oil is 
present at the oil-treated sample surface during biofinish formation. Also, it is unknown how much of 
these substrates are actually being consumed by A. melanogenum, since the use of oil and some of its 
derivatives is also known for species of other genera such as Exophiala and Malassezia (Satow et al. 
2008, Nazarro Porro et al. 1976, Velegraki et al. 2015). The use of Magnetic resonance imaging (MRI) is 
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recommended to reveal the oil dynamics at the wood sample surface during outdoor exposure. MRI was 
applied by Žlahtič et al. (2017) to study the penetration and distribution of oil in several wood species, and 
is currently used by K. Fillypovych at Eindhoven University of Technology to study biofinished wood. The 
development of a method that demonstrates the presence of liquid oil at the surface (e.g. using absorption 
paper in combination with a staining method) should also be considered. In addition, it is recommended 
to use a shake flask cultivation method to study the nutrient competition among a population existing of 
several yeast (-like) species. 

To which extent do carbon-based compounds present in raw linseed oil, olive and stand linseed 
oil provide a carbon and energy source for A. melanogenum growth?

The shake flask cultivation method used in Chapter 7 allowed growth of A. melanogenum in a controlled 
environment with three selected vegetables oils as the sole carbon and energy source. To understand the 
effect of the different tested oils on the cell yield and to predict the ability of other vegetable oils to provide 
carbon-based nutrients for A. melanogenum more research is needed. One of the subsequent research 
goals is to determine to which extent different compounds that are present in raw linseed oil, olive and 
stand linseed oil are used as a carbon and energy source for A. melanogenum growth. Several types of 
experiments are suggested below.

First of all, it is suggested to monitor cell growth when using single oil compounds of the tested oils as 
sole carbon-based nutrient for A. melanogenum. Oil is a complex substrate and many compounds have 
not been tested as carbon and energy source for A. melanogenum growth. Some compounds, such as 
highly reactive fatty acids, may prohibit growth (Ferreira et al. 2011, Shim et al. 2014). Preliminary tests 
(unpublished results) using the shake flask method together with total cell and CFU counts indicated 
that glycerol, oleic acid and linoleic acid do serve as a carbon and energy source for growth, while the 
highly reactive linolenic acid resulted in cell densities which were too low to be measured accurately. 
However, not all oil compounds are easily available or properly defined. Triglycerides glyceryl trioleate 
(triolein), a main compound of olive oil, seems to be one of the few long chain fatty acids that are readily 
available as a highly pure product (99%). Macromolecules derived from triglycerides are even more 
difficult to obtain in a pure product, often the characterisation of those molecules is already difficult. 
Collaboration with a chemist specialised in obtaining triglycerides in high purity and in characterising oil 
specific macromolecules is recommended. 

Secondly, it is recommended to study the activity of extracellular enzymes which are involved in the 
breakdown of carbon-based compounds present in oils. For example, the location and substrate specific 
activity of the lipases secreted by A. melanogneum, with respect to triglycerides and macromolecules 
derived from triglycerides, needs to be examined. A. melanogenum produces the enzyme lipase, which is 
involved in the breakdown of triglycerides into free fatty acids and glycerol (Treichel et al. 2010). However, 
the activity of a lipase is fatty acid and location specific (Gupta et al. 2003, Song et al. 2008). Stand 
linseed oil contains macromolecules derived from triglycerides, while raw linseed oil might have the ability 
to cross-link many triglycerides together when exposed to minimal media and oxygen during incubation. 
Thus far, it is unknown if lipases produced by A. melanogenum are still able to act on ester compounds 
of cross-linked fatty acids.

Thirdly, it is suggested to demonstrate the uptake of the different identified carbon-based nutrients into 
the cells and the subsequent metabolic pathways. This will confirm the use of nutrients and reveal if a 
nutrient is used to generate energy, building block and storage material. To demonstrate the uptake of a 
certain nutrient in the cells, fluorescent dyes that are able to stain specific group of compounds, e.g. Nile 
red (Chapter 7), can be used to stain cells or unconsumed nutrients in the nutrient enriched media. The 
use of chemical solvents and chemical analysis can also be considered. According to Papanikolaou et 
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al. (2002) biomass of cellular and unconsumed fatty acids in a shake flask suspension can be weighed 
and analysed with TLC and GCMS. To detect the metabolic pathways involved in the use of a specific 
nutrient, data mining and laboratorial experiments are needed. Collaboration with bioinformaticians is 
advised, enabling an enzyme screening of the available full genome sequence of an A. melanogenum 
strain (Gostinčar et al. 2014). Genes of A. melanogenum that code for enzymes, which seem to be 
involved in the degradation of a certain nutrient, should be knocked-out in the test strain. To verify that the 
enzymes are indeed involved, the growth of the transformed strains should be monitored in a media, with 
this nutrient as the sole carbon and energy source.
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SUMMARY

The formation of a dark pigmented homogenous fungal-based layer has been observed during outdoor 
exposure of wood blocks impregnated with vegetable oils. Fungi are typically associated with aesthetical 
and structural wood degradation, however dark pigmented fungi on oil-treated wood enable an innovative 
wood treatment with decorative and protective functionalities.  A fungal-based wood finish has advantages 
compared to traditional wood-coatings or chemical treatments in terms of sustainability and self-repair. 
Therefore, in a time of increasing concerns about resource depletion and environmental pollution, utilisation 
of a fungal-based wood finish is very welcome.  However, natural dark stain formation on oil-treated wood 
in outdoor conditions is poorly understood. Fundamental knowledge is needed to understand and control 
the formation of fungal-based wood finishes for industrial application. Gaining a deeper insight into the 
fungal composition of natural fungal-based wood finishes and the role of vegetable oil as a nutrient for 
fungal growth are the subjects of this thesis.

At the start of this study a coherent method to determine whether a natural dark stained wood surface 
qualifies as a biofinish or not was lacking. In order to develop a method which enables the determination of 
biofinishes on outdoor exposed wood, a biofinish definition was set and subsequently several measurement 
methods, relating to different biofinish characteristics, were tested (Chapter 2). The biofinish on wood 
was defined as: a dark pigmented layer, which covers a wood surface almost entirely without exposing 
underlying wood structures, contains abundant microbial mass and is irreversibly attached to the surface. 
The pigmentation of the surface measured with a spectrophotometer and the degree of stain covering 
analysed with macroscopic observations and stereomicroscopy turned out to be useful to discriminate 
a biofinish from spotted mould staining. Therefore, quantification of the darkness and analysis of the 
visual stain coverage were incorporated in a biofinish assessment. In conclusion, a method for biofinish 
assessment on outdoor exposed wood has been developed for the first time (Chapter 2).

To determine the effect of different wood species, oil types and exposure sites on the presence of natural 
biofinishes after outdoor exposure of oil-treated wood, the newly developed biofinish assessment was 
applied on different wood sample sets exposed at several exposure sites (Chapter 2, 3). The natural 
biofinish formation during outdoor exposure in the Netherlands on pine sapwood fully impregnated 
with raw linseed oil is proved to be a reproducible phenomenon. In addition, four other substrates were 
discovered that allow biofinish formation: wood samples made of spruce, pine sapwood and ilomba that 
were treated with olive oil and ilomba treated with raw linseed oil. The non-biofinish wood samples, such 
as the untreated and stand linseed oil-treated wood samples, all contained dark fungal stains, but did 
not meet the biofinish criteria. Biofinish formation was not limited to the test field in the Netherlands. 
Biofinishes were detected on wood samples at a selected site in Norway as well. But the sample set in 
Norway revealed less biofinishes than the sample set in the Netherlands after 15, 18 and 24 months of 
exposure (Chapter 3). This indicates that the difference in location of the outdoor test sites had some 
effect on biofinish formation. Overall, we conclude that natural biofinishes did not form on untreated wood, 
however it did form on certain oil-treated wood, depending on the combination of wood species, oil type 
and outdoor exposure site (Chapter 2, 3).

To determine the fungal taxa of natural biofinishes on oil-treated wood, several biofinishes and surfaces of 
non-biofinish samples have been analysed with different techniques (Chapter 4-6). The main conclusion 
drawn from this research on fungal taxa determination is that the natural biofinishes on the oil-treated 
wood studied were composed of multiple fungal genera and species, always including Aureobasidium 
and A. melanogenum (Chapter 4-6).
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To determine the fungal taxa on genus level a culture-based approach was used and two culture independent 
methods, namely the Sanger sequencing of cloned amplicons and Illumina amplicon sequencing. These 
methods revealed that natural biofinishes were composed of multiple fungal genera always containing 
the common wood staining mould Aureobasidium (Chapter 4). Moreover, the frequent predominance of 
Aureobasidium emphasises its mayor contribution to the biofinish. The contribution of other genera, such 
as Lapidomyces and the previously unknown genus Superstratomyces, to biofinish formation has to be 
considered, but is not recognized for all other detected wood inhibiting fungi.

The genus Superstratomyces had not been taxonomically classified at the start of this thesis, while it 
was predominantly detected by the cultivation-based approach in biofinishes of wood samples exposed 
in the Netherlands. This genus was revealed to be part of a new order in Pezizomycotina (Chapter 6). 
The taxonomic novelty was confirmed by phylogenetic analyses of multi-locus sequences (ITS, nrSSU, 
nrLSU, mitSSU, RPB1, RPB2, and EF-1α) using multiple reference data sets. This previously unknown 
genus is recognised as single genus within a new order (Superstratomycetales) potentially closely related 
to the family Trypetheliales (Dothideomycetes). Superstratomyces contains three putative species: S. 
flavomucosus, S. atroviridis, and S. albomucosus.

The culture-based study of the Aureobasidium community showed the common presence of A. 
melanogenum in natural biofinishes on oil-treated wood (Chapter 5). This fungal species was also 
commonly found on wood samples with non-biofinish staining. A. melanogenum was detected on wood 
samples exposed in the Netherlands, Cameroon, South Africa, Australia and Norway. Other Aureobasidium 
species were detected on the wood samples as well, including several potentially new species in the case 
of the non-biofinish samples. The results of the culture independent ITS-specific cloning method confirmed 
the results of the culturing-based method: A. melanogenum is predominant within the Aureobasidium 
population of biofinishes on samples made of pine sapwood treated with raw linseed oil and exposed in 
the Netherlands.

Following the studies on the fungal taxa of natural biofinishes, the effect of the use of vegetable oils 
as carbon-based nutrient on the growth of dark wood staining fungi was studied (Chapter 7). It is a 
fundamental step in unravelling the effects of vegetable oil on biofinish formation on oil-treated wood. A. 
melanogenum was cultivated in shake flasks with different types and amounts of carbon-based nutrients. 
The total cells and colony forming units (CFU’s) of the fungal suspensions were periodically quantified. 
Three vegetable oils that have been used to generate natural biofinishes (Chapter 2, 3) were selected as 
carbon-based nutrient. Oil-related total cell and CFU growth was demonstrated in suspensions with initially 
1% (w/v) raw linseed, stand linseed and olive oil. Oil-related total cell growth was also demonstrated with 
raw linseed oil, using an initial amount of 0.02% (w/v) and an extra oil addition during cultivation. The use 
of a Nile red staining method showed the accumulation of fatty acids inside cells that were grown in the 
presence of oil. In conclusion, A. melanogenum can use the tested raw linseed, olive and stand linseed 
oil as a carbon and energy source during batch cultivation. In addition, the results indicated that stand 
linseed oil provides less carbon and energy than olive and raw linseed oil, which might be caused by the 
high degree of cross-linked molecules in stand linseed oil.  
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SAMENVATTING

Op het oppervlak van houten blokjes geïmpregneerd met plantaardige oliën, kan een donker gepigmenteerde 
homogene laag met schimmels ontstaan. Zo’n laag vormt zich spontaan tijdens het blootstellen van 
een blokje aan weer en wind. Bij schimmels op hout wordt normaal gesproken gedacht aan houtrot en 
visuele degradatie, maar dat klopt niet in het geval van de donker gepigmenteerde schimmel op geolied 
hout. Dan noemen we het een biofinish. Deze schimmels zijn namelijk onderdeel van een innovatieve 
houtbehandeling met decoratieve en beschermende eigenschappen. Een biofinish voor hout op basis 
van schimmels heeft voordelen ten opzichte van traditionele houtcoatings of chemische behandelingen 
op het gebied van duurzaamheid (sustainability) en het zelfhelende vermogen van materialen. In een tijd 
waarin de bezorgdheid over de uitputting van grondstoffen en milieuvervuiling toeneemt, is het gebruik 
van een biofinish dan ook zeer welkom. Over het hoe en waarom er donkere vlekken ontstaan op geolied 
hout dat zich buiten bevindt weten we echter weinig. Fundamentele kennis is nodig om de vorming van 
biofinishes op hout te begrijpen en te controleren. Dit ten behoeve van industrieel gebruik van de biofinish. 
Het vergaren van inzicht in de schimmelsamenstelling van natuurlijke biofinishes op hout en de rol van 
plantaardige olie als nutriënt voor schimmelgroei, zijn het onderwerp van dit proefschrift.

Aan het begin van dit promotieonderzoek miste er een gedegen methode om vast te kunnen stellen 
of er op hout dat buiten heeft gelegen een biofinish zit of niet. De eerste stap in het ontwikkelen van zo’n 
methode was het vaststellen van een biofinish-definitie (Hoofdstuk 2). Vervolgens zijn een aantal methoden 
getest, die in potentie verschillende eigenschappen van een biofinish konden meten. De biofinish op 
hout was gedefinieerd als: een donker gepigmenteerde laag, die bijna geheel het houtoppervlak bedekt 
zonder dat de onderliggende houtstructuren zichtbaar zijn, die een overvloedige hoeveelheid microbiële 
massa bevat en die onomkeerbaar vast zit aan het oppervlak. De pigmentatie van het oppervlak, gemeten 
met een spectrophotometer, en de mate waarin de vlekvorming het oppervlak bedekt, geanalyseerd met 
macroscopische observaties en stereomicroscopie, waren bruikbaar voor het onderscheid tussen een 
biofinish en niet-homogene vlekvorming. Daarom zijn het kwantificeren van de donkerte en de analyse van 
de visuele bedekking van de vlekken opgenomen in de beoordelingsmethode. In dit promotieonderzoek is 
er dus voor het eerst een biofinish-assessment ontwikkeld om buiten geplaatst hout te beoordelen op de 
aanwezigheid van een biofinish (Hoofdstuk 2).

Om het effect van verschillende houtsoorten, types olie en testlocaties te bepalen op de vorming van een 
natuurlijk biofinish tijdens buitenplaatsing van geolied hout, is de nieuw ontwikkelde biofinish-assessment 
toegepast op verschillende sets met houten proefstukken (Hoofdstuk 2, 3). In deze studie is bewezen 
dat de natuurlijke vorming van een biofinish tijdens buitenplaatsing in Nederland op grenen spinthout 
behandeld met ruwe lijnolie een reproduceerbaar fenomeen is. Daarnaast zijn er vier andere substraten 
ontdekt waarop biofinishes kunnen ontstaan: vuren, grenen spinthout en ilomba behandeld met olijfolie 
en ilomba behandeld met ruwe lijnolie. De houten proefstukken zonder biofinish, zoals de onbehandelde 
en de met stand(lijn)olie behandelde proefstukken, hadden allemaal zwarte schimmelplekken, maar 
voldeden niet aan de criteria voor biofinish. Het ontstaan van een biofinish was niet voorbehouden aan 
het testveld in Nederland. Biofinishes waren ook aanwezig op houten proefstukken die buiten waren 
geplaatst in een testveld in Noorwegen. Echter, na 15, 18 en 24 maanden had de set met proefstukken 
in Noorwegen minder houten proefstukken met een biofinish dan de set in Nederland (Hoofdstuk 3). Dit 
impliceert dat het verschil in testlocatie een effect had op de vorming van biofinishes. Over het geheel 
gezien concluderen we dat natuurlijke biofinishes niet ontstonden op onbehandeld hout, maar, afhankelijk 
van de combinatie van houtsoort, olietype en testveld, wel op geolied hout (Hoofdstuk 2, 3). 

Om de schimmeltaxa die aanwezig zijn in natuurlijke biofinishes op geolied hout te bepalen, zijn 
verschillende houten proefstukken, zowel met als zonder biofinish, geanalyseerd met verschillende 
technieken (Hoofdstuk 4-6). De hoofdconclusie van het onderzoek naar de schimmeltaxa in biofinishes 
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is dat de onderzochte natuurlijke biofinishes op geolied hout bestonden uit meerdere schimmelgenera en 
-soorten, waarbij altijd Aureobasidium en A. melanogenum aanwezig was (Hoofdstuk 4-6).

Voor de analyse op genusniveau werd een methode gebruikt op basis van kweken en twee kweek-
onafhankelijk methodes, te weten het Sanger sequensen van gecloneerd DNA en het Illumina amplicon 
sequensen. Het gebruik van deze methodes onthulde dat natuurlijke biofinishes waren samengesteld 
uit verschillende schimmelgenera, maar altijd de bekende hout verkleurende schimmel Aureobasidium 
bevatten (Hoofdstuk 4). Bovendien benadrukt de frequente overheersing van Aureobasidium in biofinish 
kweken en biofinish DNA dat deze schimmel een grote bijdrage heeft aan de biofinish. De bijdrage van 
andere genera, zoals Lapidomyces en het voorheen onbekende genus Superstratomyces, moet in 
acht worden genomen. Dit is echter niet nodig voor alle houtschimmels die in deze promotiestudie zijn 
gevonden.

Het genus genaamd Superstratomyces was aan het begin van deze studie nog niet taxonomisch 
geclassificeerd, terwijl het één van de overheersende genera was binnen de gekweekte schimmels 
afkomstig van de biofinishes op de houten proefstukken. Onderzoek heeft aangetoond dat dit genus 
thuishoort in een nieuwe orde binnen de stam Ascomyceten en de onderstam Pezizomycotina (Hoofdstuk 
6). Phylogenetische analyses van multi-locus sequenties ((ITS, nrSSU, nrLSU, mitSSU, RPB1, RPB2, 
and EF-1α) van verschillende isolaten in combinatie met referentiedata bevestigen dit taxonomische 
nieuwtje. Dit voorheen onbekende genus is herkend als een alleenstaand genus binnen een nieuwe 
orde (Superstratomycetales), mogelijk nauw verwant aan de familie Trypetheliales (Dothideomycetes). 
Superstratomyces bevat drie vermeende soorten: S. flavomucosus, S. atroviridis en S. albomucosus.

De studie naar de gekweekte Aureobasidium isolaten liet zien dat Aureobasidium melanogenum 
veel voorkomend is in natuurlijke biofinishes op geolied hout (Hoofdstuk 5). Deze schimmelsoort was 
ook vaak geïsoleerd van donker verkleurde houten proefstukken zonder biofinish. Proefstukken waar A. 
melanogenum op zat waren niet alleen afkomstig van een testveld in Nederland, maar ook van  testvelden 
in Kameroen, Zuid-Afrika, Australië en Noorwegen. Ook andere Aureobasidium soorten zijn gevonden 
op de houten proefstukken, waaronder verschillende potentieel nieuwe soorten die afkomstig zijn van 
de proefstukken zonder biofinsh. De resultaten van de kweek-onafhankelijk methode die gebruikmaakt 
van het klonen van het specifiek stuk DNA genaamd ITS, bevestigden de resultaten van de methode op 
basis van kweken: Aureobasidium melanogenum overheerste binnen de Aureobasidium populatie van 
biofinishes die zijn ontstaan op proefstukken, gemaakt van grenen spinthout, behandeld met ruwe lijnolie 
en buitengeplaatst in Nederland.

Aansluitend op het onderzoek naar de schimmeltaxa in biofinises, is het effect van het gebruik van 
plantaardige oliën als koolstof- en energiebron op de groei van A. melanogenum onderzocht (Hoofdstuk 
7). Dit is een fundamentele stap in het ontrafelen van de effecten van plantaardige olie op de vorming van 
biofinishes op geolied hout. Periodiek werd de concentratie van de totale cellen en de kolonievormende 
eenheden (CFU) bepaald van A. melanogenum suspensies in erlenmeyers, die werden gekweekt met 
verschillende soorten en hoeveelheden koolstofhoudende nutriënten. Drie plantaardige oliën, die eerder 
waren toegepast voor het onderzoek naar het ontstaan van biofinishes op geolied hout (Hoofdstuk 2, 
3), werden gebruikt als koolstofhoudende nutriënt. Suspensies, die initieel 1% ruwe lijn-, stand(lijn)- of 
olijfolie bevatten, hadden een totale cel- en CFU-groei die gerelateerd was aan de aanwezigheid van olie. 
Olie-gerelateerde groei van het totale aantal cellen werd ook vastgesteld in suspensies met ruwe lijnolie, 
waarbij een initiële hoeveelheid van 0.02% was gebruikt en extra olie werd toegevoegd tijdens incubatie. 
Tevens is met behulp van een Nile-red kleuring aangetoond dat vetzuren worden opgehoopt in de cellen, 
die werden gekweekt in aanwezigheid van olie. Geconcludeerd kan worden dat A. melanogenum de 
geteste ruwe lijnolie, olijfolie en stand(lijn)olie kan gebruiken als bron van koolstof en energie voor groei in 
erlenmeyers. Daarnaast geven de resultaten aan dat stand(lijn)olie minder koolstof en energie verschaft 
dan olijf- en lijnolie.
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